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Approximately 82% of fixed carbon present in living biomass is found in terrestrial plants of 

which an estimated 70% exists in the secondary cell wall (SCW) of vascular plants. The SCW, 

comprised of cellulose, hemicellulose and lignin, serves as the main source of lignocellulosic 

biomass, a renewable feedstock for timber, paper, pulp, biomaterials and biofuel production. 

Lignin comprises about 15 to 36% of the dry weight of wood making it one of the most 

abundantly found natural polymers on earth. Lignin is made up of three major monolignols, 

namely p-coumaryl, coniferyl and sinapyl alcohols. Its composition, structure and quantity all 

impact recalcitrance to industrial processing and saccharification, making it an important 

research target for industrial applications.  

Although research into the molecular regulation of lignin synthesis has greatly advanced in the 

last 20 years, the role and regulation of organelles in carbon allocation between polysaccharides 

and lignin during xylogenesis has received far less attention. This is despite the fact that plastids 

are the exclusive sites of the pentose phosphate pathway (PPP) and the shikimate pathway. The 

PPP is responsible for the production of erythrose 4-phosphate (E4P) catalysed by the plastid-

localised enzymes transketolase (TK) and/or transaldolase (TAL). E4P, combined with 
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phosphoenolpyruvate (PEP) from glycolysis, feed into the shikimate pathway which produces 

chorismate, the precursor of the aromatic amino acids (AAA) such as phenylalanine (Phe) and 

many aromatic secondary metabolites. Phe is used by the phenylpropanoid pathway for 

monolignol and ultimately lignin formation. Plastids also play a crucial role in regulating the 

plant’s carbon budget by acting as sites for starch biosynthesis for energy storage and as reserves 

for growth, development and response to stress. Recent study of organellar biology in Eucalyptus 

xylem tissue has shown that not only are plastid targeted (i.e. nuclear-encoded) genes 

preferentially co-regulated with distinct phases of xylogenesis; plastidial gene expression itself is 

also uniquely regulated during xylogenesis and may play a distinct role in facilitating carbon 

partitioning for cell wall biosynthesis. This data supports the notion of a new plastid type, 

specific to secondary xylem formation, namely the xyloplast.  

This MSc study aimed to gain deeper insights into the ultrastructural changes that may 

accompany chloroplast differentiation into xyloplasts during SCW formation. A 

VND7(Vascular-related NAC domain 7)-inducible system in Arabidopsis was used, for which 

transcriptomic and some metabolomic data is publicly available. In the VND7 system, most cells 

in Arabidopsis plants differentiate into xylem vessel elements upon induction, resulting in SCW 

deposition. Using this system, SCW formation was induced to characterise changes in plastid 

ultrastructure at different time points after induction using transmission electron microscopy. 

This study provided novel insight into some of the major transitional steps involved in the 

conversion of chloroplasts to xyloplasts. The findings revealed that SCW induction resulted in 

major ultrastructural changes in chloroplasts, with an intermediate morphology typical of plastid 

interconversion. Integration of morphology and gene expression analysis showed that plastid 

differentiation is accompanied by rapid Phe synthesis and plastid degradation plays a key role in 

making Phe available for the monolignol biosynthetic pathway. These findings shed insight on 

vascular plant development and evolution, and pave the way for advanced biotechnological 

applications in engineering biomass crops. 
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Preface 

The plant SCW provides mechanical strength and rigidity for the upright growth of vascular 

plants. In addition to this, it also reinforces tracheary elements and channels for long-distance 

transport of water in xylem. The predominant constituents of the SCW are lignin, cellulose, and 

hemicellulose which form the bulk of the plant’s woody biomass – an abundant, sustainable 

resource for the bio-based economy. However, one of the major reasons for the untapped 

potential of woody biomass is the recalcitrance of highly lignified tissue to industrial processing, 

with the removal of lignin playing a major role. In addition to fixing carbon through 

photosynthesis, plastids found in vascular plants are also involved in the mass production of 

aromatic amino acids needed for monolignol biosynthesis in woody tissues – which accounts for 

~57% of total global carbon in living biomass. In South Africa, following the acceptance of the 

Long Term Mitigation Scenarios (LTMS), a solution to carbon constraints is needed and in order 

to maximize the yield of woody biomass, it is important to gain a holistic understanding of wood 

formation as a process.    

Approximately 30% of woody cell wall biomass is comprised of lignin which makes it an 

important component of the SCW and a major carbon sink. Lignin is a phenolic heteropolymer 

formed through the polymerization of monolignols, which are synthesized through the 

phenylpropanoid biosynthesis pathway. In dicots, the carbon skeleton precursor for 

phenylpropanoid synthesis is provided by the aromatic amino acid – Phe – which is synthesized 

by the plastid-localized shikimate pathway, along with tyrosine (Tyr) and tryptophan (Trp). 

Other compounds formed from the end products of the shikimate pathway include flavonoids, 

alkaloids, indole glucosinolates and hydroxycinnamic acids. Phosphoenolpyruvate (PEP) - 

generated during glycolysis - and erythrose 4-phosphate (E4P) - synthesized by the pentose 

phosphate pathway - act as precursors for the shikimate pathway. The shikimate pathway 

therefore plays a critical role in carbon partitioning, as it irreversibly shunts carbon from sugars 

which can be used as precursors for cellulose, hemicellulose or pectin to phenolic biopolymers, 

such as lignin. This emphasizes the key role that is played by plastids and their metabolism 

during lignin formation, a topic that has historically been ignored in studies of plant secondary 

growth.  
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Plastids are a unique group of organelles that arose from a single endosymbiotic event in 

eukaryotes. In vascular plants especially, plastids can interconvert between different types of 

varying morphologies and functions. Although the most commonly studied plastid is the 

chloroplast, many non-photosynthetic plastid types which are highly integrated with specialised 

cellular metabolism have evolved in this lineage. These plastids have distinct functions and play 

key roles in plant developmental processes. One such recently proposed plastid is the xyloplast, 

which plays a key role in providing Phe for lignin synthesis in woody tissues during xylogenesis. 

This finding is supported by the unique transcriptional regulation of nuclear-encoded as well as 

plastidial-encoded proteins and metabolism coordinated with wood formation in Eucalyptus. 

In addition to their specialised metabolic functions, distinct plastid types are largely defined by 

their unique morphological characteristics. The aim of this study was to obtain a broader 

understanding of the plastid ultrastructural dynamics that accompany the carbon shunt to 

phenylalanine and monolignol synthesis in developing xylem, to broaden current knowledge of 

organellar biology during secondary growth. One of the major drawbacks to studying xylem is 

the complexity of the SCW in trees. To overcome this, we used a post-translational induction 

system of VND7 (master regulator of xylem vessel differentiation) in Arabidopsis to study SCW 

formation at different time points. Transmission electron microscopy analysis of trans-

differentiating Arabidopsis leaves revealed an amoeboid plastid, which is commonly seen during 

plastid interconversion, followed by plastids with unique morphology. Using publicly available 

transcriptomic and metabolic data of the VND7 system, this study also highlighted the link 

between changes in plastid morphology and carbon partitioning towards the synthesis of SCW 

phenolic constituents, emphasizing plastid structure-function relationship. This study provides 

considerable insight into plastid ontogeny and ultrastructure in xylem as well as further evidence 

for the existence of a distinct plastid derivative — the ‘xyloplast’ in developing xylem. 

These findings provide insight into vascular plant development and evolution which, in the 

future, can be applied to advanced biotechnological applications in engineering biomass crops. 

These results highlight the importance of understanding plastid function in secondary growth in 

order to further model xylogenesis and identify targets to optimize carbon allocation and 

partitioning. 
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The dissertation is structured as follows:  

Chapter 1 is a literature review which comprehensively covers organellar biology which 

includes the origin of plastids through endosymbiosis, their subsequent evolution and 

specialization to perform tissue-specific functions as well as new, recently described plastid 

types. I discuss the changes in ultrastructure that accompany the interconversion of plastid types 

and how the changes in morphology relate to their ultimate function. I then discuss in detail the 

roles of important plastidial pathways such as the Calvin Cycle, the Shikimate pathway and the 

PPP in the partitioning of carbon between sugars, starch and aromatic amino acids in source and 

sink tissue. I discuss how organellar biology is uniquely regulated during xylogenesis by 

describing a newly proposed morphologically distinct, xylem-specific plastid – the xyloplast. I 

also highlight the importance of the VND7 post-translational induction system in Arabidopsis 

which serves as an important tool to study xylem differentiation. I conclude the chapter by 

reviewing the recent advances in our understanding of lignin and its recalcitrance to industrial 

processing in order to improve lignin engineering.  

Chapter 2 is a research chapter which describes the ultrastructural differentiation of chloroplasts 

into xyloplasts. Using the VND7 inducible system and transmission electron microscopy I show 

a detailed temporal analysis of the morphological changes that occur during the plastid 

interconversion over a 48 hour period. The identification of a common transitional intermediate 

amoeboid plastid partially supports that the xyloplast is a distinct plastid type. I also wanted to 

gain insight into the role of plastids in partitioning carbon (C) into the shikimate pathway for Phe 

and subsequent monolignol synthesis. I analysed published transcriptomic and metabolic data 

from the VND7-inducible system to discuss changes gene expression in the context of the 

morphological changes seen in plastids during secondary cell wall (SCW) deposition. I found 

that there is a structure-function relationship between the shunting of carbon towards phenolic 

synthesis and the transition from chloroplast to xyloplast and ultimate plastid degradation.  

In Chapter 3, I conclude the dissertation by addressing the remaining gaps in knowledge, 

highlight future perspectives and outline work not discussed in detail in this thesis. Specifically, I 

created CRISPR/Cas9 mutant lines targeting starch metabolism genes in plastids which can be 

used downstream to gain knowledge on the role starch plays as a carbon source for the xyloplast.  
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1.1. Introduction  

Plastids are a diverse group of sub-cellular organelles that occur in plants as well as a large 

number of diverse eukaryotic lineages (Inaba and Ito-Inaba, 2010; Keeling, 2013) and originated 

through the process of endosymbiosis (McFadden, 2001) when a free-living, single-celled 

organism (cyanobacterium-like prokaryote) was engulfed by the eukaryotic ancestor of plants 

(López-Juez, 2006; Keeling, 2010). This partnership was important during the evolution of land 

plants, especially vascular plants (de Vries et al., 2016), as it led to the incorporation of novel 

metabolic pathways into the cell and further plastid specialisation (Inaba and Schnell, 2008). 

Most research has focussed on dissecting photosynthetic plastid biology i.e. CO2 fixation in 

chloroplasts however, heterotrophic plastids such as amyloplasts and chromoplasts also play 

pivotal roles in carbon metabolism and synthesis of essential storage compounds (Neuhaus and 

Emes, 2000). Additionally, many plant metabolic pathways essential for carbon partitioning 

during wood formation are compartmentalized to plastids such as the pentose phosphate pathway 

(PPP) and the shikimate pathway. During xylogenesis, the plastid-localized shikimate pathway 

links carbohydrate metabolism to the synthesis of aromatic amino acids which include tyrosine, 

phenylalanine (Phe) and tryptophan (Dewick, 2009). Phe is the primary precursor for lignin 

formation and other major plant products such as flavonoids, benzoic acid derivatives, stilbenes, 

and coumarins (Dixon and Paiva, 1995; Holton and Cornish, 1995; Whetten and Sederoff, 1995; 

Maeda and Dudareva, 2012). Despite the great significance of plastidial metabolism to 

xylogenesis, its role in SCW formation has been largely ignored.  

Woody biomass is the most abundant sustainable carbon resource on earth (Liu et al., 2020) with 

many uses in industrial applications and as a sustainable, renewable energy source (Novaes et al., 

2010b; Myburg et al., 2019; Ali et al., 2020). Lignin is a phenolic heteropolymer of 4-

hydroxyphenylpropanoids derived from Phe and comprises approximately 30% of woody cell 

wall biomass which makes it an important component of the SCW and a major carbon sink 

(Takenaka et al., 2018). Although lignin is an essential component of woody biomass, conferring 

mechanical strength (Zhong and Ye, 2014) and pathogen resistance by forming a physical barrier 

against pathogen infection (Vance et al., 1980; Bhuiyan et al., 2009; Zhong and Ye, 2014), these 

same properties hinder saccharification (Yoo et al., 2020). Lignin forms a physical barrier for the 

binding of cellulases and is also an insoluble substrate for hydrolytic enzyme activity (Lynd et 
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al., 1999; Himmel et al., 2007; Chandra et al., 2016; Yoo et al., 2020). Lignin’s contribution to 

recalcitrance significantly increases costs of biomass processing, thus modification of lignin to 

reduce recalcitrance, without affecting yield, is extremely important (Mosier et al., 2005; Pu et 

al., 2011; Pu et al., 2013; Nguyen et al., 2015; Li et al., 2016b; Mottiar et al., 2016). In the past 

years, many studies have dissected the lignin biosynthetic pathway in Arabidopsis and Populus 

in order to identify targets for genetic engineering of lignin content, composition and structure to 

reduce recalcitrance (Bjurhager et al., 2010; Vanholme et al., 2012; Liu et al., 2018; Chanoca et 

al., 2019; Mahon and Mansfield, 2019). However, how carbon is partitioned towards lignin 

biosynthesis is not fully understood.  Understanding carbon partitioning is an important step in 

providing valuable insight into targeted metabolic/genetic engineering/breeding strategies for 

improvement of biomass recalcitrance.  

This literature review explores our current knowledge of plastid metabolism and its integration 

with xylem development. It focuses on dissecting the changes accompanying the interconversion 

of plastids between different plastid types, the relationship between plastid morphology and 

function as well as the transcriptomic regulation of plastids found in wood forming tissues during 

secondary growth. The use of an important tool for understanding the molecular mechanism of 

xylem vessel differentiation – the VND7 post-translational induction system – is also reviewed. 

This literature study is also aimed at providing a thorough understanding of the important 

regulatory link that the shikimate and pentose phosphate pathways form between primary and 

secondary metabolism in trees, the regulation of carbon partitioning to lignocellulosic biomass as 

well as lignin’s contribution to SCW recalcitrance. 

1.2. Plastid evolution and biology  

1.2.1. The origin of plastids – the endosymbiotic theory 

Similar to the endosymbiotic origins of mitochondria, plastids arose when a free-living, single-

celled organism (cyanobacterium-like prokaryote) was engulfed by eukaryotic phagotroph 

through so-called ‘primary’ endosymbiosis which resulted in the formation of the three lineages: 

green algae/plants, red algae and glaucophytes (Fig 1) (McFadden, 2001; Lopez-Juez and Pyke, 

2004; Keeling, 2010).  
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Plastids resulting from primary endosymbiosis are characterized by the presence of two 

surrounding membranes derived from the prokaryotic ancestor (Inaba and Ito-Inaba, 2010). 

Through the process of secondary and tertiary endosymbioses, these primary plastids spread to 

other eukaryotic lineages (Archibald, 2009; Keeling, 2013). Secondary endosymbiosis takes 

place when a  eukaryotic cell is engulfed by another eukaryotic cell that has previously been 

formed as a result of primary endosymbiosis (McFadden, 2001). These plastids are seen in 

chlorarachniophytes, euglenoid algae and cryptophytes (McFadden, 2001; Keeling, 2013).  

Figure 1 The origin of plastids through a) primary and b) secondary endosymbiosis.  Created with 

Biorender.com 

The evolution of these organelles was accompanied by the reduction of the prokaryotic symbiont 

genome with the majority of genes being transferred to the host nuclear genome (Adams et al., 

2002; Inaba et al., 2011), as well as the development of a protein-targeting system (Keeling, 

2010). Due to this, plastid biogenesis is dependent on the expression of proteins encoded by the 

host nucleus and the posttranslational transport of these proteins into plastids (Inaba and Schnell, 

2008), making coordination between these genomes important for plant fitness, adaptation and 

evolution. 

1.2.2. Structure-function relationship in plastids 

As multicellular plants evolved to form specialized tissues and cells, distinct plastid types also 

became specialized for metabolic and signalling functions within plant cells (Inaba and Schnell, 
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2008; de Vries et al., 2016). This resulted in plastids that have distinct morphologies and 

functions in various tissues and cell types and also respond to diverse array of environmental 

stimuli (Wise 2007; Choi et al. 2021).  

The interconversion of plastids between various types is very important as new plastids can only 

arise from existing plastids (Inaba and Ito-Inaba, 2010; Zechmann, 2019; Choi et al., 2021). 

Proplastids (diameter 1 to 1.5 µm) are undifferentiated plastids that occur in plant meristematic 

and reproductive tissues (Marinos, 1967; Inaba and Ito-Inaba, 2010; Jarvis and López-Juez, 

2013; Liebers et al., 2017). Compared to other plastid types, proplastids display minimal 

structural morphology, are colourless and small in size (Whatley, 1977; Jarvis and López-Juez, 

2013; Liebers et al., 2017; Choi et al., 2021). Proplastids can convert into chloroplasts, etioplasts 

or leucoplasts while chromoplasts and gerontoplasts are usually formed from chloroplasts 

(Vothknecht and Westhoff, 2001; Rottet et al., 2015). Chloroplasts are the lens-shaped 

archetypical plastids present in photosynthetic cells (Sarafis, 1998). They contain an internal 

thylakoid membrane system which forms disc-shaped stacks called grana where photosynthetic 

protein complexes are anchored for photosynthesis (Granick, 1961; Rottet et al., 2015; Roston et 

al., 2018). At the edges of thylakoids, osmiophilic droplets called plastoglobules (PG) are found 

(Larcher et al., 1988; Austin et al., 2006). Their main role is the storage of α-tocopherol, 

plastoquinone, and triacylglycerols as well as the synthesis of lipid molecules (Bailey and 

Whyborn, 1963; Greenwood et al., 1963; Steinmüller and Tevini, 1985; Tevini and Steinmüller, 

1985; Vidi et al., 2006b; Ytterberg et al., 2006). PG are also found in chromoplasts where they 

mainly function in the storage of carotenoids (Emter et al., 1990; Deruère et al., 1994). 

Chromoplasts are carotenoid-accumulating plastids and confer colour to fruits (Büker et al., 

1998; Bouvier and Camara, 2007) and flowers (Tetlow et al., 2003; Egea et al., 2010). In 

addition to the PG, large structures called fibrils containing carotenoids are also found (Deruère 

et al., 1994). During fruit ripening, chloroplasts convert into chromoplasts (Egea et al., 2010). 

Photosynthetic ability is lost due to granal and thylakoid disassembly, which is accompanied by 

the formation of new carotenoid-bearing membrane systems, called chromoplast internal 

membranes (CIMs), derived from vesicles of the inner plastid membrane (Spurr and Harris, 

1968; Wrischer and Devide, 2002; Simkin et al., 2007). A special carotenoid-containing CIM, 

known as the chromoplast reticulum is abundant in flower chromoplasts (Ljubešić, 1979) and has 
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been described in some Capsicum varieties (Carde et al., 1988). The reticulum is formed from 

the invagination of the inner plastidial membrane and lacks chlorophyll (Ljubešić, 1977, 1979). 

An increase in the reticulum is associated with transport activity of the plastid envelope 

(Ljubešić, 1979). The synthetic differentiation of chloroplasts to chromoplasts can be triggered 

metabolically through phytoene induction (Llorente et al., 2020b). These chloroplast-derived 

chromoplasts showed absence of an organized thylakoid membrane system and grana, contained 

tightly appressed lipid membrane stacks a well as PG (Llorente et al., 2020b). Table 1 provides 

an overview of the various plastid types that are known, such as proplastids, chromoplasts, 

leucoplasts and chloroplasts. A lesser studied plastid type, not included in the table, includes the 

desiccoplast, found in desiccation-tolerant plants that can interconvert between proplastids and 

chloroplasts (Solymosi and Keresztes, 2012)  

Table 1: Various known plastid types and their characteristic features 

Plastid type Tissue  Morphological 

characteristics 

Function Reference 

Proplastid Meristematic 

tissues, germ cells 

Small, low internal 

differentiation 

Specialized plastid 

precursors, trans-

generational transfer 

of plastids 

 

(Pyke, 2007; 

Liebers et al., 

2017) 

Chromoplast Fruits, flowers and 

root tissues 

Shows great 

heterogeneity, 

characterized by 

storage structures 

present i.e. 

globular, 

membranous, or 

crystalline 

Provide distinctive 

colours to tissues, 

carotenoid 

production 

(Thomson 

and Whatley, 

1980; Egea 

et al., 2010) 

Etioplast Cotyledons of 

dark-grown 

seedlings 

Contain 

prolamellar bodies 

which are 

paracrystalline 

lattices of 

membrane tubules 

containing 

chlorophyll  

Dark-matured 

chloroplast 

progenitors 

(Sperling et 

al., 1998; 

Cortleven et 

al., 2016) 
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Chloroplast All photo-

synthetically active 

tissues such as 

leaves, stems 

 

At least three 

membrane systems 

present including 

the thylakoid 

membrane system 

Photosynthesis, 

metabolite 

biosynthesis 

(Staehelin, 

1986; Jarvis 

and López-

Juez, 2013) 

Gerontoplast Senescing foliage Presence of a large 

number of PG and 

a reduced 

thylakoid system  

Senescing 

chloroplast which 

can be reverted to a 

chloroplast until 

terminal senescence 

phase is reached and 

cell death is observed 

(Wise and 

Hoober, 

2007; 

Solymosi and 

Keresztes, 

2012) 

Elaioplast Embryonic leaves 

of oilseeds, citrus 

fruits and 

specialized cells, 

e.g.,tapetal 

cells of anthers  

Small, rounded 

organelles filled by 

oil droplets, also 

contain PG- 

associated proteins 

e.g. fibrillins 

Storage and 

metabolism of lipids 

(Ting et al., 

1998; Wu et 

al., 1999) 

Proteinoplast Seeds Crystalline bodies 

of protein present 

which could be 

enzyme activity 

sites  

Protein storage (Wise and 

Hoober, 

2007) 

Amyloplast Roots and storage 

tissues, collumella 

cells 

Starch grains 

presents 

Starch synthesis and 

storage. Specialized 

amyloplasts called 

Statoliths also play a 

key role in 

gravitropism 

(Naeem et 

al., 1997; 

Pyke, 2007) 

Phenyloplast Mesocarp Presence of lens-

shaped loculi 

between thylakoids 

Phenol glucoside 

accumulation and 

storage 

(Brillouet et 

al., 2014) 

Tannosome  Thracheophyta 

chlorophyllous 

organs 

Pearling of 

thylakoid 

membranes, 

budding off of 

vesicles and 

shuttles  

Tannin 

polymerization  

(Brillouet et 

al., 2013) 
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In the last few years, two new non-photosynthetic and structurally unique plastid types, derived 

from chloroplasts, have been reported. The tannosome is responsible for the synthesis of 

condensed tannins, which are then transported to the vacuole in tannosome shuttles (Brillouet et 

al., 2013). The differentiation from chloroplasts to the tannosome begins with an increase in size 

and circularization of the plastid, followed by the unstacking of the thylakoid membrane and 

swelling of the grana (Brillouet et al., 2013). These changes are also seen in plants exposed to 

UV stress which also triggers the synthesis of phenolics (He et al., 1994; Jansen et al., 1998; 

Selga and Selga, 1998; Berli et al., 2011). Following this, there is further disorganization of the 

thylakoid membranes and osmiophilic material, identified as phenolics, seen in the thylakoid 

lumen (van Steveninck and Van Steveninck, 1980; Keresztes and Sárvári, 2001; Brillouet et al., 

2013). The chloroplast double membrane becomes diffuse and tannosomes are formed from the 

pearling of the thylakoid membranes, which become encapsulated in spherical structures called 

shuttles. These shuttles bud off from the plastid and are transported to the vacuole (Brillouet et 

al., 2013). Another organelle, the phenyloplast, is found in vanilla fruit (Brillouet et al., 2014). 

During redifferentiation from chloroplasts, ribosomes fill the stroma and loculi are formed 

between thylakoid membranes which store the β-D-glucosides (Brillouet et al., 2014). The 

interconversion of plastids from one type to another requires extensive ultrastructural 

reorganization which corresponds to its function (Vothknecht and Westhoff, 2001). Although 

plastids are the exclusive sites of aromatic amino acids (AAA) synthesis needed for monolignol 

production, limited evidence of plastid morphology and structure-function relationship in xylem 

has been generated (Pinard and Mizrachi, 2018).  

1.3. Carbon partitioning in plants  

Many plant metabolic pathways that are essential to secondary growth and wood formation and 

are compartmentalized to plastids including the Calvin cycle, the pentose phosphate pathway 

(PPP) and the shikimate pathway. In wood forming tissues, the plastidial shikimate pathway 

plays a key role in the synthesis of AAA from sugars including phenylalanine (Phe), which is the 

main precursor for monolignol synthesis (Novaes et al., 2010b). In this way, plastids create a 

unique link between secondary metabolism (shikimate pathway for AAA and monolignol 

production) and primary carbon metabolism (pentose phosphate pathway).  



23 
 

1.3.1. The Calvin Cycle as a starting point of carbon metabolism  

The first important metabolic pathway involved in carbon partitioning is the Calvin cycle (Figure 

2a) (Sarafis, 1998; Sugiura et al., 1998; Li and Chiu, 2010; Adams, 2019). During 

photosynthesis, CO2 from the atmosphere is fixed via the Calvin cycle, in the chloroplasts, to 

yield triose phosphates in order to facilitate the growth and development of plants (Stein and 

Granot, 2019). 

The Calvin cycle can be divided into three distinct phases: fixation, reduction, and regeneration. 

In the carboxylation phase, CO2 is fixed into 3-phosphoglycerate (3PG) by ribulose-1,5-

bisphosphate carboxylase oxygenase (Rubisco). In the reduction phase, through the use of ATP 

and NADPH, glyceraldehyde-3-phosphate dehydrogenase reduces 3PG into glyceraldehyde-3-

phosphate (G3P)  (Sillero et al., 2006). In the final regenerative phase, some G3P molecules are 

recycled to produce ribulose1,5-bisphosphate (RuBP) for carbon fixation by the enzymes 

fructose bisphosphatase (FBPase), fructose bisphosphate aldolase (FBP aldolase), 

triosephosphate isomerase, ribulose 5-phosphate 3-epimerase, ribulose 5-phosphate isomerase 

and transketolase (TK) (Geiger and Servaites, 1994; Tamoi et al., 2005; Sillero et al., 2006). The 

triose-phosphates  generated act as important intermediates and can be allocated into to either the 

starch or sucrose biosynthetic pathway depending on sink strength (Figure 2b) (Woodrow and 

Berry, 1988; Geiger and Servaites, 1994; Marcelis, 1996; Tamoi et al., 2005).  

For sucrose biosynthesis, the triose-phosphates are exported into the cytosol where one molecule 

of fructose 1,6-biphosphate (F1,6BP) is formed from two molecules of triose-phosphate, 

followed by a de-phosphorylation reaction which forms fructose-6-phosphate (F6P) (Figure 2a). 

F6P is isomerized via phosphoglucose isomerase (PGI) to form glucose 6-phosphate (G6P) 

which is used to form UDP-glucose (UDP-G). Sucrose phosphate synthase (SPS) then catalyses 

the formation of sucrose 6-phosphate (sucrose-6P) form F6P and UDP-G (Stein and Granot, 

2019). Sucrose-6P is dephosphorylated by sucrose phosphate phosphatase to form sucrose, 

which is the primary sugar transported from source tissues to sink tissues through the phloem in 

order to provide carbon for metabolic pathways (Dennis and Miernyk, 1982; Stein and Granot, 

2018, 2019).  
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Figure 2 Carbon partitioning in plants. (a) Simplified model of the Calvin cycle in source tissue. Triose-

phosphates synthesized in the chloroplast can be exported to the cytosol for sucrose synthesis or be used 

for transitory starch synthesis. (b) Simplified schematic presentation of sugar metabolism in sink tissue 

cells Glu can be phosphorylated by a hexokinase (HXK) to yield glucose-6-phosphate (G6P). G6P can be 

used for glycolysis and then respiration in the mitochondria, or be translocated into the plastid to be fed 

into plastidic metabolic pathways including starch synthesis, the pentose phosphate pathway and the 

shikimate pathway. Created with Biorender.com 
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1.3.2. The role of starch in carbon allocation 

Starch is synthesized in plastids and is a semi-crystalline carbon storage polymer that is made up 

of amylose and amylopectin, both consisting of α-(1,4)-linked glucose (Glc) chains 

(Badenhuizen, 1963; Smith et al., 1997; Whistler and Daniel, 2000; MacNeill et al., 2017). The 

two main types of starch include: transitory starch and storage starch (Lu and Sharkey, 2006; 

Gámez-Arjona et al., 2011; Lloyd and Kossmann, 2015). Starch can act as a carbon reserve in 

leaves for growth and respiration at night or act as a storage component in seeds and tubers 

(Bahaji et al., 2014; Cho and Kang, 2020). Thus, the synthesis and breakdown of starch in plant 

tissues plays a major role in the physiology and development of plants by regulating the 

partitioning of free sugars which subsequently controls plant growth and other developmental 

processes (Geigenberger, 2003; Smith and Stitt, 2007; Bahaji et al., 2014).   

1.3.3. Transitory and storage starch 

Transitory starch is synthesized in chloroplasts from triose-phosphates during the day and is 

degraded at night to support non-photosynthetic metabolism and growth (Fig 2a)   (Caspar et al., 

1985; Stitt and Quick, 1989; Schulze et al., 1991; Huber and Hanson, 1992; Ludewig et al., 

1998; Liu et al., 2012; Aliche et al., 2020). In non-photosynthetic (heterotrophic) sink tissues 

such as seeds, stems, roots or tubers, storage starch is synthesized in amyloplasts and serves as 

long term storage which has been well established and reviewed (Martin and Smith, 1995; 

Neuhaus and Emes, 2000; Emes et al., 2003; Streb et al., 2009; Pfister and Zeeman, 2016). In 

heterotrophic cells (Fig 2b), sucrose can be broken down by sucrose synthase (SuSy) or 

invertase. In the presence of UDP, SuSy breaks down sucrose to yield fructose and UDP-Glucose 

(UDP-G) (Stein and Granot, 2019). In contrast, invertase cleaves sucrose to yield glucose and 

fructose (Nguyen‐Quoc and Foyer, 2001). UDP-G is converted to G1P and PPi by UDPG 

pyrophosphorylase (UGP) and the former is metabolized to G6P by cytosolic 

phosphoglucomutase (PGM) which enters the amyloplast for starch synthesis (Mühlbach and 

Schnarrenberger, 1978; Keeling et al., 1988; Hatzfeld and Stitt, 1990; Hill and Smith, 1991; 

Wischmann et al., 1999) via the glucose 6-phosphate/phosphate translocator (GPT) (Flügge et 

al., 1989; Kammerer et al., 1998).  

In the amyloplast, G6P is converted to G1P and subsequently ADP-glucose (ADP-Glc) by 

plastidial PGM (Hill and Smith, 1991; Bahaji et al., 2014) and ADP-Glc pyrophosphorylase 
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(AGPase), respectively (Ghosh and Preiss, 1966; Emes and Neuhaus, 1997; Neuhaus and Emes, 

2000; Bahaji et al., 2014; Preiss and Sivak, 2017). The Glc moiety is incorporated to the non-

reducing end of an existing α-glucan chain by starch synthases (SS) (MacNeill et al., 2017). The 

granule-bound starch synthase (GBSSI) is responsible for amylose synthesis (Denyer et al.; 

Smith and Martin, 1993; Martin and Smith, 1995; Goren et al., 2018) and multiple isoforms of 

SS i.e. SSI, SSII, and SSIII are involved in amylopectin biosynthesis (Brust et al., 2013; Cuesta-

Seijo et al., 2016; Pfister and Zeeman, 2016; Goren et al., 2018). Branch points are introduced by 

starch branching enzymes (SBEs) while starch debranching enzymes (SDEs) trim excess 

branched chains (Nakamura et al., 1992; Martin and Smith, 1995; Larsson et al., 1996; Larsson 

et al., 1998). Alternatively to starch synthesis in plastids, cytosolic invertase can irreversibly 

hydrolyze Suc to form the hexose monomers (Glc and Fru) in the cytosol, that can be 

phosphorylated and directed to other metabolic pathways such as the PPP in the plastid or 

glycolysis followed by respiration in the mitochondria (Fig 2b) (Stein and Granot, 2019).  

1.3.4. Starch breakdown  

Starch degradation has been extensively studied within living cells in most plant tissues, the 

nature and regulation of which differs from endosperms, which is essentially dead tissue (Smith 

et al., 2003; Smith et al., 2005; Smith and Stitt, 2007; Hannah and James, 2008; Zeeman et al., 

2010; Stitt and Zeeman, 2012). Remobilization of transitory starch in leaves requires the enzyme 

glucan, water dikinase (GWD) which alters the phosphate content of amylopectin by transferring 

the β-phosphate of ATP to the C6-position of glucosyl residues (Ritte et al., 2002; Mikkelsen et 

al., 2004; Ritte et al., 2006). Mutants lacking the GWD protein display the starch excess 1 (sex1) 

phenotype (Caspar et al., 1991; Zeeman and Rees, 1999; Yu et al., 2001). A second glucan, 

phosphoglucan, water dikinase (PWD) further facilitates starch degradation by adding a 

phosphate group to the C3 position of glucosyl residues (Baunsgaard et al., 2005; Kötting et al., 

2005) and making amylopectin structure more accessible to breakdown by the further action of 

debranching enzymes, β-amylases and α-amylases (Stitt and Zeeman, 2012).  

After soluble, linear glucans have been formed through the activity of glucans and DBEs, two 

pathways or further degradation can take place (Smith et al., 2005).  First, G1P can be released 

by the activity of chloroplastic glucan phosphorylase (Lin et al., 1988; Zeeman et al., 1998) 

followed by the formation of triose-phosphates which are then exported to the cytosol via the 
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triose phosphate translocator (TPT) (Häusler et al., 1998). Second, maltose can be synthesized by 

β-amylase activity which acts at the non-reducing ends of α-1,4–linked glucan chains (Fulton et 

al., 2008). Nine β-amylases are encoded for by the Arabidopsis genome of which one has been 

shown to be localized in the chloroplast, providing evidence for the role of  β-amylase in 

chloroplast-localized transitory starch metabolism (Lao et al., 1999). Knowledge of starch 

breakdown pathways play a key role in our understanding of their integration with plant primary 

metabolism (Zeeman et al., 2007).  

1.3.5. The pentose phosphate pathway as a source of reducing power and 

pentose sugars 

G6P can also enter the PPP which is also central to primary carbon metabolism. This pathway 

consists of two stages: the oxidative non-reversible phase and the non-oxidative reversible phase 

(Horecker, 2002; Sillero et al., 2006). During the oxidative phase, ribulose-5-phosphate is 

formed through the dehydrogenation and decarboxylation of G6P which is catalyzed by a series 

of three enzymes namely glucose-6-phosphate dehydrogenase (G6PDH), gluconolactonase and 

6-phosphogluconate dehydrogenase (Schnarrenberger et al., 1973; Herbert et al., 1979; Mayes 

and Bender, 2003; Sillero et al., 2006). In non-photosynthetic cells, the oxidative phase provides 

NADPH for reductive biosynthetic processes, such as steroid and fatty acid synthesis as well as 

lignin synthesis (Stafford, 1974; Pryke and ap Rees, 1977; Kruger and von Schaewen, 2003; 

Mayes and Bender, 2003).  The non-oxidative phase provides ribose for nucleotide synthesis and 

metabolic intermediates for the synthesis of aromatic amino acids and phenylpropanoids 

(Herrmann, 1995; Kruger and von Schaewen, 2003) 

As cells generally require more NADPH for reductive biosynthesis compared to ribose-5-

phosphate for nucleotides, the non-oxidative phase of the cycle converts ribose-5-phosphate into 

G3P and fructose 6-phosphate (F6P) (Murray et al., 2009; Bhagavan and Ha, 2011).  The plastid-

localized enzymes, transketolase (TK) and transaldolase (TAL) play an important role in 

regulating the flux of carbon into the shikimate pathway by controlling E4P levels (Kruger and 

von Schaewen, 2003; Murray et al., 2009). TK catalyzes the formation of sedoheptulose-7-

phosphate (S7P) and glyceraldehyde-3-phosphate (G3P) from xylulose 5-phosphate (XL5P) and 

ribulose 5-phosphate (RL5P) as well as the conversion of XL5P and E4P to G3P and F6P 

(Racker et al., 1953; Murray et al., 2009; Kochetov and Solovjeva, 2014). TAL catalyzes the 
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reversible reaction in which  F6P and E4P are formed from S7P and G3P (Horecker and 

Smyrniotis, 1953). E4P, together with PEP (generated by glycolysis) is converted by the 

shikimate pathway into chorismate to form AAAs (Tzin and Galili, 2010b; Maeda and Dudareva, 

2012).  

1.3.6. The Shikimate pathway links carbohydrate metabolism and AAA 

biosynthesis 

In wood forming tissues, the plastidial shikimate pathway, exclusively localized within the 

plastid stroma (Herrmann, 1995; Herrmann and Weaver, 1999; Schmid and Amrhein, 1999), 

plays a key role in the synthesis of AAAs from sugars i.e. Tyr, Trp and Phe (Herrmann and 

Weaver, 1999; Novaes et al., 2010b). E4P from the PPP and PEP from glycolysis act as 

precursors for the shikimate pathway (Herrmann, 1995).  In the first step, PEP and E4P undergo 

aldol condensation to form 2-dehydro-3-deoxy-D-arabino-heptonate-7-phosphate (DAHP) and 

inorganic phosphate by the activity of DAHP synthase (Tzin and Galili, 2010a; Kumar et al., 

2019). The enzyme, 3-dehydroquinate synthase converts DAHP to 3-dehydroquinic acid, the 

reduction of which leads to the formation of quinic acid (Herrmann, 1995; Tzin and Galili, 

2010a). Shikimate is formed via the dehydration and reduction of 3-dehydroquinic acid by the 

enzymes, 3-dehydroquinate dehydratase and shikimate-3-dehydrognase (Herrmann, 1995; 

Whetten and Sederoff, 1995; Dewick, 2009). The final product of the main shikimate pathway 

branch is chorismate which is the substrate for the AAA biosynthetic pathways (Herrmann, 

1995; Kumar et al., 2019).   

Chorismate mutase catalyzes prephenate biosynthesis after which arogenate is obtained through 

transamination (Fraser and Chapple, 2011). Following this, the Tyr and Phe pathways diverge 

and the ring carboxylate and hydroxyl groups are removed via arogenate dehydratase for Phe 

synthesis (Fraser and Chapple, 2011). Phe is the primary precursor for many major secondary 

plant metabolites such as flavonoids, benzoic acid derivatives, stilbenes, and coumarins (Dixon 

and Paiva, 1995; Holton and Cornish, 1995; Whetten and Sederoff, 1995) and most importantly 

monolignols for lignin formation in vascular plants (Boerjan et al., 2003). In grasses however, 

Tyr can also be used for lignin synthesis (Barros et al., 2016; Maeda, 2016). 
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1.4. Plastid metabolism during xylogenesis   

Xylem tissue plastids play a key role during SCW biosynthesis as the plastid-localized shikimate 

pathway acts as an irreversible carbon-partitioning step between sugars and aromatic phenolic 

precursors for lignin biosynthesis (Rippert et al., 2009a). Although organellar metabolism is 

integral to xylogenesis, the first real study of gene expression of plastid-targeted genes was only 

performed in 2019 (Pinard and Mizrachi, 2018; Pinard et al., 2019). Previous transcriptional and 

translational studies of non-green plastids such as chromoplasts (Kahlau and Bock, 2008) and 

amyloplasts (Valkov et al., 2009) have shown that in non-green plastids, there is down-regulation 

of photosynthesis-related genes, a down-regulation of plastidial gene expression genes 

(ribosomal proteins, rRNAs, tRNAs and RNA polymerase subunits) and an overall down-

regulation of plastid genome expression with an exception of accD and clpP (Kahlau and Bock, 

2008; Valkov et al., 2009; Zhang et al., 2012). These genes play crucial roles in lipid metabolism 

and protein turnover, respectively, needed for the functioning of these plastids (Shanklin et al., 

1995; Lee et al., 2004; Kode et al., 2005; Kahlau and Bock, 2008; Valkov et al., 2009).  

Analysis of plastid-encoded genes, using total mRNA-seq data, in E. grandis mature leaf, 

phloem, and immature xylem tissues showed that in xylem, 13 plastid-encoded non-

photosynthetic genes are up-regulated to levels much higher than in chromoplasts or amyloplasts 

(Pinard et al., in preparation) (Kahlau and Bock, 2008; Valkov et al., 2009). These genes 

included E. grandis housekeeping and genes such as ycf1, ycf2, and accD (Pinard et al., in 

preparation). The ycf2 gene was the most highly differentially expressed and encodes an essential 

TIC (translocon on the inner chloroplast membrane)-complex-associated protein (Kessler and 

Schnell, 2006; Kikuchi et al., 2018), which indicates the importance of non-photosynthetic 

protein import in non-green plastid metabolism and secondary growth (Pinard et al., in 

preparation). 

Small-RNA sequencing data revealed clusters of organellar small RNAs (cosRNAs) (Pinard et 

al., in preparation), which are small RNA footprints left by nuclear-encoded RNA-binding 

proteins (RBPs) that stabilize organellar transcripts by binding to them (Ruwe et al., 2016). The 

identification of a cosRNA footprint overlapping the 3’ end of the ycf2 transcript indicates the 

possible active regulation of ycf2 by an unknown RBP (Pinard et al., in preparation). Together, 

the analysis of plastid gene expression - using total RNA, mRNA and small RNA sequencing - in 
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immature xylem (heterotrophic tissue) compared to mature leaf (photosynthetic tissues) revealed 

a unique differential expression of plastid-encoded transcripts in xylem through possible active 

regulation by RBPs (Pinard et al., in preparation). Together with different plastid-targeted 

protein expression from the nuclear genome (Pinard et al., 2019), this suggests that there is 

distinct regulation of xylem plastid biology in facilitating carbon partitioning towards SCW 

growth, providing evidence for the existence of a wood-specific plastid, the xyloplast (Pinard 

and Mizrachi, 2018).  

1.5. Transcriptional regulation of carbon flux to SCW and the 

VND7 induction system  

In order to fully understand the development of the SCW in plants it is important to understand 

the transcriptional regulation of SCW synthesis (Ohtani et al., 2016) and the role organellar 

biology play therein (Pinard and Mizrachi, 2018). However, accessing xylem vessel elements for 

molecular and observational studies is a major obstacle (Zimmermann, 2013; Brodersen et al., 

2019; Tan et al., 2019). This is due to the complexity with which xylem vessels are embedded in 

the plant body as well as the high variability resulting from the fact that xylem tissue is made up 

of several kinds of cells i.e. xylem fibers and parenchyma cells (Tan et al., 2019). To overcome 

this, in vitro induction systems have been widely used to study xylem vessel cell differentiation 

by induction through either phytohormonal stimuli (Fukuda and Komamine, 1980; Kubo et al., 

2005; Oda et al., 2005; Pesquet et al., 2010; Kondo et al., 2014; Kondo et al., 2015; Kondo et al., 

2016) or by overexpressing SCW-related transcription factors (Yamaguchi et al., 2008; 

Yamaguchi et al., 2010; Yamaguchi et al., 2011; Tan et al., 2018). 

A good example of such an induction system is the glucocorticoid-mediated posttranslational 

induction system of VASCULAR-RELATED NAC-DOMAIN 6/7 (VND6/7) (Yamaguchi et al., 

2010). A thaliana irregular xylem (irx) mutant studies have identified VND1–VND7 

transcription factors, belonging to the NAC family, as master regulators of xylem vessel cell 

differentiation that promote the up-regulation of SCW- and programmed cell death (PCD)-

related genes (Kubo et al., 2005; Yamaguchi et al., 2008; Ohashi-Ito et al., 2010; Zhong et al., 

2010; Yamaguchi et al., 2011; Endo et al., 2015; Nakano et al., 2015). The over-expression of 

VND6 and VND7 results in the trans-differentiation of various cells into metaxylem-like vessels 
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in Arabidopsis and protoxylem-like vessels in poplar whereas repression leads to the inhibition 

of xylem vessel differentiation (Kubo et al., 2005). In the VND6/7 induction system, a construct 

with a 35SCaMV promoter in which the VND6 or VND7 gene is fused to the activation domain 

of the herpes virus VP16 protein and hormone-binding glucocorticoid receptor (GR) domain was 

created (Fig 3) (Yamaguchi et al., 2010). The VP16 activation domain can directly interact with 

general transcription factors (TF) including the TATA-binding protein, TFIIB, and the SAGA 

histone acetylase complex (Shen et al., 1996).  

 

 

Figure 3 Schematic of the VND6- VP16-GR and VND7-VP16-GR constructs. 35S, CaMV 35S 

promoter; VP16, activation domain of herpes virus VP16 protein; GR, hormone binding domain of rat 

GR; NOS, terminator of nopaline synthase 

 

The expression of the construct is induced when transformed A thaliana are treated with 

dexamethasone (DEX), a synthetic glucocorticoid (Yamaguchi et al., 2010). Treatment with 

DEX results in ectopic secondary wall thickening and the trans-differentiation of non-vascular 

cells into xylem vessels (Yamaguchi et al., 2010). The SCW of the trans-differentiated cells 

exhibit a helical pattern which reflects protoxylem-like vessels  (Yamaguchi et al., 2011). This is 

also accompanied by the up-regulation of other genes related to xylem vessel differentiation 

(Yamaguchi et al., 2010), including genes encoding enzymes involved in cellulose biosynthesis 

such as CesA4/A7/A8 or IRREGULAR XYLEM3 [IRX3], IRX5, and IRX1 respectively (Pear et 

al., 1996; Taylor et al., 1999; Yamaguchi et al., 2010) as well lignin biosynthesis (CCoAOMT7 

and IRX12)(Raes et al., 2003; Brown et al., 2005) and hemicellulose biosynthesis (IRX8 and 

IRX10)(Brown et al., 2005). However, in the absence of DEX, GR binds to heat shock proteins 

to form an inactivated complex in the cytosol (Louvion et al., 1993; Aoyama and Chua, 1997). 

The receptor is released from this complex when the GR is bound by DEX and is translocated to 

the nucleus where it functions as a TF (Aoyama and Chua, 1997).   

Although many proteomic and transcriptomic studies in trees (Allona et al., 1998; Sterky et al., 

2004; Rengel et al., 2009; Sundell et al., 2017) and in vitro systems (Demura et al., 2002; 
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Ohashi-Ito et al., 2010; Zhong et al., 2010; Yamaguchi et al., 2011) have focused on dissecting 

xylem cell differentiation, primary metabolic changes accompanying SCW differentiation are 

poorly studied (Ohtani et al., 2016). Transcriptional and metabolomic analyses of VND7 

Arabidopsis seedlings showed crucial alterations of the shikimate pathway (Trp, Phe, Try, and 

His), the branched-chain amino acid pathway (Ile, Leu, and Val) and the Asp family pathway 

(Lys, Met, Ile, and Thr) after induction, during early stages of SCW synthesis (Li et al., 2016b). 

Transcriptional analysis of VND7 Arabidopsis seedlings showed that over 2000 genes showed 

changes in expression at various time points after induction (Li et al., 2016b). Genes encoding 

enzymes involved in F6P, PEP and Phe (including the shikimate pathway) synthesis were 

actively up-regulated during vessel induction (Ohtani et al., 2016). Metabolome analysis showed 

a transient increase in Phe 12 hours after induction (HAI) accompanied by a transient increase in 

p-coumaric acid levels, which is a monolignol precursor, 24 HAI (Li et al., 2016b; Ohtani et al., 

2016). This was followed by lignin deposition seen 36 HAI in DEX-treated plants (Ohtani et al., 

2016). 

These  results show that the association between xylem vessel differentiation and changes in 

primary metabolism for monolignol synthesis is evident and that the VND7 post translational 

induction system is an excellent tool to understanding the molecular mechanisms which underlie 

xylem differentiation and SCW formation in trees (Yamaguchi et al., 2011). Major advantages of 

this system include the non-toxicity and absence of negative physiological effects of 

glucocorticoid treatment on plants, while allowing the precise activation of target genes and its 

use in tobacco BY-2 cells and poplar trees (Yamaguchi et al., 2011).  

A major gap in our knowledge of plastidial biology during secondary growth is the 

ultrastructural changes in plastids accompanying SCW formation (Pinard and Mizrachi, 2018). 

This is due to the fact that microscopic analysis in wood is very challenging and extraction of 

plastids directly from xylem results in variability and is very harsh causing microscopic artifacts.  

The VND7 induction system has previously been used to perform confocal and transmission 

electron microscopy (TEM) to study cell wall production machinery in the Golgi apparatus, 

which is central to hemicellulose (glucuronoxylan) biosynthesis, during SCW formation (Meents 

et al., 2019). However, as of yet, no study has used the VND induction system to study plastid 

dynamics or morphology during this transition. 
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1.6. Lignin in woody biomass  

Over the past years, the use of fossil fuels for energy and organic compounds has negatively 

impacted the climate (Chanoca et al., 2019). This climate crisis urgently requires the transition to 

a bio-based economy, led by the use of lignocellulosic biomass for the production of fuels, 

chemicals and bio-materials (Demirbas, 2004; Novaes et al., 2010a; Lauri et al., 2014; Zoghlami 

and Paës, 2019).   

Today, wood provides about 6% of the total primary energy supply worldwide (Sreevani, 2018). 

Wood consists of secondary xylem which contains essential cells such as tracheary elements 

(TEs) for water transport, xylary fibers which provide mechanical support as well as xylary 

parenchyma cells (Myburg and Sederoff, 2001; Plomion et al., 2001; Turner et al., 2007; Smith 

et al., 2017; Meents et al., 2018). Of these, fiber and TE cells deposit thick SCWs which are 

predominantly composed of lignin (~30%), cellulose (~45%), and hemicellulose (~25%) 

(Sjostrom, 1993). These complex biopolymers determine the physical and chemical properties of 

wood as well as its energy content (Sjostrom, 1993; Mellerowicz and Sundberg, 2008; Campbell 

et al., 2015).   

Lignin is a phenolic heteropolymer of 4-hydroxyphenylpropanoids derived from Phe and differs 

from cellulose and hemicellulose, which are polysaccharides (Rippert et al., 2009b). Three 

monolignols, which differ in their aromatic ring substitution patterns can be polymerized into 

lignin (Whetten and Sederoff, 1995). These monolignols include the mono-methoxylated 

coniferyl alcohol, the non-methoxylated p-coumaryl alcohol and the dimethoxylated sinapyl 

alcohol which are transported to the SCW where they undergo oxidation by the activity of 

laccases and peroxidases to form monolignol radicals namely  G- (guaicyl), H- (hydroxyphenyl) 

and S- (syringyl) units (Freudenberg and Neish, 1968; Tobimatsu and Schuetz, 2019). The 

monolignol radicals are then polymerized into lignin (Boerjan et al., 2003; Ralph et al., 2004; 

Barros et al., 2015).  

Until recently, it was unknown how monolignols are transported to the apoplastic space across 

the plasma membrane for lignin polymerization by laccases and peroxidases. A recent study 

incubated  coniferyl alcohol, a monolignol, with liposomes which contained fungal laccases 

(Perkins et al., 2019). This resulted in the formation of a monolignol gradient, as the 

polymerization-inducing enzymes used up coniferyl alcohol to polymerize larger phenolics 
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inside the liposome. From this, they were able to deduce that monolignols use simple diffusion to 

cross the plasma membrane which is driven by the monolignol gradient (Perkins et al., 2019).  

Variation in composition of lignin is seen across taxa and different cell wall layers however, G 

and S units principally comprise angiosperm lignins while mostly G units with traces of H units 

are generally seen in gymnosperm lignins (Baucher et al., 1998; Boerjan et al., 2003). This 

variation in the H/G/S ratios as well as lignin content affects the efficiency of biomass 

processing and plays a key role in determining biomass recalcitrance (Zeng et al., 2014; McCann 

and Carpita, 2015; Wang et al., 2018). 

1.6.1. Lignin’s role in biomass recalcitrance 

The cellulose and hemicellulose components of wood are central to pulp, paper, bioethanol 

production etc. (Vanholme et al., 2013a) while lignin can be used to provide aromatic building 

blocks for chemicals (Upton and Kasko, 2016; Schutyser et al., 2018; Wang et al., 2019). 

However, a major obstacle in the use of woody biomass for the production of these value-added 

products is the resistance of plant cell walls to enzymatic and microbial degradation, which is 

also known as recalcitrance (Himmel et al., 2007). Hydrophobic networks of lignin form cross-

linked complexes with SCW polysaccharides which makes lignin one of the most significant 

contributors to recalcitrance (Jung and Vogel, 1986; Hatfield et al., 1999; Moxley et al., 2012; Pu 

et al., 2015; Qin et al., 2015; Wang et al., 2018). Lignin prevents the hydrolysis of biomass 

through enzymatic reactions in two major ways. It can either act as a physical barrier by forming 

complexes with carbohydrates and preventing access of enzymes to polysaccharides or inhibit 

enzymatic activity by binding with them (Zeng et al., 2014; McCann and Carpita, 2015; Li et al., 

2016a).  

Strategies to improve recalcitrance of lignin includes (i) maximising lignin removal though pre-

treatment (Lynd et al., 1999; Li et al., 2010; Ding et al., 2012; Haghighi Mood et al., 2013; Pu et 

al., 2015) (ii) perturbation of lignin biosynthesis to reduce lignin content (Bonawitz and Chapple, 

2010; Simmons et al., 2010; Vanholme et al., 2019) and (iii) engineering/ modifying the 

structure of lignin (Grabber et al., 2012; Vanholme et al., 2013b; Mottiar et al., 2016).  One way 

to modify plant lignin content is by down-regulating key enzymes involved in lignin biosynthesis 

such as CCR (Derikvand et al., 2008; Wadenbäck et al., 2008; Van Acker et al., 2014), 

coumarate 3-hydroxylase (C3H) (Ralph et al., 2006; Ralph et al., 2012), hydroxycinnamoyl 
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CoA: shikimate hydroxycinnamoyl transferase (HCT) (Wagner et al., 2007), caffeoyl CoA 3-O-

methyltransferase (CCoAOMT)(Guo et al., 2001), ferulate 5-hydroxylase (F5H)(Reddy et al., 

2005) and caffeic acid 3-O-methyltransferase (COMT)(Guo et al., 2001). In Alfalfa (Medicago 

sativa L.), down regulation of C4H, C3H, and F5H showed changes in lignin composition and 

content (Reddy et al., 2005). C4H mutants showed reduction in lignin, no changes in 

composition but displayed increased digestibility (Reddy et al., 2005). In dicots, pulping and 

digestion was also improved through the down regulation of the CAD gene although no 

reduction in lignin content was seen (Baucher et al., 1999; Halpin, 2004).  

However, reduction of lignin content is often associated with increased susceptibility to 

pathogens and a growth penalty (Maher et al., 1994; Shadle et al., 2003; Sattler and Funnell-

Harris, 2013; Van Acker et al., 2013). An emerging trend is to ‘redesign’ lignin’s chemical 

structure without drastic alteration of lignin content or function (Mottiar et al., 2016; Ralph et al., 

2019). This includes engineering of lignin that is (i) less hydrophobic to increase solubility 

during delignification processes (Grabber et al., 2012) or (ii) has shorter chains with minimal 

branching  such as in poplar, where the overexpression of F5H increased digestibility through an 

increase syringyl monomer levels and decreased degree of polymerisation (Huntley et al., 2003; 

Stewart et al., 2009). Another approach includes the incorporation of phenolics or molecules into 

lignin in order to reduce recalcitrance (Simmons et al., 2010; Ralph et al., 2019). This has been 

demonstrated by the incorporation of coniferyl ferulate, which is a methoxylated analog of 

coniferyl p-coumarate, along with normal monolignols into primary cell walls in maize (Grabber 

et al., 2008). This allowed the easier solubilization of lignin as the backbone now had newly 

introduced ester linkages which are more readily cleavable at lower temperature (Grabber et al., 

2008; Simmons et al., 2010; Vanholme et al., 2010). 

Biomass recalcitrance leads to increased energy requirements and increased cost of bio-refinery 

operations and is clearly affected by SCW composition and biomass structure (McCann and 

Carpita, 2015). The valorisation of SCW polymers in the bio-based economy is rooted in 

understanding the molecular basis of biomass recalcitrance (McCann and Carpita, 2015). This 

includes identifying existing genotypes with desirable traits, using transgenic approaches, such 

as CRISPR/Cas9, to modify the expression of SCW-related genes and engineering trees using 

synthetic biology approaches to redesign labile polymers (McCann and Carpita, 2015; Zhou et 
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al., 2015; Wang et al., 2018).  With the emerging climate crash, economic challenges and need 

for renewable energy, there is an imminent need to fast-track the use of wood energy in a bio-

based economy (Chanoca et al., 2019)  

1.7. Conclusion: A developing secondary xylem-specific plastid, the 

xyloplast 

Over the years, anthropogenic activities and the use of fossil fuels have created an imminent 

need to shift towards a bio-based economy that uses renewable energy (Mansfield et al., 2012; 

Vanholme et al., 2013a; Schutyser et al., 2018; Wang et al., 2018). Lignin is the most abundant 

renewable aromatic feedstock with high energy content and zero net CO2 release when burned, 

making it an excellent fuel in addition to be used for making carbon fibres, dispersants, phenols, 

sorbents and surfactants etc. (Qin and Phil, 2009; Smolarski, 2012; Bajpai, 2018). Annually, 

about 50 million tons of lignin is generated from pulping processes however, only approximately 

2% of it is used for industrial applications (Lora and Glasser, 2002; Kai et al., 2015; Cannatelli 

and Ragauskas, 2016). In order to tailor wood that can be efficiently converted into value-added 

products and fully utilize lignin, it is critical to dissect the molecular and biochemical 

mechanisms controlling wood formation (Plomion et al., 2001; Zhang, 2003; Foston and 

Ragauskas, 2012; Phitsuwan et al., 2013).  

Plastids are the exclusive site of the shikimate pathway which produces the key amino acid, Phe, 

for monolignol and ultimately lignin formation (Boerjan et al., 2003; Maeda and Dudareva, 

2012). However, very little is known regarding the flow of carbon through them (Pinard and 

Mizrachi, 2018). A comprehensive analysis of nuclear and organellar transcriptomes in 

Eucalyptus leaf, immature xylem, and phloem in comparison to other heterotrophic plastids 

showed that plastid-encoded gene expression in xylem is uniquely regulated to facilitate effective 

carbon partitioning towards SCW synthesis (Pinard et al., in preparation). These data support the 

notion of a developing secondary xylem-specific plastid, the xyloplast and makes it important to 

understand their role in carbon partitioning (Pinard and Mizrachi, 2018). The aim of this study is 

to dissect the ultrastructural changes that accompany the differentiation of chloroplasts into 

xyloplasts and determine the relationship between plastid morphology and function in the 

production of Phe for SCW synthesis in the VND7-inducible system in Arabidopsis.  Time-point 
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specific analysis of plastid ultrastructure during xylem differentiation will be performed using 

transmission electron microscopy in VND7-inducible Arabidopsis seedlings (Yamaguchi et al., 

2011). This study will play a key role in addressing the general gap in our understanding of sink 

tissue plastids, specifically xyloplasts 
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2.1. Summary  

Lignin is a fundamental component of the secondary cell wall and comprises 30% of woody cell 

wall biomass.  Plastids play a key role in the secondary growth of vascular plants as they are the 

exclusive sites of the pentose phosphate and the shikimate pathways, which are involved in the 

synthesis of aromatic amino acids needed for lignin biosynthesis.  However, very little is known 

about plastid biology, ontogeny and ultrastructure in developing secondary xylem tissues.  

Using a glucocorticoid-mediated posttranslational induction system of VND7 in Arabidopsis, 

where various cell types trans-differentiate into xylem vessel elements, we performed 

transmission electron microscopy (TEM) to study the changes in plastid morphology at different 

time points following induction of secondary cell wall (SCW) deposition in Arabidopsis leaves. 

We also analyzed published transcriptomic and metabolic data for the induced VND7 

Arabidopsis seedlings to contextualize these morphological changes to construct a coherent 

integrated view of plastid biology during SCW formation.  

Ultrastructural analysis of plastids revealed changes in plastid shape, size and membrane 

structure during the transition from chloroplast to a xyloplast. We now have new insight into 

xyloplast differentiation which is accompanied by the formation of a poorly studied, intermediate 

plastid type, namely an amoeboid plastid. The amoeboid stage transitions into a distinct plastid 

derivative that we identified as the xyloplast, which lacks an internal membrane system, contains 

dark electron dense material and has a diffuse outer membrane. Analysis of transcriptional and 

metabolic data showed that carbon partitioning to aromatic amino acids (AAAs) coincides with 

notable plastid morphological changes. By integrating detailed plastid ultrastructural changes 

and transcriptional and metabolic data during SCW formation in the VND7 system, we infer 

novel plastid structure-functional relationship in xyloplasts which adds to our understanding of 

the spatial and temporal regulation of SCW biosynthesis. 
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2.2. Introduction 

An endosymbiotic event, where a photosynthetic prokaryote was engulfed by an ancestral 

eukaryotic cell, first led to the development of plastids (McFadden, 2001; Marin et al., 2005; 

Choi et al., 2021). Following this, endosymbiotic gene transfer (EGT) allowed the transfer of key 

metabolic pathways from the cyanobacterial progenitor to the eukaryotic host (Martin et al., 

2002; Timmis et al., 2004). Alongside plant terrestrialization and evolution of vascular, seed and 

flowering plants, plastids evolved to perform specialized functions in different cells and tissues 

e.g. perform specialized functions in different cells and tissues as functionally (and indeed 

morphologically) distinct plastid types (Archibald, 2009; Keeling, 2010; de Vries et al., 2016; 

Choi et al., 2021). These specialized plastids evolved to vary in number, shape, size and genome 

copy number based on their metabolic function (Liere and Börner, 2013; Hanson and 

Sattarzadeh, 2014; Beltrán et al., 2018; Choi et al., 2021).    

Plastids show great plasticity and diversity in structure which significantly contributes to their 

specific function (Thomson and Whatley, 1980; Rudowska et al., 2012; Solymosi et al., 2018).  

Plastid morphological traits are also often used to define specialized plastids types (Thomson and 

Whatley, 1980; Solymosi et al., 2018). The most studied plastid type is the chloroplast found in 

photosynthetic tissues, the structure and function of which has been well studied (Rudowska et 

al., 2012). These lens shaped organelles consist of an outer and inner membrane which regulate 

protein transport and the thylakoid membrane which harbours light-harvesting complexes (Dilley 

and Rothstein, 1967; Sarafis, 1998; Chuartzman et al., 2008). The thylakoid membranes are 

tightly stacked to form the grana, which increases stability and surface area for light capture 

(Burgess, 1985; Mustárdy et al., 2008). In some chloroplasts, the inner membrane extends to 

form the peripheral reticulum which contains many vesicles that also increase surface area for 

cross-membrane transport and may even act as shuttles for transport between the thylakoids and 

inter-membrane space (Gracen et al., 1972; Huang and van Steveninck, 1990; Wise, 2007; 

Szczepanik and Sowiński, 2014).  

Chloroplasts have the ability to convert into different plastids types usually through light 

switching, hormonal treatments or in vitro induction systems (Buschmann et al., 1978; López-

Juez, 2007; Larkin and Ruckle, 2008; Larkin, 2014; Liu et al., 2017). For example, phytoene 

production (the first step in carotenoid synthesis) synthetically induces chloroplast-to-
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chromoplast differentiation in leaves (Llorente et al., 2020a). The differentiation is accompanied 

by the replacement of photosynthetic thylakoids and grana with tightly arranged, lipid-containing 

membrane stacks that are electron dense and the proliferation of plastoglobules (PG) (Llorente et 

al., 2020a). The discovery of phenyloplasts in vanilla fruit (Brillouet et al., 2014) as well as the 

tannosome (Brillouet et al., 2013) shows that plastid structure can be uniquely adapted for 

secondary metabolite production (Solymosi et al., 2018). Small vesicles containing condensed 

tannins, called tannosomes, form from the pearling of thylakoid membranes. These tannosomes 

bud off into the cytoplasm in tannosome shuttles, where they enter the vacuole and are deposited 

(Brillouet et al., 2013). Similarly, during the ripening of vanilla fruit, chloroplasts differentiate 

into phenol-glycosides accumulating phenyloplasts when their thylakoid membranes form large 

loculi filled with osmiophilic material (Brillouet et al., 2014).   

In developing secondary xylem tissue of vascular plants, plastids play a central role in providing 

the precursors needed for phenolic biopolymer synthesis during plant secondary growth through 

the plastid-localized shikimate pathway (Rippert et al., 2009b; Pinard and Mizrachi, 2018; Pinard 

et al., 2019). Nuclear-encoded genes whose proteins are involved in organellar carbon 

metabolism are transcriptionally co-regulated with SCW biopolymer biosynthesis and deposition 

(Pinard et al., 2019). A recent study of mRNA-seq data of plastid-encoded genes in Eucalyptus 

grandis mature leaf, phloem and immature xylem, showed that non-photosynthetic genes are 

uniquely up-regulated in xylem and phloem, even when compared to other heterotrophic tissues 

(Pinard et al. in preparation). This suggests that there is distinct regulation of plastid-encoded 

genes in xylem to facilitate carbon partitioning towards secondary cell wall biosynthesis, and 

provides evidence arguing for the existence of a xylem-specific plastid, the xyloplast (Pinard and 

Mizrachi, 2018).  

Ultrastructural analysis of plastids in developing secondary xylem is crucial to gain insight into 

how xyloplasts might be morphologically distinct from other non-green plastids, and how their 

structure may reflect their function during xylogenesis (Pinard and Mizrachi, 2018). However, 

the diverse cell types found in wood i.e. xylem fibers, vessels and parenchyma cells and the 

complexity with which xylem vessels are embedded in the plant body make it difficult to extract 

plastids from secondary xylem cells (Zimmermann, 2013; Brodersen et al., 2019; Tan et al., 

2019). Expression of VND7 promotes the up-regulation of SCW- and programmed cell death 
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(PCD)-related genes and results in the trans-differentiation of various cells into metaxylem-like 

vessels in Arabidopsis (Yamaguchi et al., 2008; Zhong et al., 2010; Yamaguchi et al., 2011; Li et 

al., 2016). The VND7 posttranslational induction system (Yamaguchi et al., 2008; Yamaguchi et 

al., 2010; Yamaguchi et al., 2011; Tan et al., 2018) allows greater control of sampling critical 

stages of xylem development. This is due to all cells being induced at the same time as opposed 

to normal xylem sampling, which contains cells at multiple stages of development which can 

confound the results. This system has also empowered high resolution studies of SCW synthesis 

(Farquharson, 2018; Watanabe, 2018; Watanabe et al., 2018; Meents et al., 2019) including 

transcriptomic (Li et al., 2016; Tong et al., 2021), proteomic (Derbyshire et al., 2015; Noguchi et 

al., 2018) and metabolomics studies (Li et al., 2016; Ohtani et al., 2016; Ohtani and Demura, 

2019). The VND7 system has also been previously used to study the organization of xylan 

production in the golgi during SCW differentiation (Meents et al., 2019) and would also in 

theory allow organellar ultrastructural studies to dissect the transition from chloroplasts to 

xyloplasts.    

In this study we utilised the VND7 induction system in Arabidopsis to (i) confirm that the VND7 

induction system can be a suitable model system to study plastid biology during SCW formation, 

(ii) investigate organellar morphology under varying time intervals post-induction, and (iii) re-

analyze existing transcriptomic and metabolomic data (Li et al., 2016) in light of any 

ultrastructural changes, to construct a model of plastid structure-function dynamics during 

xylogenesis. We hypothesized that given the existing molecular support for a unique plastid type 

(and preliminary microscopy from native Eucalyptus grandis trees) – we would observe 

morphological changes roughly corresponding to the metabolic changes occurring during SCW 

deposition. For the first time, we were able to use the VND7 system to study plastid morphology 

and development in induced xylem and provide novel insights into the structural changes that 

accompany xyloplast differentiation for mass phenylalanine (Phe) production. We describe the 

xyloplast, a morphologically distinct plastid type found in xylem vessels between 19 and 20 

hours after VND7 induction. Analysis of existing expression data in context of the 

morphological changes seen support the hypothesis that after polysaccharide synthesis, Phe 

synthesis occurs rapidly and is likely made available to the monolignol biosynthetic pathway 

through the degradation of plastids, likely as a result of PCD signaling. Knowledge of organellar 

role in carbon partitioning provides novel insight into understanding the spatial and temporal 
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regulation of cell wall biosynthesis and provides opportunities for the biotechnological 

manipulation of plastids to engineer woody biomass in trees in the future. 

2.3. Materials and Methods  

2.3.1. Plant growth, DEX treatment and VND induction 

Arabidopsis thaliana VASCULAR-RELATED NAC-DOMAIN7-inducible line VND7-VP16-

GR plants were used (Yamaguchi et al., 2010) which were kindly provided by Misato Ohtani 

(The University of Tokyo). For bulking, all seeds were kept at 4°C for at least 3 days prior to 

sowing and then germinated on jiffies. The plants were grown under long day conditions (~16 

hours light; 8 hours dark) at 20-22°C. Plants were watered every second day and were fertilised 

weekly with 2.5g/l of Multifeed Classic 19:8:16 N:P:K. The seeds were harvested after 6 weeks 

and used for induction experiments.  

For the induction experiments, wild type and VND7-VP16-GR seeds were surface sterilized by 

treatment with 70% ethanol for 5 min, followed by treatment with 0.1% Triton (Sigma) in a 10% 

bleach solution and subsequently washed 5 times in sterile distilled water.  Sterile seeds were 

then plated on germination media (1× Murashige-Skoog (MS), 1% Sucrose, 0.05% MES, 0.8% 

agar at pH 5.7). The plates were placed vertically in a growth chamber at 21̊ C in 24 hours of 

light and allowed to grow for 7 days.  To activate VND7-VP16-GR, whole Arabidopsis seedlings 

were removed from the plates under sterile conditions and soaked in water containing 10 µM 

(dissolved in DMSO and water) (DEX; Sigma). In order to track the VND7 induction of 

protoxylem tracheary elements, samples were stored in the dark and removed from the DEX 

solution and collected at 8, 12, 18, 24, 36 and 48 hours after induction (HAI) for microscopy 

analysis. These chosen time points and dark conditions allowed direct comparisons to be made 

with published transcriptome and metabolome data.       

2.3.2. Light microscopy  

Seven-day old induced Arabidopsis leaves were fixed in a solution of 2.5% glutaraldehyde/2.5% 

formaldehyde in 0.075M sodium phosphate buffer, for a minimum of two hours at room 

temperature. The leaves were then washed with 0.15M sodium phosphate buffer three times for 

15 minutes and dehydrated through a graded ethanol series (30%, 50%, 70%, 90% and 3x100%) 
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for 15 minutes each. Resin infiltration was performed by adding increasing concentrations of LR 

White resin in 100% ethanol at room temperature for 1 hour each. 100% LR White was added to 

the specimens and left at 4°C, overnight. Two more 100% resin exchanges were done followed 

by the embedding of leaves in gelatine embedding capsules, which were left for 36 to 48 hours in 

a 60°C oven. Semi-thin (1µm) sections were made with a Reichert Ultracut E microtome and 

stained with 1% toluidine blue in 1% sodium borate buffer, for 2 min. The semi-thin sections 

were then imaged with a Zeiss Axio Imager.M2. 

2.3.3. Transmission electron microscopy  

VND7-induced, VND7-uninduced and WT leaves were prepared for transmission electron 

microscopy. Samples were fixed and postfixed in the same mixture used for light microscopy. 

The leaves were positioned vertically and embedded in LR white gelatin capsules. A Reichert 

Ultracut E microtome was used to obtain ultrathin (100 nm) horizontal leaf sections which were 

then collected on copper grids, which were then stained in 1% aqueous uranyl acetate for 3 min 

and Reynold's lead citrate (Reynolds, 1963) for 3 min. The samples were imaged using the 

FEGTEM: Jeol 2100 transmission electron microscope. Two independent induction experiments 

were performed and microscopy was performed on leaf cross-sections obtained from individual 

seedlings (three biological replicates) for each induction experiment at every time point. The two 

induction experiments will hereon be referred to as trial one and trial two. 

2.3.4. VND7 transcriptional and metabolic analysis  

Published transcriptomic and metabolomics data (Li et al., 2016) was analysed using a custom 

designed R application called NExylo (Pinard et.al, in preparation). The NExylo application 

allows the custom visualisation of gene expression. 
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2.4. Results  

2.4.1. VND7 induction results in secondary cell wall deposition and changes in 

plastid ultrastructure 

 To confirm that VND7 induction was successful and led to SCW deposition, we initially 

performed TEM of leaf cross-sections induced under conditions previously reported (Li et al., 

2016). Treatment of 7-day old A. thaliana seedlings with DEX for 24 hours successfully resulted 

in the deposition of SCW in the leaf mesophyll cells between the primary cell wall and the 

plasma membrane. No SCW deposition was seen in WT seedlings (Figure 1A and B). The first 

signs of SCW deposition were seen at 24 hours after induction (HAI) (Figure 1C and D) as well 

as at 36 HAI (Figure 1E and F). By 48 HAI, further cell wall thickening was routinely observed 

(Figure 1G and H). This confirmed that the expression of VND7 successfully leads to formation 

of protoxylem.  

Figure 1 Secondary cell wall deposition in VND7 Arabidopsis thaliana leaves. Transmission electron 

microscope images of VND7 A. thaliana leaf cross sections showing normal primary cell walls in WT 

leaves (A&B) and deposition of SCW at 24 HAI (C&D), 36 HAI (E&F) and 48 HAI (G&H). Red arrows 

indicate SCW thickening. Images of SCW deposition and changes in morphology have been taken from 2 

independent technical replicates. Scale bars - A – 5000nm, B; D; F; G – 2000nm, C – 1000nm, E; H – 

5000nm 
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In order to study organellar morphology during xylem vessel differentiation, we subsequently 

imaged plastids in induced seedlings at 8, 12, 24, 36 and 48 HAI compared to controls. Light 

microscopy images performed at 8, 12, 18, 24 and 36 HAI revealed leaf sections containing 

chloroplasts stained blue using toluidine blue however, due to low magnification; it was difficult 

to study morphological changes (See Supporting Information Figure S1-7). TEM was then 

performed to study the fine-scale morphological changes. Normal chloroplasts were seen in both 

WT A. thaliana leaves (Figure 2A-C) and in leaves from 7-day old un-induced VND7 A. 

thaliana seedlings (Figure 2D-F).  

Figure 2 Normal chloroplast structure seen in WT and un-induced A. thaliana leaves. Transmission 

electron microscope images of intact plastids in wild type (A-C) and un-induced VND7 A. thaliana leaf 

cross sections (D-E). PG – plastoglobules; m – mitochondria Scale bars – A; D; E– 2000nm, B; C; F – 

1000nm 

The chloroplasts showed a typical globular/lens shape and were approximately 5μm long and 

2.5μm in width. A well-developed thylakoid membrane system was also seen in the stroma with 

granal stacks. No starch granules were seen in either WT or un-induced seedlings. This could be 

due to the fact that the seedlings were stored under dark conditions during induction. Low 

numbers of PG were present and intact inner and outer membranes of the chloroplast envelope 
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were seen. Mitochondria were also frequently present and found adjacent to the chloroplasts, e.g. 

Figure 2D and F.  

In DEX-induced VND7 seedlings a number of morphological changes were apparent. The initial 

changes in ultrastructure at 8 HAI (Figure 3A-C) included the swelling of chloroplasts, and 

conversion of the conventional disc shape to a horseshoe shape. Compared to WT (Figure 2A-C), 

dilations of the thylakoid membrane and granal stacks were seen. Changes in the thylakoid 

membrane system may have also resulted in the proliferation of what we deduce to be vesicles at 

8 HAI (Figure 3A).  

At 12 HAI, there was an increase in vesicle number and size compared to 8 HAI and the 

thylakoid membranes appeared more tightly arranged. No starch granules were present. The most 

notable change was seen in plastid morphology which was significantly different from the 

conventional disc-shaped chloroplast and had transitioned into a unique amoeboid shape. 

Invaginations of the plastid membranes resulted in parts of the surrounding cytoplasm (marked 

with an asterisk) being engulfed into the plastid (Figure 3D-F). No organelles were seen being 

engulfed along with the cytoplasm however mitochondria were frequently found in close 

proximity of the plastids (Figure 3D). Some plastids appeared to engulf two portions of 

cytoplasm, simultaneously (Figure 3E).  There was also an increase in the accumulation of PG at 

12 HAI (Figure 3D-F) compared to 8 HAI (Figure 3A-C). 

At 18 HAI (Figure 4A-C), the vesicles were still visible and no starch granules were seen. The 

amoeboid plastid shape was no longer observed, as the engulfed portion of the cytoplasm 

appeared isolated from the surrounding cytoplasm. This was possibly the result of fusion of the 

opposing plastidial membranes, as has been previously described using 3D reconstruction (Parra-

Vega et al., 2015). The engulfed cytoplasm will be referred to as the interplastidial space (IP). 

The IP appeared to have the same electron density as the surrounding cytoplasm (Figure 4A-C). 

Even at 18 HAI, the thylakoid membranes were disorganized but still visible. 
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Figure 3 Transition of disc-shaped chloroplasts into unique amoeboid shapes in induced VND7 A. 

thaliana leaves at 8 and 12 HAI. Transmission electron microscope images of VND7 A. thaliana leaf 

cross sections showing changes in plastid ultrastructure at 8 HAI (A-C) and 12 HAI (D-F). m- 

mitochondria; v- vesicles; PG- plastoglobules; engulfed cytoplasm indicated by asterisk. Scale bars – A; 

C; D – 2000 nm, B; E; F – 1000 nm 

Figure 4 Cytoplasmic engulfment and transition into a unique plastid type in induced VND7 A. 

thaliana leaves at 18 HAI. Transmission electron microscope images of VND7 A. thaliana leaf cross 

sections showing changes in plastid ultrastructure at 18 HAI. PG – plastoglobules; v – vesicles; IP – 

interplastidial space. Scale bars – A; C – 1000nm, B – 2000nm  

From 24 HAI to 48 HAI, when the first signs of SCW deposition were seen (Figure 1) there was 

further significant degradation of plastids accompanied by swelling and distortion of the inner 

thylakoid membranes (Figure 5). No starch granules or PG were visible inside the plastid at these 

time points and the degraded plastids were also surrounded by electron dense spots (indicated by 

PG 

v 
v v 
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black arrows). By 48 HAI, the inner plastidial membrane system had completely dissolved, the 

plastids were surrounded by what appeared to be released plastidial contents and cell death was 

observed (Figure 5). See Supporting Information Figure S8-11 for supplementary TEM images 

from the first induction experiment showing changes in plastid ultrastructure from 8 HAI-24 

HAI.  

Figure 5 Plastids swell and subsequently degrade at 24, 36 and 48HAI. Transmission electron 

microscope images of VND7 A. thaliana leaf cross sections showing changes in plastid ultrastructure at 

24HAI (A&B); 36 HAI (C&D) and 48 HAI (E&F). Arrows indicate released plastidial contents. Scale 

bars – A; B; D; F – 2000nm, C; E – 5000nm  

From these TEM images, we were able to study plastid morphology in this system for the first 

time. In summary, the initial microscopic study of changes resulting from VND7 induction from 

8 to 48 HAI allowed detection of the presence of amoeboid plastids and chloroplast conversion 

taking place. Major ultrastructural changes were observed between 18 HAI to 24 HAI, this is 

likely the result of the up-regulation of programmed cell death genes. This highlighted the need 

for a finer scale analysis of plastid ultrastructure between these time points. As a result, we set up 

new induction experiments to specifically sample finer time points covering this gap. 
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2.4.2. Finer scale TEM analysis revealed a morphologically unique plastid, the 

xyloplast  

Time point-based analysis of changes in plastid ultrastructure during VND7 induction revealed 

the common plastid transitioning intermediate, the amoeboid plastid. However, more insight was 

required into major plastidial change occurring between 18-24 HAI. Given the gap in our 

knowledge of plastid morphology between 18 HAI and 24 HAI, we performed a finer scale 

analysis of VND7 induction by looking at changes in organellar ultrastructure at 19, 19.5, 20, 

20.5, 21, 22, 22,5 and 23 HAI.   The time points from the previous induction experiment (8; 12; 

18; 24; 36 and 48 HAI) were also successfully repeated and showed plastid morphology similar 

to the results from the first induction experiment (See Supporting Information Figures S12-14; 

S23-25).  

At 19 HAI, unique plastid morphology was seen following previous cytoplasmic engulfment 

(Figure 6A-C, Supporting Information Figure S15). There was a transition from the lens-shape 

chloroplast into a round plastid type around approximately 2-2.5 m in diameter. The plastid 

lacked an inner membrane system and starch granules but was still surrounded by a double 

membrane indicative of the endosymbiotic event which gave rise to plastids. An electron dense 

centre (white asterisk) which could possibly be indicative of phenolic accumulation was seen. 

We describe this unique plastid type observed at 19 HAI as the xyloplast.  

Figure 6 A unique plastid type, the xyloplast, is seen at 19HAI. Transmission electron microscope 

images of VND7 A. thaliana leaf cross sections showing changes in xyloplast ultrastructure at 19 HAI. c- 

cytoplasm; asterisk shows electron dense centre. Scale bars – A; B – 2000nm and C – 1000nm  

At 19.5HAI (Figure 7A-C, Supporting Information Figure S16), the xyloplast could still be seen; 

however the centre of the xyloplast appeared less electron dense and amorphous electron dense 
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material was seen accumulating around the circumference. The outer membrane of the plastid 

appeared to be diffuse and could indicate secretion of plastidial phenolic contents into the 

surrounding cytoplasm (indicated by arrow in Figure 7C). Interestingly, this morphology was 

similar to those observed in plastids previously extracted from Eucalyptus grandis xylem 

scrapings (Pinard et al., in revision, supporting information Figure S26). Similar to the plastids 

we observed, the plastids extracted from E. grandis also showed a diffuse outer membrane. 

However, plastids extracted from E. grandis contained starch granules, which were not seen in 

our study at any time points or in the wild type. This could be due to the fact that in nature 

xyloplasts may differentiate from amyloplast precursors (Pinard & Mizrachi, 2018), whereas in 

our induction experiments chloroplasts (which were already lacking starch granules) are the 

precursors to the xyloplasts observed.   

Figure 7 The xyloplast shows a diffuse outer membrane at 19.5HAI. Transmission electron 

microscope images of VND7 A. thaliana leaf cross sections showing changes in plastid ultrastructure at 

19.5 HAI (A-C). Asterisk indicates electron dense material; arrow indicates diffuse outer membrane. 

Scale bars – 1000nm 

By 20 HAI, the plastids had become swollen and started to degrade (Figure 8A). Electron dense 

material was no longer visible and starch granules were still absent. Similar plastid morphology 

was seen from 20.5 to 23 HAI where the plastids appeared disorganized surrounded by electron 

dense material (Figure 8B-F; Supporting Information Figure S17-22). Although chloroplasts 

were sometimes seen in cells after induction (Figure 8B), most plastids formed part of a 

synchronous process which included xyloplast formation and subsequent plastid degradation.  
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Figure 8 Xyloplasts swell and begin to degrade after 20HAI. Transmission electron microscope 

images of VND7 A. thaliana leaf cross sections showing changes in xyloplast ultrastructure at (A) 

20HAI; (B) 20.5HAI; (C) 21HAI; (D) 22HAI; (E) 22.5HAI and (F) 23 HAI. Scale bars –A; C – 5000nm, 

B; D; F – 2000nm, E – 1000nm   

In summary, from the fine scale ultrastructural TEM analysis, we identified four key points in 

the conversion from chloroplast to xyloplast. These represent (i) native chloroplasts seen prior to 

induction, (ii) cytoplasmic engulfment occurring from 8-18 HAI to form an amoeboid plastid as 

a precursor to (iii) the xyloplast with a unique diffuse outer membrane and electron dense 

contents indicative of phenolics followed by (iv) plastid degradation at 20 HAI followed by cell 

death (Figure 9).  
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Figure 9 Key steps in the chloroplast to xyloplast conversion in VND7-inducible A. thaliana leaves. 

Native chloroplasts (dark green) engulf surrounding cytoplasm to form an amoeboid plastid (light green 

to dark blue) followed by the formation of the xyloplast (orange) and cell death (brown).  

2.4.3. Plastid structure is related to function in carbon partitioning during SCW 

formation   

In this study, we obtained novel TEM images of plastid structural changes occurring during 

xylem differentiation, as detailed in the preceding section. This was done using the VND7 

system under the same cellular and induction conditions described in previous studies (Li et al., 

2016). This allowed us to now investigate the relationship between plastid ultrastructure during 

xylem differentiation and its function, using published gene expression data, available for certain 

induced and un-induced time points in the VND7 system (Li et al., 2016). We specifically 

interrogated groups of genes that would be indicative of biological processes that should 

accompany the cellular and metabolic transition accompanying SCW formation.  

As the chloroplasts transitioned into amoeboid plastids, we analysed the changes in expression of 

photosynthetic genes. Compared to the control, transcripts of genes involved in photosynthesis 

were significantly down regulated immediately upon induction of the SCW-related genes (Figure 

10A). Morphologically this corresponds to our observations that the chloroplasts lost their 

internal thylakoid membrane structure and grana, which are sites of light-harvesting complexes 

and photosynthesis, and started transitioning into the amoeboid plastid from 8 HAI (Figure 3A-

C, Figure 9). 

Upon induction, there was a rapid increase in the expression of SCW-related genes (Figure 10B). 

In Arabidopsis, several known secondary wall NAC master switches (SWNs) can be found that 

act as master regulators of SCW biosynthesis including VND1–VND7, SND1, NST1 and NST2 

(Zhong et al., 2019). As expected, induction first led to the activation of VND7 expression, 

which was followed by the sequential activation of general SCW TF-encoding genes such as 

SND2, MYB85, MYB20, MYB42, MYB83, MYB58 and KNOTTED ARABIDOPSIS 
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THALIANA7 (KNAT7) (Figure 10B). Compared to the other general SCW TFs, the expression 

of MYB63, which is a known lignin-specific regulator (Zhou et al., 2009), was only activated 24 

HAI, potentially indicating that at least some genes involved in lignin synthesis are transcribed 

after the xyloplast has burst (Figure 10B).     

After transitioning from primary cell wall synthesis, SCW synthesis and deposition occurs in a 

series of events starting with the production of polysaccharides i.e. xylan and cellulose (Meents 

et al., 2018). Xylan (Figure 10C) and cellulose (Figure 10D) synthesis genes were mostly up 

regulated from 6-12 HAI, and remained expressed throughout. Polysaccharide synthesis is 

followed by SCW maturation, in which lignification precedes and co-occurs with programmed 

cell death (Smith et al., 2013; Meents et al., 2018). Upon induction, lignin synthesis and 

deposition transcripts were up-regulated from 9 HAI, however the complete monolignol 

biosynthesis pathway (including genes coding for enzymes in early steps of this pathway such as 

4CL and C4H) could only be observed from 24 HAI and onwards (Figure 10E). Along with 

MYB63 expression (Figure 10B), this indicates that monolignol biosynthesis most likely begins 

to a large extent around or after 24 HAI.   

The shikimate pathway plays an important role in lignin synthesis as it is responsible for the 

shunting of carbon into Phe biosynthesis, which is a precursor for monolignols (Figure 10F). We 

observed that the shikimate pathway genes are expressed as early as 6 HAI, although Phe 

synthesis possibly only occurs between 12-24 HAI, as the arogenate dehydratase (ADT) genes, 

which catalyse the final conversion of arogenate to Phe, are expressed highly between 12-24 

HAI (Figure 10F). An important precursor for the shikimate pathway is erythrose-4-phosphate 

(E4P), which is synthesized by the pentose phosphate pathway (PPP). However, the central PPP 

genes - TK and TAL - which play a role in the interconversion of sugars to produce E4P did not 

appear to be transcriptionally co-regulated with SCW synthesis like the other abovementioned 

pathways, nor was their expression coupled to metabolic functions (Figure 10G). This is mainly 

because the PPP genes did not show differential regulation in their expression between induced 

and un-induced samples. However, it is still possible that other regulatory mechanisms such as 

protein post-translational modification or metabolic regulation could play a role in the PPP 

regulation for E4P synthesis and carbon partitioning.   

 



64 
 

Figure 10 Changes in transcript abundance of genes associated with SCW formation in VND7 seedlings 

Transcript profiles of selected (A) photosynthesis-related genes, (B) genes involved in patterned 

deposition of secondary walls, (C) xylan, (D) cellulose and (E) lignin biosynthesis and (F) shikimate and 

(G) pentose phosphate pathway-related genes at 1, 3, 6, 9, 12, 24, 30 and 48 HAI. Left panel: VND7-

induced transcript profiles; right panel: control. Grey scale - percentile rank of expression of the gene in 



65 
 

specific tissue compared to other expressed genes. The coloured bars indicate the different phases shown 

in Figure 9 vs. the green control bar indicative of chloroplasts. Figures generated using previously 

published data (Li et al., 2016). 

By analysing previously published metabolic data in light of TEM evidence generated in this 

study, we were able to infer a structure-function relationship between the xyloplast and Phe 

production for SCW synthesis.  During vessel differentiation, increased levels of nucleotide 

sugars are required as building blocks for cellulose and hemicellulose synthesis. There is high 

expression of sucrose synthase 4 (SUS4) between 9-12 HAI (Figure 10D), which is mainly 

responsible for the synthesis of UDP-glucose (UDP-Glc). UDP-Glc is the direct substrate for 

cellulose synthesis and the precursor to UDP-xylose when converted to UDP-Glucuronic acid 

(UDP-GlcA). Interestingly, cytosolic invertase 2 (cINV2) - which converts sucrose to glucose – 

is highly expressed at 6 HAI (Figure 10D). This could increase the cytosolic glucose pool which 

can then be converted to glucose-1-phosphate and subsequently to UDP-Glc by UDP-glucose 

pyrophosphorylase (UGP), which is also highly expressed at 3 and 6 HAI (Figure 10D). From 

this, we can infer that UDP-glucose in this system might be derived both from sucrose via SUS4 

as well as directly from glucose via UGP. Both UDP-Glc and UDP-GlcA peak before 9HAI after 

which they start decreasing, specifically between 12-24 HAI (Figure 11), which is consistent 

with when polysaccharide synthesis would be beginning and taking place, the decrease in UGP 

expression (Figure 10D) and the increase in lignin synthesis (Figure 10E).  

In Li et al., 2016, the increase in Phe at 24 HAI was said to indicate the increase in/ onset of 

lignin biosynthesis. Through our analysis, we also observed that Phe levels only seem to increase 

after 12 HAI and show a peak at 24 HAI (Figure 11) which is consistent with some early (C4H 

and 4CL) and late (CAD) monolignol synthesis genes only being expressed between 12-24 HAI 

(Figure 10E). Phe levels drop after 24 HAI– presumably – when the flux of Phe through the 

monolignol pathway may be at its highest and Phe is no longer being synthesized.  
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Figure 11 Changes in levels of metabolites needed for SCW synthesis in in VND7-induced seedlings. 

Alterations in levels of UDP-Glucose (UDP-Glc), UDP-Glucuronic Acid (UDP-GlcA) and Phenylalanine 

(Phe) needed for cellulose, xylan and lignin synthesis, respectively. Figured generated using previously 

published data (Li et al., 2016). 

The transcriptional and metabolic expression data combined with the morphological changes 

occurring during the chloroplast-xyloplast conversion provide new insights into organellar 

biology during xylem differentiation. The drastic morphological changes occurring between 12-

24 HAI support that Phe synthesis increases from 12 HAI and peaks at 24 HAI. Plastid 

disintegration immediately follows the rapid production of Phe at 24 HAI where peak Phe levels 

are present in the cell (Figure 11).  

 

VND7, being a vessel SCW master regulator, also activates programmed cell death soon after its 

expression (Laubscher et al., 2018). Using BFN1 as an indicator of this, we looked at its 

expression.  BFN1 which is expressed at 12 HAI and peaks around 24 HAI is involved in 

programmed cell death (PCD) and coincides with the degradation of plastids and cell death by 48 

HAI. This degradation may therefore play a role in making Phe available to be metabolised by 

the monolignol synthesis pathway as the xyloplasts burst at 24 HAI.  Phe levels continue to 

decrease after 36 HAI (Figure 11) which coincides with the up-regulation and abundance of 

transcripts for all obligate steps of the monolignol biosynthesis pathway between 24-36 HAI 

(Figure 10E) and SCW deposition taking place. It is known that the monolignol biosynthetic 

pathway takes place rapidly as no accumulation of monolignols is seen inside cells and 

monolignols are rapidly polymerized in secondary cell walls (Smith et al., 2013; Perkins et al., 

2022).  

We infer from this synthesis and joint lines of evidence that the chloroplast-xyloplast conversion 

begins around 8 HAI, which coincides with the partitioning of carbon towards Phe synthesis at 9 

HAI. The bona fide xyloplast exists for a short amount of time (between 19-20 HAI) where it 
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could play a role in the rapid synthesis of Phe which occurs between 12-24 HAI after which it is 

fed directly into the monolignol synthetic pathway for ultimate lignification preceding and 

followed by PCD accompanied by plastid degradation from 36-48 HAI.  

2.5. Discussion  

The unique differential regulation of organellar-encoded genes in E. grandis immature xylem vs 

leaf forms precedent for a new non-photosynthetic plastid type, the xyloplast (Pinard and 

Mizrachi, 2018; Pinard et al., 2019). As distinct plastid types are often described based on 

specialised functions and distinct morphologies (Thomson and Whatley, 1980; Wise, 2007; 

Solymosi et al., 2018), we studied the ultrastructural dynamics that accompany the conversion of 

chloroplasts to xyloplasts in Arabidopsis VND7-induced seedlings. We also analysed published 

transcriptional and metabolic changes occurring during the chloroplast to xyloplast 

interconversion in this system to integrate xyloplast interconversion and structure to its function 

in the partitioning of carbon during wood formation.    

The isolation of intact plastids from wood is a major obstacle as (i) it is difficult to access intact, 

live cellular material from developing xylem due to secondary cell walls, (ii) the mechanical 

grinding of tissues often damages the plastidial outer membrane, which (iii) in addition to the 

potential presence of starch granules within the plastid stroma, leads to plastid lysis (Jain et al., 

2008; Tan et al., 2019).  This makes it necessary to use an alternative method to study intact 

plastids in develpoping xylem cells. Comparison of the expression of secondary xylem 

regulatory and biosynthetic genes between the VND7 induction system in Arabidopsis (Li et al., 

2016), the Populus xylem developmental series (Sundell et al., 2017) as well as Eucalyptus 

immature xylem, showed that 24 HAI in the VND7 system is comparable with xylem in trees 

(Pinard et al. in revision). Transmission electron microscopy of plastids extracted from E. 

grandis secondary xylem scrapings (See Supporting information Figure S3) also revealed 

morphologically distinct plastids that were structurally comparable to plastids seen at 19 HAI in 

DEX-induced VND7 Arabidopsis leaves (Figure 5 and 6). The similarity between plastid-

targeted gene expression and morphology in E. grandis immature xylem and Arabidopsis VND7 

induced plants, during SCW formation, thus makes this a suitable induction system for studying 
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xyloplast development and inferring structure-function relationships (Li et al., 2016; Pinard et 

al., in revision). 

From our observations, we note distinct phases in the differentiation of xyloplasts from 

chloroplasts in the VND7 induction system. At VND7 induction, the plastid membrane forms 

invaginations to facilitate the uptake of cytoplasmic material, to form an amoeboid plastid 

(Figure 3, 4, see Supporting information Figure S8, S9, S12, S13). This is followed by a rapid 

change in the membrane structure and subsequent plastid disintegration. Plastid differentiation 

can be triggered by environmental and/or developmental stimuli (Jarvis and López-Juez, 2013; 

Liebers et al., 2017) which is essential as it allows cellular specialization based on biological 

processes taking place in different plant tissues (Llorente et al., 2020a). Based on evidence 

presented here, we deduce that xyloplast differentiation is regulated by signals directly from or 

downstream of VND7. This is accompanied by programmed cell death, and is further supported 

by the decline in UDP-Glc levels (needed for cell wall polysaccharide synthesis) as the 

expression of the PCD marker, BFN1, increases. Further, the morphological changes are directly 

related to Phe biosynthesis for monolignol synthesis, as the membranes rupture and peak Phe 

levels occur with the beginning of SCW deposition at 24 HAI, just prior to monolignol 

biosynthesis.   

Interconversion between different plastid types usually involves remodelling of the internal 

membrane system (Spurr and Harris, 1968; Suzuki, 1974; Cheung et al., 1993; Simkin et al., 

2007), changes in size and number of plastoglobules (Harris and Spurr, 1969) and changes in 

plastid shape (Waters et al., 2004), size (Egea et al., 2010). Remodelling of the plastidial 

membrane system is often accompanied by the proliferation of vesicles as seen between 8-18 

HAI in our study (Figures 3 and 4). Vesicles originating from plastid membranes have 

previously been described in various plastid types such as proplastids, chloroplasts, 

chromoplasts, etioplasts, dessicoplasts and leucoplasts (reviewed in Lindquist et al., 2016). In 

proplastids, invaginations and vesicles originating from the envelope are often implicated in 

playing a role in thylakoid biogenesis (Lindquist et al., 2016). Vesicles have also been seen 

originating from the inner plastid membrane during the chloroplast-to-chromoplast transition 

(Spurr and Harris, 1968; Egea et al., 2010; Lindquist et al., 2016) as well as in etio-chloroplasts, 

the intermediates formed during etioplasts-to-chloroplast conversion (Kohn and Klein, 1976; 
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Orsenigo et al., 1976; Lindquist et al., 2016) which could mean they are commonly seen forming 

during plastid interconversion. In addition to developmental changes, plastids exposed to stress 

conditions e.g. metal deficiency (Platt-Aloia et al., 1983; Solymosi and Bertrand, 2010) also 

often show scattered vesicles formed by swollen thylakoids which are different from the 

abovementioned peripheral vesicles (Abdelkader et al., 2007). This can sometimes make the 

classification of vesicles confusing (Lindquist et al., 2016). Vesicles are also occasionally 

claimed to be artefacts of treatments and fixation conditions. However, a study by Lindquist et 

al., showed that vesicles are present in various sampling conditions and fixation protocols which 

suggests that they play a key role in the maintenance and development of the inner membranes of 

plastids rather than being just artefacts (Lindquist et al., 2016). Based on these TEM images 

alone, it is still difficult to deduce whether the vesicles seen occurred in response to stress (as the 

cell is simultanousely undergoing PCD during VND7 induction), or whether these vesicles 

potentially perform a particular role such as in the transport of metabolites or membrane 

remodelling/maintenance like in the abovementioned studies. Future studies testing multiple 

fixation conditions, analyzing specific markers, lipid composition and/or labeling sub-cellular 

components can shed further light on this.    

Another observation at early times after induction was the accumulation of spherical osmiophilic 

globules or plastoglobules (PG) in between the thylakoid membranes (Figures 3 and 4). PG are 

found in all plastid types such as chloroplasts, chromoplasts, and leucoplasts and are lipid 

droplets, (Bailey and Whyborn, 1963; Greenwood et al., 1963; Lichtenthaler, 1968; Kessler and 

Vidi, 2007; Eugeni Piller et al., 2012) that are coated with proteins which include plastoglobulin 

proteins, enzymes involved in lipid metabolic pathways and unclassified proteins (Vidi et al., 

2006a; Ytterberg et al., 2006). An increase in size and number of PG during the chloroplast–

chromoplast transition has been described before (Harris and Spurr, 1969). However, this could 

be due to the role that plastoglobulins play in carotenoid sequestration and unique to chromoplast 

biogenesis (Bréhélin and Kessler, 2008). Interestingly, biotic and abiotic stress conditions such 

as nitrogen deprivation, chilling etc. (Nordby and Yelenosky, 1985; Gaude et al., 2007) also 

often increase the size and number of PG. This is due to the disassembly of thylakoid membranes 

which leads to the accumulation of fatty acid phytyl esters (FAPEs) (Gaude et al., 2007; Bréhélin 

and Kessler, 2008; Eugeni Piller et al., 2012).The up-regulation of plastid lipid metabolism 

during senescence and in response to oxidative stress also leads PG to connect and form grape-
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like clusters (Austin et al., 2006) similar to our observations (Figure 3D-F). Similarly to vesicles, 

the increase in PG during chloroplast to xyloplast conversion could be due to PCD-induced stress 

or due to their potential role in phenolic sequestration or membrane remodelling during plastid 

interconversion. Further studies will be needed to elucidate their function.  

Lastly, we also observed changes in plastid shape and size as amoeboid plastids were seen in our 

study during the conversion of chloroplasts to xyloplasts. Amoeboid plastids have been 

previously described as common intermediates in the differentiation of various plastid types such 

as the differentiation from proplastid to chloroplasts in Phaseolus vulgaris primary leaves 

(Whatley, 1974; Thomson and Whatley, 1980) and during chloroplast regeneration in 

Streptanthus tortuosus tissue culture (Sjolund and Weier, 1971). It has been suggested that the 

changes in plastid morphology could be due to either one or a combination of  (i) change in 

stromal sol-gel state, (ii) change in envelope character, (iii) change in volume to surface area 

ratio and/or iv) change in metabolic stage (Thomson and Whatley, 1980).  

Cytolysosomes, formed from the endoplasmic reticulum, have also been shown to engulf 

portions of cytoplasm as part of an autophagic process (Villiers, 1967). Similarly, leucoplasts 

found in degenerating suspensor cells of Phaseolus coccineus showed invaginations engulfing 

portions of cytoplasm with acid phosphatase activity detected in the intraplastidial (IP) space 

(Nagl, 1977; Gärtner and Nagl, 1980). These lytic plastids were termed plastolysomes due to the 

degradation of soluble proteins in the engulfed cytoplasm (Nagl, 1977; Gärtner and Nagl, 1980) 

and could be an alternative hypothesis to explain the amoeboid plastids we observed after VND7 

induction. However, lytic activity was visibly notable as the engulfed compartment was more 

electron-translucent than the surrounding cytosol, indicative of digestion (Nagl, 1977; Gärtner 

and Nagl, 1980). Similarly, plastolysomes were also reported in Dendrobium cv. Lucky Duan 

petals with detectable acid phosphatase activity and electron-translucent content in the IP space 

(van Doorn et al., 2011). These plastolysomes were found in freshly cut flowers and in all stages 

of petal development, hence no relationship was found between their formation and starvation-

induced autophagy or programmed cell development, respectively (van Doorn et al., 2011). This 

indicated that although these plastolysomes resulted in cytoplasmic degradation, they formed 

part of normal cellular development (van Doorn et al., 2011).  
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Although at 24 HAI we observed that plastids had become swollen and started to degrade, the 

electron translucency of the IP space was consistent with that of the surrounding external 

cytoplasm which indicates lack of soluble contents, hence lack of digestion. Interestingly, 

structural evidence of digestion was not seen in Brassica napus microspores, in which 40% of 

the plastids transitioned into plastolysomes during the developmental switch of microspores 

toward embryogenesis (Parra-Vega et al., 2015). However, even with the lack of electron 

translucency, the presence of acid phosphatase activity, reduction in plastid number and 

autophagy previously associated with embryogenesis induction (Corral-Martínez et al., 2013) 

support the role of plastolysome-mediated autophagy in a ‘cellular cleaning program’ needed for 

the cell to adapt to the new developmental surroundings (Seguí‐Simarro and Nuez, 2008; Corral-

Martínez et al., 2013; Parra-Vega et al., 2015). The presence of conventional plastids in embryos 

derived from microspores also supports the notion that plastolysomes are a transient stage seen 

during developmental switches, where cytoplasm is engulfed, digested and excreted (Parra-Vega 

et al., 2015). In order to confirm if the amoeboid plastids we detected play a role in cellular 

cleaning and autophagy, it will be important to test the IP space for acid phosphatase activity.   

In an ultrastructural study of pumpkin cotyledons, 2-(4-chlorophenylthio)ethyldiethylammonium 

chloride (CPTA) was used to induce the conversion of chromoplasts from proplastids and 

chloroplasts (Simpson et al., 1974). Plastids in the orange region of cotyledons exposed to CPTA 

and light, contained vesicles and plastid membrane invaginations that appeared to have engulfed 

mitochondria, whereas native chloroplasts were seen in the green regions (Simpson et al., 1974). 

In addition to chemical treatment, various levels of plastid regulation can be used to study plastid 

differentiation. This includes the hormonal induction of amyloplast differentiation from 

proplastids in BY-2 Nicotiana tabacum cells cultured in auxin-depleted medium in the presence 

of cytokinin (Miyazawa et al., 1999). The addition of lovastatin, which inhibits endogenous 

cytokinin accumulation, results in decreased starch deposition and ADP glucose 

pyrophosphorylase small subunit (AgpS) gene transcriptional levels needed for starch synthesis 

(Miyazawa et al., 2002). Artificial chloroplast-chromoplast conversion can also be elicited by 

synthetically inducing phytoene production in tobacco and Arabidopsis leaves (Llorente et al., 

2020a). Phytoene is the intermediate formed from the first committed step in the carotenoid 

pathway (Cuttriss et al., 2011; Tian, 2016; Llorente et al., 2020a). In the first phase of 

interconversion, phytoene overexpression functions as a metabolic switch resulting in down 
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regulation of photosynthesis and weakened chloroplast identity. In the second phase, carotenoid-

related genes expression and plastid morphology are concurrently reprogrammed for the 

conversion of phytoene into carotenoids and their subsequent storage in chromoplasts (Llorente 

et al., 2020a). Hence, loss of photosynthetic ability and increased carotenoid production are 

requirements for and not consequences of chromoplast differentiation (Llorente et al., 2020a). 

Xyloplast differentiation was also accompanied by chloroplast preconditioning to loss of 

photosynthetic ability and the up regulation of downstream pathways i.e. the shikimate pathway 

which led to an increase in Phe synthesis, mainly provided by the arogenate pathway (Maeda et 

al., 2010a; Maeda et al., 2011). Two isoforms of arogenate dehydratase (ADT type-I and type-II) 

can catalyse and regulate the final step of Phe biosynthesis from arogenate via feedback-

inhibition (Bonner and Jensen, 1987; El-Azaz et al., 2019). Although type-I enzymes are 

inhibited by high Phe levels, type-II enzymes evolved to overcome this inhibition (El-Azaz et al., 

2019). The activity of type-II ADT enzymes allows for high levels of Phe accumulation in the 

plastid stroma for transport to the cytosol for monolignol synthesis, which is a major limiting 

step in lignin biosynthesis in vascular plants (Jung et al., 1986; Rippert et al., 2009b; Guo et al., 

2018). Stable isotope labelling experiments showed that ADT1 suppression led to down 

regulation of carbon flux toward shikimic acid. Phe hyperaccumulation was seen in Arabidopsis 

plants overexpressing AtADT4 (Chen et al., 2016) whereas knocking out AtADT4 and AtADT5 

in A. thaliana caused a reduction in G and S lignin monomers which highlighted their primary 

function in Phe biosynthesis for lignin accumulation (Corea et al., 2012). Suppression of ADT1 

in Petunia hybrida flowers also resulted in decreased levels of Phe and the down regulation of 

carbon flux towards the shikimate pathway (Maeda et al., 2010b). The ADT family plays a 

pivotal regulatory role in carbon allocation at the branch point between the shikimate pathway 

and the cytosolic phenylpropanoid metabolic networks through Phe feedback inhibition (Corea et 

al., 2012). Future work should investigate the possible role of ADT regulation as a metabolic 

switch to trigger xyloplast differentiation for mass Phe synthesis.  

The VND7 induction system has also previously been used to study the Golgi apparatus, central 

to hemicellulose biosynthesis (Meents et al., 2019). The study found that there was an increase in 

Golgi and mitochondrial abundance during SCW deposition, independent of xylan biosynthesis 

(Meents et al., 2019). Although random in distribution, the Golgi was found near SCW 
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deposition sites due to the free cytoplasmic space available. However, this differed from 

mitochondria, that were significantly found in closer proximity to SCWs (Meents et al., 2019). In 

our study, plastids appeared to be in close proximity to with the plasma membrane and 

mitochondria were often seen adjacent to plastids during cytoplasmic engulfment (Figure 3). 

However, further analysis and measurements would be required to deteremine whether plastids 

are randomly distributed or are significantly closer to SCWs in order to facilitate Phe supply for 

monolignol synthesis to these domains.  

Although plastid role in secondary growth is not well studied, the electron dense regions seen in 

the xyloplast at 19 HAI are consistent with the up-regulated production of compounds derived 

from aromatic amino acids in monoterpene (Turner et al., 1999), tannin (Brillouet et al., 2013) 

and phytomelanin production (Coutinho et al., 2021). The leucoplasts found in peppermint 

secretory cells, where monoterpene synthesis is initiated (Eisenreich et al., 1997; Turner et al., 

1999; Tholl et al., 2004), showed varying amoeboid-like shapes (Turner and Croteau, 2004). 

Brillouet et al. (2013) described the tannosome, a novel plastid type derived from chloroplasts 

involved in tannin polymerization by the ‘pearling of the thylakoids’. In the Asteraceae species, 

phytomelanin precursors are synthesized in plastids and also follow the “pearl necklace” model 

of the tannosome (Brillouet et al., 2013; Brillouet, 2015; Coutinho et al., 2021). Phytomelanin 

production is closely related to seed sclerification, which is strongly indicative of the 

involvement of SCW-related phenolic compounds in phytomelanin synthesis (Britton, 1983; 

Solano, 2014; Glagoleva et al., 2020; Coutinho et al., 2021). Future studies should identify ways 

to label Phe which would allow us to determine whether the electron dense regions seen in the 

xyloplast represent mass Phe synthesis and accumulation. 

Production of monolignols is a multi-compartmental process as it relies on Phe synthesis which 

takes place in the plastid stroma (Maeda et al., 2010a; Maeda et al., 2011; Yoo et al., 2013). As 

the inner plastidial membrane is selectively permeable (Weber et al., 2005) and Phe has a low 

permeability coefficient (Carruthers and Melchior, 1983; Chakrabarti and Deamer, 1992), Phe 

transport from plastids is unlikely to occur through simple diffusion (Widhalm et al., 2015).  In 

the tannosome, plastid-synthesized tannins are thought to be transported to the vacuole in plastid-

derived shuttles (Brillouet et al., 2013) while in Petunia hybrida flowers, a plastidial cationic 

amino-acid transporter (PhpCAT) has been identified in plastidial phenylalanine transport 
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(Widhalm et al., 2015). In the xyloplast, it was hypothesized that Phe transport could occur via 

budded off vesicles or through close membrane contacts between the plastid and ER (Pinard and 

Mizrachi, 2018). However, due to the absence of budded off vesicles during xyloplast 

differentiation, no close contact seen between plastid and ER and, the absence of PhpCAT 

transporter homologs in Eucalyptus and Poplar, we deduce from this work that Phe is probably 

made freely made available in the cytosol by bursting and degradation of plastids seen starting at 

20 HAI (Figure 7). Plastid disintegration however could be the result of PCD. Using different 

concentrations of DEX, or selectively repressing PCD processes to prevent PCD in this system 

would shed more light on whether bursting of plastids holds a unique purpose in Phe availability 

to the cytosol. 

The TEM analysis of xyloplast formation at a finer timescale has provided novel insights into 

how the changes in morphology between 18-24 HAI correlate with xyloplast function. 

Metabolite data shows that most Phe synthesis takes place between 12-24 HAI and peak Phe 

levels are found at 24 HAI. Plastid disintegration and PCD immediately follow the rapid 

appearance of Phe presumably making it available to be metabolised by the monolignol synthesis 

pathway. The enzymes required for the complete monolignol biosynthetic pathway are expressed 

at 24 HAI, which would explain the drop in Phe levels after this time point as it gets rapidly used 

up for monolignol synthesis. A recent study using fungal laccase containing liposomes in the 

presence of monolignols showed that the gradient formed by monolignol polymerisation drives 

the rapid diffusion of monolignols across the plasma membrane (Perkins et al., 2022). As 

monolignols are rapidly synthesized and polymerized in SCWs (Smith et al., 2013), rapid 

synthesis of Phe would be required and is supported by our findings.  

More than 30% of all fixed carbon is shunted to the plastid-localised shikimate pathway (Tohge 

et al., 2013), a large proportion of which is channelled towards the production of AAA and 

derived-secondary metabolites such as lignin which is a key component of the secondary cell 

wall (SCW) along with cellulose and hemicellulose. In plants, about In plants, about 20–30% of 

carbon fixed during photosynthesis is directed towards the shikimate pathway which is involved 

in the production of Phe and Phe-derived compounds (Haslam, 1993) which constitute 30–45% 

of plant organic matter (Razal et al., 1996). One example of such a compound is lignin, which is 

a key component of the SCW and is made up of monolignols derived from plastid-synthesized 



75 
 

Phe (Bonawitz and Chapple, 2010). However, as the SCW in woody tissues of plants hinders 

detailed examination our knowledge of plastids structure and function in developing xylem is 

very limited (Pinard and Mizrachi, 2018). The aim of this study was thus to gain a high-

resolution characterization of xyloplast ultrastructure, a specialised wood-specific plastid found 

in developing xylem, using the VND7 induction system in Arabidopsis as well as to characterize 

the link between plastid terminal differentiation and degradation and carbon partitioning in 

xylogenesis. The main conclusions drawn from this study are that: (i) the VND7 induction 

system is a suitable model system to study plastid biology in xylem; (ii) the presence of an 

amoeboid plastid during the transition from chloroplasts to xyloplasts provides further evidence 

for the existence of a morphologically distinct plastid type found in wood; (iii) the morphological 

characteristics of xyloplasts present at 19/19.5 HAI in Arabidopsis and xyloplasts extracted from 

Eucalyptus xylem further support our findings and lastly, (iv) analysis of published VND7 

expression data shows that there is a structure-function relationship between changes in xyloplast 

morphology and the partitioning of carbon towards phenylalanine synthesis. We conclude that 

the xyloplast exists for a short period of time where it rapidly synthesizes Phe, which is made 

available for monolignol biosynthesis as the xyloplasts degrade due to programmed cell death. 

This study highlights the central role of organellar metabolism during SCW formation and 

provides novel insight into the ultrastructural dynamics accompanying the shunt of carbon from 

sugar to phenolics during secondary growth.   
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2.8. Supporting Information 

Supplemental Figure S1  

Figure S1 Globular chloroplasts can be seen in wild type Arabidopsis thaliana leaves. Light 

micrographs of transverse sections of leaves from 1-week-old WT Arabidopsis plants stained with 

toluidine blue. Scale bars – 10um 
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Supplemental Figure S2 

Figure S2 Chloroplasts comparable to wild type seen in un-induced VND7 Arabidopsis thaliana 

leaves. Light micrographs of transverse sections of leaves from 1-week-old VND7 Arabidopsis plants 

without induction, stained with toluidine blue. Scale bars – 10um 
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Supplemental Figure S3 

Figure S3 Transition of disc-shaped chloroplasts into unique amoeboid shapes. Light micrographs of 

transverse sections of leaves from 1-week-old VND7 Arabidopsis plants 8 HAI, stained with toluidine 

blue. Some chloroplasts appeared to be engulfing cytoplasmic material (red arrows in C and D) while 

others remained a globular shape. Scale bars – 10um 
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Supplemental Figure S4 

Figure S4 Cytoplasmic engulfment seen at 12 HAI. Light micrographs of transverse sections of leaves 

from 1-week-old VND7 Arabidopsis plants 12 HAI, stained with toluidine blue. Chloroplasts appeared to 

be engulfing cytoplasmic material. Scale bars – 10um 
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Supplemental Figure S5 

Figure S5 Globular chloroplasts can no longer be seen at 18 HAI. Light micrographs of transverse 

sections of leaves from 1-week-old VND7 Arabidopsis plants 18 HAI, stained with toluidine blue. Scale 

bars – 10um  
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Supplemental Figure S6  

Figure S6 The plastids appear rounder at 24 HAI however SCW thickening is not clearly visible. 

Light micrographs of transverse sections of leaves from 1-week-old VND7 Arabidopsis plants 24 HAI, 

stained with toluidine blue. SCW deposition cannot be seen at this magnification. Scale bars – 10um 
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Supplemental Figure S7 

Figure S7 Plastids appear enlarged and degraded. Light micrographs of transverse sections of leaves 

from 1-week-old VND7 Arabidopsis plants 36 HAI, stained with toluidine blue. The plastids appear to 

have lost their membrane integrity and degraded. Scale bars – 10um 
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Supplemental Figure S8 

Figure S8 Transition of disc-shaped chloroplasts into unique amoeboid shapes. Transmission 

electron microscope images (trial 1) of VND7Arabidopsis thaliana leaf cross sections showing changes in 

plastid ultrastructure at 8 HAI. The chloroplasts transitioned into a horse-shoe shape known as an 

amoeboid plastid. Scale bars – 1000nm 
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Supplemental Figure S9 

Figure S9 Transition of disc-shaped chloroplasts into unique amoeboid shapes. Transmission 

electron microscope images (trial 1) of VND7Arabidopsis thaliana leaf cross sections showing changes in 

plastid ultrastructure at 12 HAI. The plastids appeared to be engulfing the surrounding cytoplasmic 

material. Scale bars: A; E – 2000nm, B; C; D; F; H; I; K – 1000nm, G; J; L – 500nm  

 Supplemental Figure S10 

Figure S10 Cytoplasmic engulfment and transition into a unique plastid type. Transmission electron 

microscope images (trial 1) VND7 Arabidopsis thaliana leaf cross sections showing changes in plastid 
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ultrastructure at 18 HAI. The engulfed cytoplasmic material appeared to be surrounded by the plastidial 

membrane. Scale bars – 2000nm  

Supplemental Figure S11 

Figure S11 Plastids swell and subsequently degrade at 24 HAI. Transmission electron microscope 

images (trial 1) of VND7 Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 24 HAI. The plastids had lost their inner membrane structure and appeared degraded. 

Scale bars – A; B – 5000nm, C; D – 2000nm 

Supplemental Figure S12 

Figure S12 Transition of disc-shaped chloroplasts into unique amoeboid shapes. Transmission 

electron microscope images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes in 

plastid ultrastructure at 8 HAI. The amoeboid plastid can be seen forming with an increase in vesicle (v) 

number. Scale bars – A-D - 2000nm; E-H – 1000nm.  
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Supplemental Figure S13 

Figure S13 Transition of disc-shaped chloroplasts into unique amoeboid shapes. Transmission 

electron microscope images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes in 

plastid ultrastructure at 12 HAI. The plastids appeared to be engulfing the surrounding cytoplasmic 

material. Scale bars – A-C - 2000nm; D-H – 1000nm  
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Supplemental Figure S14 

Figure S14 Cytoplasmic engulfment and transition into a unique plastid type. Transmission electron 

microscope images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 18 HAI. The engulfed cytoplasm appears to be surrounded by the plastid membrane. 

Some plastids appeared to engulf a second portion of cytoplasm (A, B, G). B is a higher magnification of 

A, J and K are magnifications of I. Scale bars – A- 5000nm, B; D; E; F; H; K; L – 1000nm, C;G; I; J - 

2000nm  
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Supplemental Figure S15 

Figure S15 Formation of a unique plastid type, the xyloplast. Transmission electron microscope 

images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 19HAI. The newly formed xyloplast contains electron dense material in the centre and a 

diffuse outer membrane. Some plastids appear to have already started to degrade at this time point (J&L). 

B is a magnification of A, D is a magnification of C. Scale bars – A; D; H – 1000nm, B – 500 nm, C; E; 

F; G; I-L – 2000nm 
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Supplemental Figure S16 

 

Figure S16 Formation of a unique plastid type, the xyloplast. Transmission electron microscope 

images (trial 2) of VND7 Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 19.5 HAI. The xyloplast can still be seen however the electron dense material appears to 

have moved to the outer membrane of the plastid for possible secretion into the cytoplasm. Degraded 

xyloplasts can be seen in D, H and I. E and F are a magnification of D. Scale bars – A; B; G – 1000nm, 

C-E; G-I -2000nm  
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Supplemental Figure S17 

 

Figure S17 Xyloplasts swell and begin to release intraplastidial contents after 20 HAI. Transmission 

electron microscope images (trial 2) of VND7 Arabidopsis thaliana leaf cross sections showing changes 

in plastid ultrastructure at 20 HAI. A and B show degrading xyloplasts lacking inner contents while C and 

D show relatively intact xyloplasts. Scale bars – 2000nm  

Supplemental Figure S18 

Figure S18 Xyloplasts swell and release intraplastidial contents. Transmission electron microscope 

images (trial 2) of VND7 Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 20.5 HAI. The surrounding dark spots could be indicative of released plastid contents. 

Scale bars – A – 5000nm, B-D – 2000nm  

Supplemental Figure S19 

Figure S19 Xyloplasts swell and release intraplastidial contents. Transmission electron microscope 

images (trial 2) of VND7 Arabidopsis thaliana leaf cross sections showing changes in plastid 
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ultrastructure at 21 HAI. The surrounding dark spots could be indicative of released plastid contents. 

Scale bars – A; B – 1000nm, C; D – 2000nm  

Supplemental Figure S20 

Figure S20 Xyloplasts swell and release intraplastidial contents after which they degrade. 

Transmission electron microscope images (trial 2) of VND7 Arabidopsis thaliana leaf cross sections 

showing changes in plastid ultrastructure at 22 HAI. C shows a relatively intact xyloplast next to a 

degraded xyloplast. Scale bars – A; B – 5000nm, C; D – 2000nm  

 Supplemental Figure S21 

 

Figure S21 Xyloplasts swell and get degraded.  Transmission electron microscope images (trial 2) of 

VND7Arabidopsis thaliana leaf cross sections showing changes in plastid ultrastructure at 22.5 HAI. All 

the plastids appeared to have released plastidial contents and degraded by 22.5 HAI. Degraded thylakoid 

membranes can be seen in most plastids. Scale bars – 2000nm 
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Supplemental Figure S22 

Figure S22 Degraded xyloplasts present in the cell at 23 HAI. Transmission electron microscope 

images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 23 HAI. Scale bars – 2000nm 

Supplemental Figure S23 

Figure S23 Degraded xyloplasts present in the cell at 24 HAI. Transmission electron microscope 

images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes in plastid 

ultrastructure at 24 HAI. SCW deposition at 24 HAI (not shown here) is accompanied by plastid and cell 

death. Scale bars – 2000nm 

Supplemental Figure S24 

Figure S24 Degraded xyloplasts present in the cell at 36 HAI accompanied by SCW deposition. 

Transmission electron microscope images (trial 2) of VND7Arabidopsis thaliana leaf cross sections 

showing changes in plastid ultrastructure and SCW deposition at 36 HAI. Plastids are degraded and SCW 

deposition can be seen. Scale bars – 5000nm 
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Supplemental Figure S25  

Figure S25 SCW deposition at 48 HAI and degraded xyloplasts in the cell. Transmission electron 

microscope images (trial 2) of VND7Arabidopsis thaliana leaf cross sections showing changes SCW 

deposition (A and B) deposition at 48 HAI as well as plastid degradation(C and D). Scale bars – A -

5000nm, C; D; B – 2000nm 

Supplemental Figure S26 

Figure S26 Xyloplasts extracted from 7 year old E grandis immature xylem scrapings. Xyloplasts 

extracted from xylem are comparable to the plastids seen at 19&19.5 HAI in the VND7 system (Fig. S15 

& S16). The xyloplasts show a diffuse outer membrane (B &D) however, starch granules can be seen. B 

is a magnification of A; D is a magnification of C. Scale bars – A – 500nm, B; D – 100nm, C; E - H – 

200nm. 
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3.1. Concluding remarks 

Terrestrial plants account for 82% of carbon in living biomass and an estimated 70% of this 

exists in the woody tissues of vascular plants (Bar-On et al., 2018). Plastids found in vascular 

plants play a key role in sequestering atmospheric carbon through photosynthesis and more than 

30% of all fixed carbon is shunted to the plastid-localised shikimate pathway (Tohge et al., 2013) 

which provides phenylalanine (Phe), the phenolic precursor for lignin, which is a key component 

of the secondary cell wall (SCW) along with cellulose and hemicellulose. In this study, we 

performed ultrastructural studies to gain a deeper insight into the role of plastids in woody 

tissues. We describe a morphologically distinct plastid, the xyloplast, found in xylem using the 

VND7 induction system in Arabidopsis. Analysis of published transcriptomic and metabolic data 

revealed that rapid Phe synthesis is accompanied by the formation of the xyloplast and that 

xyloplast degradation as a result of programmed cell death (PCD) is central to making Phe 

available for monolignol synthesis in the cytoplasm.  

Although this study provided new insights into organellar metabolism during SCW formation, 

some missing gaps in knowledge remain. In our study, the conversion of chloroplasts into 

amoeboid plastids served as an indicator of the xyloplast being a distinct plastid type, as 

amoeboid plastids are commonly seen during plastid interconversion (Whatley, 1974). Between 

8 HAI and 18 HAI, there is evidence of structural and morphological changes in the plastid that 

are indicative of increased interaction with cytoplasmic contents due to increased surface area 

contact. It would be interesting to see whether the cytoplasmic uptake is a result of the 

morphological reprogramming of chloroplasts or cytoplasmic enzymes/ pathways are being 

taken up by the plastid. One way of doing this would be to use immunogold labelling targeted to 

PPP and shikimate biosynthetic pathway enzymes. In peppermint, immunogold labeling using 

polyclonal antibodies was previously used to determine the localization of limonene synthase, 

involved in the first step of monoterpene biosynthesis (Turner et al., 1999). It was found that 

limonene synthase was exclusively localized in the leucoplasts while the remaining steps of the 

pathway were not localized in the plastid (Turner et al., 1999).  

Previously, amoeboid plastids have been identified as plastolysosomes containing acid 

phosphatase activity involved in autophagy (Nagl, 1977; Gärtner and Nagl, 1980). These 

autophagic plastids have been implicated to play a role in a cellular cleaning program where 
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cytoplasm is engulfed, digested and excreted in response to new developmental surroundings 

(Seguí‐Simarro and Nuez, 2008; Corral-Martínez et al., 2013; Parra-Vega et al., 2015). An 

indication of autophagy is the translucency of the intraplastidial (IP) space after digestion 

compared to the surrounding cytoplasm. Although in our images, the IP space maintained the 

same electron density as the surrounding cytoplasm, future work should test the IP space for acid 

phosphatase activity to rule out whether any cytoplasmic digestion is taking place. 

It is also not known how Phe synthesized in the plastid is made available to the cytosolic 

monolignol biosynthetic pathway, as the first step (PAL) committing Phe into monolignol 

synthesis is cytoplasmic and endoplasmic reticulum-localized (Boerjan et al., 2003). It has been 

hypothesized that Phe could either be transported across the plastid double membrane through 

diffusion, active transporters or by vesicle-mediated transport (Pinard and Mizrachi, 2018). Our 

findings suggest that vesicle-mediated transport is unlikely and that Phe is most likely made 

freely available to the cell as a result of the plastid bursting. This is due to the up regulation of 

programmed cell death (PCD) genes resulting in homeostasis no longer being maintained as the 

cell is fated to die. This is supported by our observation of electron dense material being present 

in the plastid before they burst and the up-regulation of the full lignin pathway post plastid 

degradation. However, it is important to confirm whether plastid degradation plays a central role 

in making Phe available and is not just a result of PCD. One way to bypass PCD would be to 

create CRISPR constructs which target the PCD genes in VND7-inducible Arabidopsis plants. 

This would prevent the successful expression of PCD genes upon induction. Another way would 

be to trigger xyloplast formation at the metabolic level and bypass VND7 and PCD gene 

induction. 

Previously, the synthetic conversion of chloroplasts to chromoplasts has been metabolically 

triggered by the up regulation of phytoene, the metabolite formed from the first committed step 

of the carotenoid pathway (Llorente et al., 2020a). In plants, two isoforms of arogenate 

dehydratase (ADT type-I and type-II) can catalyse and regulate the final step of Phe biosynthesis 

from arogenate via feedback-inhibition (Bonner and Jensen 1987; El-Azaz et al. 2019). While 

ADT1 suppression reduces Phe levels by 75% to 82% in mutant Petunia hybrida flowers (Maeda 

et al., 2010a), the up regulation of AtADT4 in Arabidopsis  leads to Phe hyperaccumulation 

(Chen et al., 2016). In transgenic ADT1-RNAi Petunia petals, there was a reduction in shikimate 
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levels and stable isotope labelling showed that the flux toward shikimate was reduced relative to 

controls, which resulted in the arogenate pool remaining unaltered (Maeda et al., 2010). This 

shows that ADT1 expression regulates carbon flux towards the shikimate pathway. Further 

research is needed to determine the role of ADT expression as a metabolic switch in xyloplast 

differentiation.  

CRISPR/Cas9 has emerged as an efficient gene editing tool and is a step towards revolutinizing 

molecular research and breeding in crops and in forestry (Belhaj et al., 2015; Tsai and Xue, 

2015; Ma and Liu, 2016; Weeks et al., 2016; Zhang et al., 2016) and may used in novel 

applications such as imaging chromatin (Chen et al., 2013), cleaving RNA (O’Connell et al., 

2014) and in epigenomic regulation (Hilton et al., 2015; Kearns et al., 2015). Although not 

reported in the dissertation, I have created four CRISPR/Cas9 knock out lines in the VND7-

inducible system which could not be analysed due to time contraints (See Supplementary Note). 

The four targeted genes these included the starch metabolism genes phosphoglucomutase (PGM) 

and beta-amylase, a lignin biosynthesis gene cinnamoyl CoA-reductase (CCR) as well as 

transaldolase (TAL) which is central to the pentose phosphate pathway (PPP). For future studies, 

these mutants could be used to dissect the role starch plays as a carbon source for the xyloplast 

and will serve as proof of concept that combination knock outs with the VND7 system can add 

even more insight into xyloplast biology in the future.  

It is clear that organellar biology is central to wood formation as plastids are the exclusive sites 

of phenylalanine synthesis for monolignol precursors (Henkes et al., 2001; Pinard et al., 2019). 

Organellar genome variation has been shown to have a large effect on metabolite variation as 

well as plant fitness and growth in various plant species (Budar and Roux, 2011; Joseph et al., 

2013; Roux et al., 2016). It has been shown in Arabidopsis that optimally combining organellar 

and nuclear genomes results in a 23% increase in biomass (Flood et al., 2020). As organellar 

genomes have an effect on xylem metabolism, dissecting organellar biology during wood 

formation is crucial in understanding wood formation as a whole (Pinard and Mizrachi, 2018). 

One limitation to this study is the slight variation seen in the timing of SCW differentiation in the 

VND7-inducible system. Although the inferences made between plastid morphology and 

transcriptomic data in this study are consistent with what is expected during xylem 

differentiation, microscopy and expression analysis can be performed using seedlings induced in 
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the same experiment/ biological replicates. In the broader context, the work in this thesis has 

both fundamental plant biology and ecology as well as biotechnology implications. 

Understanding xyloplast biology will provide us with novel targets for organellar bioengineering 

of biosynthetic pathways that lead to Phe synthesis and subsequently many other phenolic 

compounds in a variety of plants. Engineering plastids to synthesize various terpenes and 

metabolites could be the key step to not only engineering wood in trees, but engineering biomass 

overall.   
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3.3. Supplementary note  
 

3.3.1. Background 

The analysis of plastid-encoded genes in the total mRNA-seq data from E. grandis (Pinard et al., 

in preparation) as well as the ultrastructural studies and gene expression analysis performed in 

this study support the notion of a developing secondary xylem-specific plastid, the xyloplast and 

makes it important to understand their role in carbon partitioning (Pinard and Mizrachi, 2018). 

An important step in dissecting xyloplast biology would be to determine what the supply of 

carbon is for normal xyloplast functioning during SCW formation. For future studies, we used 

CRISPR/Cas9 technology and the VND7 post-translational induction system to determine 

whether plastids import free sugars like glucose-6-phophate from the cytoplasm or break down 

the starch present in the plastid to produce Phe. CRISPR/Cas9 was used to target genes including 

phosphoglucomutase (PGM), which involved in starch biosynthesis, plastidial beta-amylase 

(BAM3) responsible for plastidial starch breakdown, transaldolase (TAL) which is crucial to the 

PPP and cinnamoyl-CoA reductase (CCR) which is needed for normal lignin synthesis to serve 

as a positive control. In future studies, these mutant plants can be induced to form SCW using 

DEX and analysed using light microscopy and TEM imaging to determine the effects on SCW 

formation and xyloplast integrity.  

3.3.2. CRISPR/Cas9 target site selection and sgRNAs design  

The coding regions of the target genes were obtained as FASTA files from NCBI. The mutation 

target site for each gene was selected using the sgRNA design online tool “E-CRISP” (www.e-

crisp.org) through the Arabidopsis thaliana TAIR10 database. The top three sgRNA sequences 

for all genes were selected and RGenome (http://www.rgenome.net/cas-offinder) was used to 

detect any off-target effects. From the 3 sgRNAs sequences, one was selected to be cloned into 

the vector of choice for each gene (table 1). The first base of the target sites selected had a ‘G’ to 

function as the start site for RNA polymerase III transcription.  

 

 

 

http://www.e-crisp.org/
http://www.e-crisp.org/
http://www.rgenome.net/cas-offinder
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Supplemental table S1 gRNA sequences for each of the six target 

genes. 

Gene gRNA sequence (5’to 3’) 

TAL (AT1G12230) GCGTCTTCGTCTCTCGAAGC 

CCR (AT1G15950) GCCGAGACCGCACTTCACCG 

BAM3 (AT4G17090) GATTCTGTGCCTGTCCTAAG 

PGM (AT5G51820) GCACGTTCTATGCCGACAAG 

 

3.3.3. Cloning and plant transformation 

The PKI1.1R vector (Addgene) was cultured on selective LB plates containing spectinomycin. A 

single colony was selected and inoculated into liquid LB containing spectinomycin and grown in 

a shaking incubator at 37°C overnight. Plasmid DNA was extracted using the GeneJET plasmid 

miniprep kit (ThermoScientific) as per the manufacturer’s instructions. Sticky end ligation of 

sgRNA into the PKI1.1R vector was performed as per the authors’ protocol (Tsutsui and 

Higashiyama, 2017) and transformed into competent DH5alpha E.coli cells using heat shock. 

The transformed cells were plated onto LB plates containing 100ug/mL Spectinomycin and 

incubated at 37°C for 24 h. Colonies were selected, grown and plasmid DNA was extracted as 

previously described. Plasmid containing insert was then transformed into chemically competent 

Agrobacterium tumefaciens cells (Lifeasible). Plasmid (1 ng) was added to 100 µl competent 

cells and incubated on ice for 5 minutes, flash frozen in liquid nitrogen for 5 minutes, heat 

shocked in a 37°C water bath for 5 minutes followed by incubation on ice for another 5 minutes. 

Liquid YEP medium (700 ul) was added to the reactions at room temperature and incubated with 

shaking at 28°C for 3 hours. The cell culture was centrifuged for 1 minute at 6000 rpm and 700 

ul of supernatant was disposed of. Cell pellet was resuspended in 100 ul of YEP medium and 

plated on selective YEP plates (100 ug/ml spectinomycin, 50 ug/ml rifampicin, 30 µg/ml 

streptomycin) and incubated at 28°C for 3 days. A single colony was used to inoculate 5 ml YEP 

medium (containing antibiotics) and incubated at 28°C for 1-2 days with shaking.  500 mL of 

YEP medium was inoculated with the 5 ml starter culture and incubated overnight with shaking 
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at 28°C till and OD600 of 0.8 (monitored on a spectrophotometer (ThermoScientific Multiskan 

GO)). Agrobacterium was centrifuged at 5500 x g at 20°C for 20 min. Cells were resuspended in 

5% sucrose solution to OD600 approximately 0.8. Silwet L-77 was added to solution to a 

concentration of 0.05% (500 ul/l). A. tumefaciens-mediated transformation of A. thaliana was 

done by a floral dipping (Clough and Bent, 1998). Plants were grown in short day conditions 

(16h dark, 8h light) for 4 weeks followed by long day conditions (8h dark, 16h light) for 2 

weeks. First bolts that appeared were dipped for 2 – 3 seconds with gentle agitation in 

Agrobacterium. Dipped plants were placed on their sides and sealed to create a humid 

environment for no longer than 24 hours. The plants were dipped again with the four-day interval 

to increase transformation percentage (Davis et al., 2009). After transformation, dry seeds were 

collected. Successfully transformed seeds fluoresced red due to the expressed Cas9-red 

fluorescent protein and were selected using fluorescent microscopy (Leica EZ4 microscope and 

fluorescent light) (Tsutsui and Higashiyama, 2017).  

3.3.4. Conclusion  

In conclusion, determining whether plastids import free sugars from the cytoplasm or break 

down the starch they make/have to produce Phe for normal lignin and cell wall formation will 

provide novel insights into the xyloplast and would be a major step forward in our fundamental 

understanding of plant vasculature and secondary growth.  

 

 

 


