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SUMMARY 

 

RETROSPECTIVE STUDY ON ANTIBODY RESPONSE TO VACCINATION OF 

THE AFRICAN BUFFALO (SYNCERUS CAFFER) AND ROAN ANTELOPE 

(HIPPOTRAGUS EQUINUS) WITH CLONE 13 RIFT VALLEY FEVER VIRUS 

VACCINE 

 

By 

 

 

Dr Peter Stanley Brothers 
 

 

Supervisor: Prof EH Venter 

Co-supervisors: Prof PN Thompson and Dr R Burroughs  

Department: Production Animal Studies 

Degree:   MedVet (Fer) 

 

 

Rift Valley fever (RVF) is a disease of ruminants in Africa, Madagascar and the Middle East, 

affecting primarily domestic, but also many wild species. The disease can be peracute to acute 

and is characterised by a necrotic hepatitis and a generalised haemorrhagic syndrome.  The 

disease is caused by a mosquito-borne virus of the Phenuiviridae family. Outbreaks occur after 

heavy rains, which favour the breeding of the mosquito vectors. The disease is a zoonosis and 

humans become infected by bites from infected mosquitoes or contact with tissue from infected 

animals. The first records of RVF in southern Africa date back to 1950 when a large epidemic 

occurred in South Africa and there have been many outbreaks since, some major, with the most 

recent major outbreak in SA in 2010. 

 

During the 2010 outbreak multiple indigenous wildlife species were affected, including 

springbok (Antidorcas marsupialis), blesbok (Damaliscus pygargus phillipsi), bontebok        

(D. pygargus pygargus), waterbuck (Kobus ellipsiprymnus), African buffalo (Syncerus caffer), 

sable (Hippotragus niger), kudu (Tragelaphus strepsiceros), nyala (Tragelaphus angasii) and 
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gemsbok (Oryx gazella). Even though no cases have been recorded in roan (Hippotragus 

equinus) antelope to date, the fact that such a wide array of wildlife was affected, and taking 

into account the close phylogenetic relationship between sable and roan antelope, it is 

reasonable to assume that roan will also be susceptible to RVF.  

 

Many control methods are aimed at vector control, but since the epidemiology of the disease 

is still poorly understood, this has limited value. Vaccination thus provides the best means of 

disease prevention and RVFV Clone 13 vaccine is a new vaccine proven to be effective and 

safe in domestic animals. It has not yet been scientifically tested in wildlife. 

 

To date there is no published research on the use of RVF vaccine in wildlife, nor are there any 

recommended vaccine protocols for wildlife. Many of these species are valuable in 

conservation and financial terms, and hence the need for this research. 

 

The purpose of the research was: 

 

To determine whether Clone 13 RVFV vaccine is effective in creating a humoral immune 

response in the African savannah buffalo and roan antelope.  

To determine if there are any obvious clinical side effects, such as general malaise or abortion 

due to vaccination. 

 

The World Organisation for Animal Health (OIE) lists both the enzyme linked immunosorbent 

assay (ELISA) and serum neutralization test (SNT) as recommended methods for detecting an 

immune response in populations considered free from disease, as well as post-vaccination to 

detect an immune response. As reported previously, the ELISA and SNT have been used to 

detect antibodies against RVFV in serum of a variety of animal species.  

 

Twenty-four buffalo and nine roan antelope were immobilised using standard immobilisation 

and capture techniques and all were bled for routine haematology and biochemistry screening 

as a general health screen. Both ELISA and SNT were applied on initial samples from all 

animals. All study subjects were vaccinated at first immobilisation and sample collection, 

following standard methodology. Thereafter subsequent blood samples were obtained at 

irregular intervals to test for the presence of antibodies specific to RVFV as a response to               
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vaccination. Due to their value and since no permission from owners was obtained to dart them 

at any stage for sample collection, sample collection mostly coincided with planned 

immobilisations for unrelated procedures on these animals. 

 

All animals appeared in good health based on laboratory results and observation. Most of the 

buffalo showed a vaccination response, although this varied and did not last for a long period 

with titres dropping sooner than expected. With the exception of one individual, roan antelope 

showed a much better and longer lasting response to vaccination. 

 

It is evident that RVF Clone 13 vaccination in buffalo cannot be considered as reliable 

protection in buffalo against disease, and that further work in this regard should be undertaken. 

This poor response can be due to a number of factors, but this is beyond the scope of this study. 

The roan antelope showed a better response in titre levels and duration. However, the low 

number of study subjects, and one individual exhibiting no response, precludes any reliable 

conclusions on vaccination response. These animals were also not exposed to disease challenge 

and thus efficacy in protection against disease could not be determined. 

 

No animals showed any obvious side effects to vaccination, even those which were heavily 

pregnant at the time of vaccination. Although Clone 13 RVF vaccine does elicit a humoral 

immune response to RVF vaccination in the African savannah buffalo and roan antelope, it can 

thus not be relied upon to give adequate protection against RVF in these two species without 

further investigation. 
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CHAPTER 1:  INTRODUCTION 

 

Rift Valley fever (RVF) is a disease primarily of domestic ruminants in Africa, Madagascar 

and the Middle East, which can be peracute to acute and is characterised by a necrotic hepatitis 

and a generalised haemorrhagic syndrome. There is considerable variation in the susceptibility 

to RVF of animals of different species and the disease is most severe in sheep, goats and cattle. 

Sudden mortality, neonatal mortality and abortion are common clinical signs, but infrequently 

inapparent or mild infections can occur in domestic animals (Swanepoel and Coetzer, 2004). 

The disease is caused by Rift Valley fever Phlebovirus (RVFV), a mosquito-borne virus in the 

genus Phlebovirus of the Phenuiviridae family. Outbreaks occur generally after very heavy 

rains which favour the breeding of the mosquito vectors (Swanepoel and Coetzer, 2004). 

Differential diagnoses include bluetongue, Nairobi sheep disease, heartwater, ephemeral fever, 

foot and mouth disease, leptospirosis and brucellosis, many of which also cause abortion 

(Davies and Martin, 2006). 

 

The disease is a zoonosis and humans become infected most frequently by contact with tissue 

from infected animals (Van Velden, et al., 1977). Symptoms vary from mild influenza-like 

symptoms to more severe ocular disease, encephalitis and haemorrhagic fever associated with 

necrotic hepatitis and death (Freed, 1951; Gear, 1977; Swanepoel, et al., 1979; McIntosh, et 

al., 1980). In 2008, a South African outbreak in humans occurred predominantly in high risk 

groups, such as farmers and veterinarians (Archer, et al., 2011). 

 

The disease was first recognised, and the virus isolated, in Kenya, with major outbreaks 

occurring in 1930-31, 1968 and 1978-79, and lesser outbreaks occurring in the years in-

between (Stordy, 1913; Daubney, et al., 1931; Davies, et al., 1985; Meegan and Bailey, 1989). 

The first records of RVF in southern Africa date back to 1950 when a large epidemic occurred 

in South Africa (western Orange Free State, southern Transvaal (Gauteng Province) and 

bordering northern area of the Cape Province), although it was only recognized as RVF in 1951 

after humans became ill following a necropsy of an infected animal (Alexander, 1951; Mundel 

and Gear, 1951). Since then there have been many minor and major outbreaks in South Africa, 

the most recent major outbreak being in 2010 (Pienaar and Thompson, 2013). 
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A low prevalence of RVF antibody was detected in antelope sera as far back as the early 1970’s 

(Davies, 1975; Davies and Karstad, 1981) and in South Africa during the 1950-51 outbreak, 

abortions were noticed in some antelope species, although these could not be confirmed as a 

result of RVF (Joubert, Ferguson, Gear, 1951). More recently in the RVF epidemic of 2010 in 

South Africa multiple indigenous and exotic wildlife species were affected by RVF, including 

the African buffalo (Directorate of Animal Health 2012).  

 

While a presumptive diagnosis can be made based on clinical signs (abortions in sheep, cattle 

and goats) and fatal disease, more specific diagnosis is required for a disease of this severity. 

Various laboratory tests such as serological and molecular assays can be used, or traditionally 

virus isolation and/or histopathology for confirmatory diagnosis (OIE, 2009). 

 

Control of RVF is achieved either through vector control, limiting exposure to infected vectors 

or via immunization. Due to limitations with practical vector control and limiting exposure to 

infected vectors, especially in wildlife, immunization remains the only effective way to protect 

animals from RVFV infection. Several vaccines exist – the Smithburn live attenuated virus 

vaccine, modified live Smithburn vaccine, formalin-inactivated RVFV vaccines, Clone 13 live 

attenuated virus vaccine and a MP-12 live attenuated virus vaccine which is not available 

commercially. 

 

While there has been much research on the use of the various vaccines in domestic animals, to 

date there is no published research regarding the use of RVF vaccines in wildlife. There are 

also no scientifically recommended vaccine protocols for wildlife. 

 

This study aimed to determine whether Clone 13 RVFV vaccine is effective in creating a 

humoral immune response to RVFV in the African savannah buffalo (Syncerus caffer) and roan 

antelope (Hippotragus equinus). 
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CHAPTER 2:  LITERATURE REVIEW 
 
2.1 Aetiology 
 
Rift Valley fever phlebovirus (RVFV) is a member of the Phlebovirus genus of the family 

Phenuiviridae, and exhibits typical morphological and physicochemical properties of this 

family and genus (Rice, et al., 1980; Ellis, et al., 1988; Sherman, et al., 2009). The virus 

structure is spherical in shape, with a lipid bilayer envelope and surface protrusions believed 

to be composed of two viral transmembrane glycoproteins (Freiberg, et al., 2008). RVFV has 

a tripartite, single stranded, negative-sense RNA genome. The large (L) RNA segment encodes 

for the L-protein which is the RNA-dependent RNA polymerase, while the medium (M) RNA 

segment encodes a polyprotein that cleaves into at least four proteins during translation 

(Gerrard, et al, 2007; Ikegami, et al., 2007). These are: Gn glycoprotein; Gc glycoprotein and 

two non-structural proteins: NSm1 and NSm2 (Collett, 1986; Kakach, et al., 1988). The non-

structural protein 1 (NSm1) is a fusion protein containing the entire NSm and Gn sequences 

(Kakach, et al., 1988). The Gn and Gc proteins form the glycoprotein shell around the capsid 

(Schmaljohn and Nichol, 2007). The small (S) segment uses an ambisense strategy to encode 

the nucleoprotein N and non-structural protein NSs (Sherman, et al., 2009). Each of the three 

RNA segments binds N and L proteins which form ribonucleoprotein (RNP) complexes 

contained within the interior of the virus particle (Sherman, et al l., 2009). The glycoproteins 

are responsible for recognising receptor sites on susceptible cells, manifesting viral 

haemaglutinating ability and inducing a protective immune response (Besselaar and Blackburn, 

1991). While no significant antigenic differences have been exhibited between RVFV isolates 

and laboratory-passaged strains, differences in pathogenicity have been demonstrated (Peters 

and Anderson, 1981; Anderson and Peters, 1988; Meegan and Bailey, 1989). 

 

The virus is very stable in serum and can be recovered after several months of storage at 4°C, 

or after three hours at 56°C (Shimshony and Barzilai, 1983). RVFV is also very stable after 

freeze drying or at temperatures below minus 60°C, as well as in aerosols at 23°C and 50-85% 

humidity. The virus is inactivated by lipid solvents such as ether and sodium deoxycholate and 

low concentrations of formalin. Infection is lost rapidly if the pH drops below 6.8 (Shimshony 

and Barzilai, 1983).  
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2.2 Pathogenesis 

 

RVFV infection shows unique pathogenesis in each animal model. Because viral replication 

and host antiviral responses most probably contribute to viral pathogenecity, an understanding 

of RVF pathogenesis requires identification and characterization of the viral virulence factors 

and host antiviral factors (Ikegami and Makino, 2011). Lambs are very susceptible to the 

disease and thus serve as a good model for considering the pathogenesis. 

 

After RVFV attaches to receptors of susceptible cells these cells take up the virus by 

endocytosis, after which the virus replicates in the cytoplasm. Virions mature primarily by 

budding through the endoplasmic reticulum in the Golgi region into cytoplasmic vesicles. 

These vesicles are presumed to fuse with the plasma membrane, releasing virus, or virus can 

bud directly from the plasma membrane (Anderson and Smith, 1987). 

 

RVFV infection causes an acute and fatal disease in newborn lambs and the mortality is 95 to 

100% (Easterday, 1965). Newborn lambs infected with RVFV usually exhibit obvious illness, 

including elevated body temperature (40-41°C), loss of appetite, decreased activity, and 

prostration, about 12-18 h prior to death (Easterday, et al., 1962). Experimental infection 

studies in 1-4 day-old lambs with RVFV via the subcutaneous route resulted in necrosis of 

isolated hepatocytes (12-18 h post infection), focal coagulative necrosis of hepatocytes (24-33 

h post infection), and extensive hepatocyte necrosis (48-51 h post infection) with a progressive 

increase in viral antigens, whereas no viral antigens could be detected in the endothelial or 

Kupffer cells in the liver. This suggests that the hepatocytes are the primary target of RVFV 

(Van der Lugt, et al., 1996). The necrosis is predominantly centrilobular or midzonal, and yet 

there is no definite distribution pattern in liver necrosis (Easterday, 1965; Coetzer, 1977). Some 

of the infected lambs also exhibited necrosis in the villi at the distal jejunum and ileum and 

depletion of lymphocytes in the spleen. The brain and eyes exhibited no lesions (Coetzer, 

1977).  

 

Generally, the liver pathology of newborn lambs resembles that of mice or hamsters, which are 

extremely susceptible to RVFV. However, the neurovirulence caused by this virus in lambs is 

less prominent when compared with that in rodents (Ikegami and Makino, 2011). 
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In comparison, 7-11-month-old Yansaka sheep inoculated subcutaneously with RVFV died 

during the viraemic febrile phase and displayed symptoms of epistaxis (two days post 

infection), severe and bloody diarrhoea, conjunctival haemorrhage, widespread petechiae and 

ecchymoses in hairless areas, pulmonary oedema/haemorrhage, and thrombi formation in the 

blood vessels of the heart, kidneys and brain. West African Dwarf sheep infected with RVFV 

did not exhibit such rapid haemorrhagic symptoms and rather exhibited marked coagulative 

hepatic necrosis and brain lesions, including mild gliosis, neural degeneration, neurophagia, 

and satellitosis (Olaleye, et al., 1996). This highlights the unique pathogenesis in each animal 

model, even within one species. 

 

2.3 Epidemiology 
 

2.3.1 Occurrence 

From 1950 to 2011, one or more RVF outbreaks were reported in 27 seasons in South Africa. 

This included three major epidemics that affected an extensive area of the country (1950 –

1951, 1974–1976 and 2010–2011) (Weiss, 1957; Barnard and Botha, 1977; Coetzer, 1977; 

Pienaar and Thompson, 2013). The other outbreaks were smaller epidemics, individual 

outbreaks or isolated cases, some of which were not laboratory confirmed (Van der Linde, 

1953; Weiss, 1957; McIntosh, 1972; Barnard and Botha, 1977; McIntosh, 1980; Pienaar and 

Thompson, 2013). 

 

A small epidemic of RVF in South Africa occurred in 2008, affecting livestock (sheep, cattle 

and goats) as well as wildlife species and humans. The outbreak occurred in the four provinces 

of Mpumalanga, Limpopo, Gauteng and the North-West Province, while in 2009 smaller 

outbreaks of RVF were recorded in KwaZulu-Natal province. The 2008 and 2009 outbreaks 

were limited to certain areas of South Africa. In 2010 another major epidemic occurred (OIE, 

2010; Directorate of Animal Health 2012), affecting the Free State province, areas of the 

Northern Cape, Eastern Cape, Gauteng, and Mpumalanga provinces and the Western Cape 

province. Again, both domestic livestock (sheep, cattle and goats) as well as different wildlife 

species were affected (OIE 2010). There we also many human cases, including fatalities. 

 

Other southern African countries have also experienced outbreaks of disease over the years, 

including Zimbabwe (Swanepoel, 1976; Swanepoel, 1981), Mozambique (Petisca and Serra, 

1971; McIntosh, 1972; Fafetine, et al., 2016) and Zambia (Hussein, et al., 1987; Dautu, et al., 
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2012). Disease outbreaks, periodic virus isolation or serological evidence of RVFV have also 

been recorded in other African countries: in Madagascar (Meegan and Bailey, 1989), and more 

recently in Somalia, Kenya and Tanzania in 2006 and 2007 (WHO, 2007; Himeidan et al., 

2014), the Comores in 2007 and 2008 (Sissoko, et al., 2009), Mauritania in 2010 (El Mamy, et 

al., 2011) and again in 2012 (Sow et al., 2014), and Niger in 2016 (Tambo et al., 2016). 

 

Outside of Africa the first outbreaks of RVF were reported in Saudi Arabia and Yemen (Jupp, 

et al., 2002; Shoemaker, et al., 2002; Balkhy and Memish, 2003).  

 

2.3.2 Inter-epidemic periods and vectors 

 

Due to the fact that the mosquito is the primary vector for the virus, major outbreaks are usually 

associated with above average rainfall, which occurs at irregular intervals (Davies, et al., 1985). 

A major unknown factor in the epidemiology of the disease has been the question of where the 

virus is harboured during inter-epidemic periods. For decades, it was believed that it was 

endemic in indigenous forests, circulating between mosquitoes and unknown vertebrates, only 

spreading to livestock in (surrounding) areas when high rainfall allowed for the breeding of the 

mosquito vectors in epidemic proportions (Smithburn, et al., 1948; Smithburn, et al., 1949). 

This theory was reinforced by the finding of neutralising antibody to RVFV in cattle sera from 

herds grazing near the Knysna Forest (southern South Africa) in 1952, after the 1950-51 

epidemic in South Africa (Du Toit, 1955). These cattle were nowhere near the outbreak of 

1950-51. Similarly, neutralising antibody to RVFV was also discovered in human and livestock 

sera in the forested Tongaland area of northern KwaZulu-Natal after the outbreak, also nowhere 

near the affected areas. Here the virus was also isolated from aedine mosquitoes (Kaschula, 

1953; Kokernot, et al., 1956; Kokernot, et al., 1957; Kokernot, et al., 1961). 

 

It was not evident how close livestock had to be to forested areas for an outbreak to occur, nor 

how the virus seemed to travel hundreds of kilometres across mountain ranges, as mentioned 

in the examples above. One theory to explain this was that migratory birds carried/spread the 

infection, but to date no antibody has been demonstrated in birds, and they appear to be 

refractory to infection (Weiss, 1957; Davies and Addy, 1979). 

 

The first mosquitoes from which the virus was isolated in southern Africa were Aedes caballus 

sensu lato and Culex theileri, collected at a pan in the western Free State during the 1953 



7 
  

outbreak in South Africa (Gear, et al., 1955). The virus has now been isolated from 12 species 

in the subcontinent: five Aedes spp., three Culex spp., three Anopheles spp., and one 

Eretmapodites spp. (Swanepoel and Coetzer, 2004). 

 

During inter-epidemic periods (1982 and 1984) in Kenya, RVFV was isolated from unfed male 

and female Ae. mcintoshi mosquitoes (Linthicum, et al., 1985). This was a major breakthrough 

in understanding the epidemiology of RVF since it supported the theory that the virus was still 

present between epidemics, and that transovarial transmission was possible in Aedes 

mosquitoes. This finding also suggests that venereal transmission could occur from 

transovarially infected male mosquitoes to females (Linthicum, et al., 1985). It should be noted 

that inter-epidemic transmission of RVFV in cattle in Kenya was demonstrated by Scott, 

Weddell and Reid (1956). In South Africa, Alexander (1957) referred to RVFV isolated from 

mosquitoes that were reared from eggs collected in a pan. This finding was overlooked for 

almost three decades and pre-dates any other demonstration of transovarial transmission of any 

other virus in mosquitoes by sixteen years (Linthicum, et al., 1985).  

 

The “virgin-soils” RVF outbreak in the Arabian Peninsula in 2000 appeared to have originated 

from the large RVF epidemic in East Africa in 1997-1998, based on genomic data (Shoemaker, 

et al., 2002; Bird, et al., 2007). The method of introduction of the virus remains unknown 

(Shoemaker, et al., 2002). However, it may be that the introduction of RVFV-infected animals 

for slaughter served as the source of the infection, as was the case in the Egyptian outbreaks 

(Hoogstraal, et al., 1979; Meegan, 1981; Sellers, et al., 1982; Gad, et al., 1986). 

 

While the forest endemnicity theory cannot be completely dismissed, it is currently postulated 

that in sub-Saharan Africa the virus is maintained in inter-epidemic periods by transovarial 

transmission in aedine mosquitoes, with low level transmission to livestock, and that epidemics 

are brought about by abnormally heavy rain which causes sudden massive increases in vector 

numbers (Linthicum et al., 1985).  

 

In North and West Africa outbreaks in recent years suggest a different epidemiology to that in 

sub-Saharan Africa. Epidemics occurred in the absence of heavy rainfall and in arid areas, in 

association with vectors which are thought to breed in large dams and rivers (Turell, et al., 

1988; Formenty, et al., 1992). 
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Flying insects (possibly including aedine mosquitoes) can be carried over long distances at 

high altitudes by strong winds (Sellers, et al., 1982). For a few days prior to the 1977 RVF 

epidemic in Egypt, it was noted that such conditions existed, which could account for the 

mosquitoes being blown 450-500 km from a focus where the disease had occurred previously 

(northern Sudan to the Ashwan area in southern Egypt). This could have played a role in the 

outbreak and must be considered another possible mechanism for the spread of RVFV. 

 

The introduction of RVFV-infected cattle and sheep by transportation on the Nile River, or 

overland, is considered the most likely cause of the Egyptian outbreaks (Meegan, 1981). Many 

of these animals came from infected areas in northern Sudan to markets in southern Egypt. 

Transportation of slaughter animals by sea could account for the antibodies to RVFV detected 

in the north of Egypt and in eastern coastal towns (Hoogstraal, et al., 1979; Meegan, 1981; 

Sellers, et al., 1982; Gad, et al., 1986). 

 

Another possible way of transmission could be via persistence of the virus in animal organs. 

RVFV has been shown to persist for long periods in various sheep organs, in particular the 

spleen; up to 21 days post infection (Yedloutschnig, et al., 1981). Even though some routes of 

transportation can take a long time in relation to the course of infection, the disease can still 

persist in infected animals during this period. The same could be true for goats and cattle, and 

perhaps even camels (Swanepoel and Coetzer, 2004). 

 

Results from a more recent study in wildlife in South Africa on the seroprevalence of RVF in 

buffalo suggest that buffalo may play a role in the epidemiology of RVF during inter-epidemic 

periods (Fagbo, et al., 2014). This supports an earlier study on buffalo in which 21% (115/550) 

of animals tested seropositive for RVFV and importantly 7% (9/126) of resampled animals 

which were initially seronegative, seroconverted during periods outside any reported regional 

RVFV outbreaks (LaBeaud, et al., 2011). These findings highlight the potential importance of 

wildlife as reservoirs for RVFV and interepidemic RVFV transmission. 

 

It is clear that, even though the inter-epidemic periods of RVF disease are still poorly 

understood, the virus has crossed significant physical barriers in the past and further new 

introductions of the virus can be expected in previously unaffected areas. This is especially true 

considering the ongoing and ever increasing movement of people, animals and mosquitoes, 

along with changing weather patterns. In South Africa, the boom in wildlife sales and wildlife 
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translocations over the past ten years may add considerably to this risk since animals are not 

tested for RVFV before relocation. The definitive existence of a wild mammal reservoir for 

RVFV has not yet been demonstrated, and for now, on continental Africa, the virus is believed 

to be maintained by low level circulation among domestic and wild ruminants and via vertical 

transmission by Aedes mosquitoes (Olive, et al., 2012).  

 

2.3.3 Hosts 

 

Two key factors that affect the morbidity and mortality during RVF outbreaks include the 

virulence of the strain of virus and the susceptibility of the vertebrate hosts (Tomori, 1979; 

Peters and Anderson, 1981; Anderson and Peters, 1988). For practical reasons susceptibility to 

RVF has always been defined in terms of liability to disease or death. However, this does not 

always correlate to the minimum dose required to cause infection; for example, lambs suffer 

more severe disease than monkeys but require a slightly larger dose to become infected 

(Easterday, 1965; Peters and Anderson, 1981). 

 

It has been suggested that sheep and cattle breeds exotic to Africa are more susceptible to 

infection compared to indigenous breeds (Davies, 1981). It has been demonstrated that West 

African and Egyptian sheep are highly susceptible to experimental infection (Tomori, 1979; 

Olaleye, et al., 1996). In addition, many indigenous livestock were affected severely by RVF 

during epidemics in 1973 in Sudan, 1977-1978 in Egypt and 1987 in West Africa (Matumoto, 

et al., 1950; Eisa, et al., 1977; Ksiazek, et al., 1989). 

 

Species affected by the virus are numerous, but humans and ruminants are the primary hosts. 

Species exhibiting extreme susceptibility (70-100% mortality) include lambs, kids, puppies, 

kittens and some rodents, while those exhibiting high susceptibility (20-70% mortality) include 

sheep and calves. Species exhibiting moderate susceptibility (less than 10% mortality) include 

cattle, goats, African buffalo (Syncerus caffer), Asian buffalo (Bubalus bubalis) various Asian 

and South American monkeys and humans. Inapparent infection (resistant to infection) is seen 

in camels, equids, pigs, dogs, cats, African monkeys, baboons and certain rodents. Species not 

susceptible at all include birds, reptiles and amphibians (reviewed by Swanepoel and Coetzer, 

2004).  
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2.3.4 The role of wildlife 
 
In Kenya, no RVFV antibody was found in African buffalo sera, but there was a low prevalence 

of antibody in sera from some antelope species (Davies, 1975; Davies and Karstad, 1981). 

 

In South Africa, it was noted during the 1950-1951 epidemic that abortions occurred in 

springbok (Antidorcas marsupialis) and blesbok (Damaliscus pygargus phillipsi) antelope, but 

this was not confirmed as being due to RVFV infection (Joubert, et al., 1951). In Zimbabwe a 

low RVFV antibody prevalence was detected in African buffalo and a few species of antelope, 

but no record was made of disease (Swanepoel, 1990). 

 

Serologic evidence of RVFV was found in a giraffe (Giraffa camelopardalis) during an 

epidemic period (Bird, et al., 2008; Olive et al., 2012) and also during an inter-epidemic period 

(Evans, et al., 2008; Olive et al., 2012). These authors also demonstrated the same in the desert 

warthog (Phacochoerus aethiopicus). 

 

In the RVF epidemic of 2010 in South Africa multiple indigenous wildlife species were 

affected. The species reported to have shown signs of disease included springbok, blesbok, 

bontebok (D. pygargus pygarus), waterbuck (Kobus ellipsiprymnus), African buffalo, sable 

(Hippotragus niger), kudu (Tragelaphus strepsiceros), nyala (Tragelaphus angasii) and 

gemsbok (Oryx gazella). Some exotic species that were affected were fallow deer (Cervus 

dama), llama (Lama glama), alpaca (Lama pacos), Asian buffalo and ibex (Capra ibex). In 

most of these indigenous and exotic wildlife species these were the first documented cases of 

RVF in the species (Directorate of Animal Health 2012).  

 

The African savannah buffalo (Syncerus caffer) has previously been shown to be susceptible 

to RVFV. In 1996, neutralizing antibodies to RVFV were found in the sera of yearling buffalo 

from the Kruger National Park (KNP) on the northeastern border of South Africa, implying 

that there had been recent virus activity in the park (Beechler, et al., 2015). There was another 

case in Kruger National Park in 1999 in captive buffalo where RVFV was islolated from 

aborted foetuses (Directorate of Animal Health 2012; Beechler, et al., 2015) and an outbreak 

again occurred in 2008 in buffalo on private land adjacent to the KNP (Directorate of Animal 

Health 2012). 
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During a six year survey in South Africa (November 2000 - July 2006, n = 550), 7% of re-

sampled African buffalo (n = 126) showed seroconversion, demonstrating inter-epidemic 

transmission of RVFV in these animals (LaBeaud, et al., 2011; Olive et al., 2012). Since no 

research has been done on the spread of RVFV from African buffalo, it cannot be concluded 

that these animals serve as reservoirs for the virus during inter-epidemic periods. However, 

based on the above study and the one previously referred to above by Fagbo, et al. (2014), it 

appears that buffalo may play a role in maintaining RVFV during inter-epidemic periods. 

 

Even though no cases have been recorded in roan antelope to date, the fact that such a wide 

array of wildlife are affected, and taking into account the close phylogenetic relationship 

between sable and roan antelope (Matthee and Davis, 2001), it is reasonable to assume that 

roan are susceptible to RVFV.  

 

Roan antelope (Hippotragus equinus) are listed as ‘Vulnerable’ in the IUCN Red List of 

Threatened Species (2004), making such research potentially significant in terms of the long-

term survival of this species in the wild. A taxon is listed as ‘Vulnerable’ when the best 

available evidence indicates that it meets any of several defined criteria, and it is therefore 

considered to be facing a high risk of extinction in the wild (Red Data Book, 2004).  

 

In addition, both “disease-free” buffalo and roan antelope are financially very valuable in South 

Africa. This means their susceptibility to RVF and protection against the disease have 

important economic implications. 

 

2.4 Diagnosis 

 

While a presumptive diagnosis can be made based on clinical signs (abortions in sheep, cattle 

and goats) and fatal disease, after periods of high rainfall, more specific diagnosis is required 

for a disease of this severity. Use is made of various laboratory tests such as serological and 

molecular assays, but traditionally confirmatory diagnosis still required virus isolation and/or 

histopathology (OIE, 2014). 

 

A further important consideration is the safety of personnel working with these samples due to 

the zoonotic potential of RVF and the virus being considered a potential bioweapon. As a result, 
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the laboratory diagnosis of RVF is restricted to a limited number of reference laboratories 

worldwide. 

 

2.4.1 Pathological examination 

 

Typical pathological findings include disseminated intravascular coagulopathy, resulting in 

fibrin thrombi in the liver, spleen, kidneys and lungs; marked hepatic changes/lesions, oedema 

and haemorrhage in the gall bladder wall (these lesions are most notable in new born animals 

or aborted foetuses); haemorrhage and oedema in the abomasal folds; mild to moderate 

splenomegaly; lymph node enlargement, oedema and petechiae; widespread subcutaneous, 

serosal and visceral haemorrhages; effusion of fluid into body cavities; lung congestion and 

oedema and enlarged adrenal glands (Swanepoel and Coetzer, 2004). 

 

Tissue specimens submitted for histopathology must include liver, spleen, lymph nodes and 

kidney. Lesions are characterized by hepatic necrosis. The pathognomonic lesions being 

primary foci of hepatic necrosis, their frequency varies depending on the species and age of the 

animal. The liver lesions in lambs are especially pathognomonic (Coetzer, 1977; Coetzer, 

1982). Many animals also exhibit lung congestion, alveolar and interstitial oedema, 

haemorrhages, and some fibrin thrombi in alveolar walls, emphysema, and neutrophil 

infiltrations (Coetzer 1982) 

 

2.4.2 Virus isolation 

 

RVFV is isolated readily from serum or whole blood during the febrile stage of the disease, as 

well as from liver, spleen and brain of fresh carcasses or aborted foetuses (Anderson, et al., 

1989). RVFV can readily be grown in-vitro in mammalian and insect cell cultures, 

embryonated chicken eggs and variety of laboratory animals. However, some strains of rats, 

guinea-pigs, chickens and rabbits are resistant (Easterday, 1965; Shimshony and Barzilai, 

1983; Meegan and Bailey, 1989). Virus isolation can thus be achieved in hamsters, mice and 

various cell cultures, including African green monkey kidney cells (Vero), baby hamster 

kidney (BHK-21) CER, mosquito cell lines, primary lamb, calf and goat kidney or testis cells 

(reviewed by Swanepoel and Coetzer, 2004; Gerdes, 2004). These procedures are, however, 

expensive and time consuming and hence often not adequate for RVF outbreaks and regulatory 

purposes. 
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2.4.3 Serological assays 

 

Viral antigen can often be rapidly detected in impression smears of infected tissue using 

immunofluorescence (Pini, et al., 1970) and in tissue sections by employing 

immunoperoxidase staining (Swanepoel, 1976; Swanepoel, 1981; Swanepoel, et al., 1986.). 

Enzyme linked immunosorbent assay (ELISA) and reversed passive haemaglutination can also 

be employed to demonstrate antigen in serum (Niklasson, et al., 1983; Meegan, et al., 1989; 

Peters, et al., 1989). ELISAs designed for detection of antibodies to RVFV in domestic 

ruminants, wild ruminants and humans have been described previously (Paweska, et al., 2003a, 

Paweska, et al. ,2003b, Paweska, et al., 2003c, Paweska, et al.,2005a, Paweska, et al., 2005b, 

Paweska, et al., 2007, Paweska, et al., 2008).   

 

The IgG sandwich ELISA is more sensitive in detection of the earliest immunological 

responses to infection or vaccination with RVFV, when compared to serum virus neutralisation 

(SNT) and haemagglutination-inhibition tests (Paweska et al. 2003a). Its sensitivity and 

specificity derived from field data sets ranged in different ruminant species from 99.05 to 

100%. In comparison, specificity of the IgM-capture ELISA varied between different species 

from 97.4 to 99.4%; while its sensitivity was 100% in sheep tested 5–42 days post-infection. 

The results of the study, based on field-collected, experimental and post-vaccination sera, 

indicate clearly that these assays are very useful for epidemiological surveillance, control 

programmes, import/export veterinary certification, early diagnosis of infection, and for 

monitoring of immune response in vaccinated animals (Paweska et al. 2003a). 

 

ELISAs can be employed to confirm the presence of either specific IgM antibodies, which 

appear transiently from 4 days after infection or specific IgG antibodies, which appear from 8 

days after infection and may persist for several years (Paweska, et al., 2005b). The detection 

of IgM would suggest a current or recent infection. However, IgG-based ELISAs cannot 

distinguish between past and current infection unless paired serum samples are analysed (acute 

and convalescent) and a four-fold increase in antibody titre observed (Mansfield et al., 2015). 

 

The ELISA test has been shown to be extremely reliable and accurate for monitoring of 

immune response in vaccinated animals of various domestic species (Paweska et al., 2003a). 

However, the same authors concluded that time-dependent (time since infection) changes in 

the sensitivity of the assay were clearly evident in the study, and especially for IgM-capture 
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ELISA: the test was 100% sensitive 5–42 days post-infection, and only 12.5% sensitive 3 

weeks later. This may account for some negative results more than 21 days post vaccination. 

However, in another study, Paweska et al. (2008) demonstrated that the rNp-based IgG I-

ELISA is robust, has high diagnostic accuracy, and can be used reliably for diagnosis, import–

export veterinary certification and for seroepidemiological studies of RVFV infections in 

African buffalo. 

 

The SNT has been used to detect antibodies against RVFV in serum of a variety of species, 

and the OIE considers this test as the gold standard to test for RVFV antibodies (OIE 2009). 

The test is highly specific, but it can only be performed with live virus and therefore is not 

recommended for use outside endemic areas or in laboratories without appropriate biosecurity 

facilities and vaccinated personnel (OIE 2009). Most types of cell cultures including Vero, 

BHK-21 and rhesus monkey kidney epithelial cells can be used in the SNT test for RVF (WHO 

1982). 

 

In a trial in Senegal on 267 small ruminants, half were vaccinated with Clone 13 vaccine and 

showed seroconversion using ELISA and SNT in more than 70% of the animals, starting on 

Day 60. The seropositivity rates remained high throughout the observation period, including 

on the last study day, when more than 70% of the sheep and goats had neutralising antibody 

titres above the positivity threshold. Antibody levels persisted up to 1 year after vaccination 

(Lo, et al., 2015). 

 

In the trials using Clone 13 conducted by Dungu, et al. (2010) on sheep, very good neutralising 

antibody responses were recorded in all vaccinated sheep, from Day 7 post-vaccination and a 

dose–response effect was clearly evident. Lambs born from vaccinated ewes also showed 

significant antibody titres. The very good seroconversion recorded in these trials, with up to 

four-fold increases in neutralising antibody titres, as early as Day 7 post-vaccination, indicated 

a good protection against RVF. This was substantiated by the subsequent challenge results 

where even the few individuals with low titres still showed resistance to disease challenge. 

 

In the trials on cattle conducted by Von Teichman, et al. (2011), four of five calves vaccinated 

with Clone 13 vaccine showed an antibody response of 1:4–1:16 by Day 7, which peaked by 

Day 14 with an antibody titre of 1:256 in one animal. By Day 14 post-vaccination, the 5th 

animal had also seroconverted. Antibody titres decreased over the following two weeks in 3 
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out of 5 animals, but increased in the remaining two (Day 28). When challenged with virulent 

RVFV, titres increased to > 1:512 within seven days of challenge and remained high for the 

remainder of the animal trial (Day 56), as a result of an anamnestic antibody response. 

 

Njenga et al. (2015) concluded that RVF Clone 13 vaccine is safe to use and has high (>90%) 

immunogenicity in sheep and goats but moderate (> 65%) immunogenicity in cattle. This was 

based on a blind randomized controlled field trial involving 404 animals (85 cattle, 168 sheep, 

and 151 goats) of which 194 were vaccinated and the rest vaccinated with placebo. Animals 

were monitored for one year and virus antibodies titres assessed on days 14, 28, 56, 183 and 

365. Vaccinated cattle (N = 42) did not develop any anti-RVFV IgM antibodies but 67% 

developed anti-RVFV IgG antibodies. These were maintained in 43.6% of the animals through 

Day 365 post-vaccination. In vaccinated goats (N = 72), 72% developed IgM antibodies and 

97% developed IgG antibodies that were maintained in all animals through Day 365. In 

vaccinated sheep (N = 78), 84% developed IgM and 91% IgG antibodies that were maintained 

in 52.6% of the animals by Day 365.  

 

At Day 14 post vaccination, the chance of being seropositive for IgG in the vaccinated group 

was  significantly higher (P < 0.05) in vaccinated animals compared to the placebo group, with 

an odds ratio of 4 in cattle, 90 in goats, and 40 in sheep. In contrast, the IgM antibody response 

between placebo and vaccinated groups in cattle and goats was statistically insignificant. 

However, in sheep, the IgM response was significantly higher in the vaccinated as compared 

to placebo group of animals. The need for caution when interpreting ELISA results in different 

species and when interpreting titres in vaccinated animals was emphasized by Njenga et al., 

2015.  

 

To determine whether the IgG antibodies in this study were neutralizing, a virus neutralisation 

test (VNT) was run for vaccinated bovine (N = 40), goats (N = 46), and sheep (N = 46) sera 

that were ELISA positive. Overall, 89.6% (116/130) of the ELISA positive samples were also 

positive by VNT whereas 91% (10/11) of the ELISA negative samples were negative by VNT. 

Cattle had lower ELISA and VNT titres whereas goats had the highest titres (Njenga et al. 

2015). 

 

Even though there was no natural RVF outbreak during the period of the above-mentioned trial, 

the Clone 13 vaccinated animals developed high neutralizing antibodies. The authors reported 
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that their results were in agreement with the trials carried out by Dungu et al. (2010) and Von 

Teichman et al. (2011), where neutralizing antibodies and prevention from challenge with 

virulent virus were reported in all vaccinated animals. 

 

There are no similar trials that have been conducted on wild ruminants. 

 

The OIE lists both the ELISA and SNT as the recommended method for detecting an immune 

response in populations considered free from disease, as well as post-vaccination to detect an 

immune response (OIE, 2010). 

 

2.4.4 Molecular assays 

 

Reverse transcription-polymerase chain reaction (RT-PCR) can be used to readily detect viral 

nucleic acid in serum and other tissue from infected humans, livestock and mosquitoes 

(Ibrahim, et al., 1997; Garcia, et al., 2001; Drosten, et al., 2002; Jupp, et al., 2002; Sall, et al., 

2002). Highly sensitive RT-PCR assays for the detection and quantification of RVFV have 

been developed. These include real-time RT-PCR (rt RT-PCR) (Ibrahim, et al., 1997; Garcia, 

et al., 2001; Sall, et al., 2002), including those based on TaqMan probe technology (Drosten, 

et al., 2002; Bird, et al., 2007). More recently real-time RT loop-mediated isothermal 

amplification assays (RT-LAMP) targeting the large RNA segment were developed and 

evaluated for the detection of a wide spectrum of RVFV isolates and clinical specimens 

(Peyrefitte, et al., 2008; Le Roux, et al., 2009). The latter study reported a 100% agreement 

between the RT-LAMP, TaqMan based RT-PCR and virus isolation results (Le Roux, et al., 

2009). The RT-LAMP assay had a very high diagnostic sensitivity and specificity when used 

on a variety of clinical specimens from humans and animals and detection of specific viral 

genome targets in positive clinical samples takes less than 30 minutes. In addition, the 

equipment required to run the test is simple and relatively inexpensive, giving it even more 

practical applications in resource-poor and remote areas of outbreaks (Peyrefitte, et al., 2008; 

Le Roux, et al., 2009).  
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2.5 Control 

 

Control of RVF is either achieved through vector control, limiting exposure to infected vectors 

or via immunization.  

 

2.5.1 Vector control 

 

Vector control measures include burning grass cover and larvacide treatment at strategic times 

in dambos (prime aedine mosquito breeding grounds) to reduce the viability of mosquito eggs 

and thus suppress overall mosquito numbers (Logan, et a.l, 1990; Whittle, et al., 1993). Other 

measures include chemical control of adult mosquitoes, moving stock to well-drained wind 

swept pastures (usually at higher altitudes) or confining stock to mosquito-proof stables, all of 

which are somewhat impractical and not very effective, except as an aid during an outbreak of 

disease (Swanepoel and Coetzer, 2004). These measures are especially not practical for wildlife 

species which cannot be contained and often roam large areas. 

 

2.5.2 Vaccination 

 

Immunization remains the only effective way to protect livestock and wildlife from RVF 

infection. Several vaccines exist: the Smithburn live attenuated virus vaccine, formalin-

inactivated RVF vaccines, Clone 13 live attenuated virus vaccine and a MP-12 live attenuated 

virus vaccine.   

 

The Smithburn strain (mouse neuro-adapted) of RVF has been used at different passage levels 

to produce livestock vaccine in South Africa and Kenya since the 1950’s, while wild strains of 

RVFV are used to prepare formalin-based inactivated cell culture vaccines in South Africa and 

Egypt. In South Africa, the original Smithburn vaccine was modified several times and since 

1971 has been propagated in BHK-21 cells for preparation of freeze dried vaccine (Kaschula, 

1953; Weiss, 1957; Weiss, 1962; Barnard and Botha, 1977; Barnard 1979). 

 

The modified live Smithburn vaccine can be produced easily in large quantities, is inexpensive 

and gives strong immunity in sheep within 6-7 days post single inoculation. However, a 

proportion of pregnant ewes may abort or undergo teratology of the foetus and hydrops amnii 

and prolonged gestation (Coetzer and Barnard, 1977). This indicates that the virus is only 
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partially attenuated and should only be used in pregnant animals in an epidemic where the 

possible adverse effects are outweighed by the risks of not vaccinating (Davies, 1981).  

 

In contrast to this, the formalin-inactivated RVF vaccines are safe to use in pregnant animals, 

but are expensive to produce and only induce a short period of immunity, thus necessitating 

regular booster vaccinations in order to ensure adequate protection (Caplan, et al., 1985).  

 

A mutagen-derived MP12 candidate vaccine virus was tested and shown to be safe for use in 

pregnant cattle and sheep, even when inoculated directly into bovine foetuses (Hubbard, et al., 

1991; Baskerville, et al., 1992; Morrill, et al., 1997; Morrill, et al., 1997). The flaw in these 

trials was the fact that the vaccines were administered to animals already beyond the first stage 

of pregnancy, meaning organogenesis had already taken place and foetuses were no longer 

susceptible to the teratogenic effects of attenuated viruses. When the vaccine was administered 

to sheep at an earlier stage of pregnancy, 14% showed teratology (Hunter, et al., 2001). This 

vaccine is not in commercial production. 

 

RVF Clone 13 is a recently developed vaccine and available commercially. The 74HB59 strain 

of RVFV was isolated from a human case in the Central African Republic and shown to be 

composed of a heterogeneous population of viruses (Muller, et al., 1995). One of these clones, 

C13, was of particular interest in that it proved to be avirulent in mice and hamsters, and highly 

immunogenic. Due to a large deletion in the NSs protein encoding gene of the small S segment 

of the genome, this is an avirulent RVFV named Clone 13. The virus grows to high titres in 

cell cultures and due to the deletion in the sequence coding for the virulence factor, it is unable 

to revert back to virulence, making it an attractive candidate for vaccination. Vaccination trials 

in sheep and bovines elicited a high antibody response protecting against RVFV challenge, 

without any deleterious effects. In this study, pregnant ewes never aborted (87.5% of 

individuals protected against abortion on challenge with wild virus) and there was no 

teratogenesis (Swanepoel and Coetzer, 2004; Albarino, et al., 2007; Dungu, et al., 2010).  

 

In a study to evaluate the efficacy and safety of the Smithburn (live attenuated) and Clone 13 

vaccines in calves, it was concluded that both vaccines produced a good neutralizing antibody 

response protecting against RVFV challenge, and no viraemia could be detected post challenge 

(Von Teichman, et al., 2011). Njenga et al. (2015) concluded that RVFV Clone13 vaccine is 
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safe to use and has high (> 90%) immunogenicity in sheep and goats but moderate (> 65%) 

immunogenicity in cattle. 

 

Persuading farmers to rigorously follow a vaccination protocol in the absence of regular disease 

is always challenging. The fact that RVF epidemics occur at irregular intervals with long inter-

epidemic periods, mean it is even more difficult to persuade farmers to vaccinate routinely 

against this disease. In addition, RVF epidemics are hard to predict and have a sudden onset. 

This has in the past lead to vaccine availability issues/shortages during RVFV outbreaks. 

Taking this, the nature of the disease, and the availability of the vaccine into account, it is 

generally recommended in African countries with large sheep and goat populations to regularly 

immunize the offspring of vaccinated ewes and nannies at six months of age (Assad, et al., 

1983). This is when colostral immunity has waned and a single dose of Smithburn vaccine 

should afford life-long protection (Assad, et al., 1983).  

 

In cattle, the Smithburn RVF vaccine induces a poor antibody response and hence it is 

preferable to vaccinate them with the formalin-inactivated vaccine (Barnard and Botha, 1977; 

Barnard, 1979).  This ought to ensure that cows transfer colostral immunity to their calves. 

Cattle should also be given a second vaccine 3-6 months after the first, and then receive annual 

vaccinations, before the rainy season since immunity only lasts approximately one year 

(Barnard and Botha, 1977). 

 

Despite the above research, the current data sheet for use of the inactivated RVF vaccine 

(formalinised RVF virus) recommends vaccinating cattle, sheep or goats as follows: 

 

Animals susceptible to disease can be immunised at any age. This is irrespective of the stage 

of pregnancy and lactation. Calves and lambs born from animals with immunity can only be 

effectively immunised after the age of six months to ensure that acquired maternal antibodies 

have waned. In order to obtain optimal protection, a booster vaccination is recommended 3 - 4 

weeks after initial vaccination. Annual vaccination is recommended, this is best done in the 

late winter or early spring (Data sheet, Inactivated RVF vaccine for cattle, sheep and goats, 

Onderstepoort Biological Products:  

 

https://www.obpvaccines.co.za/Cms_Data/Contents/OBPDB/Folders/Product/~contents/GZC

2QWWS33BNW7VE/2146%20Inactivated%20RVF_PI.pdf ). 
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The current data sheet for the freeze-dried, live attenuated RVF (Smithburn strain) recommends 

vaccinating cattle, sheep and goats as follows: Animals susceptible to disease can be 

immunised at any age. Calves and lambs born from animals with immunity can only be 

effectively immunised after the age of six months to ensure that acquired maternal antibodies 

have waned. Since disease outbreaks typically occur during the late summer and autumn, it is 

recommended to vaccinate susceptible animals during spring. This should be three to six weeks 

before the mating season. It is advisable to plan breeding so that lambing occurs between 

February and April to ensure that lambs will be adequately protected by maternal antibodies 

during high risk times of the year. Complete immunity is normally achieved three weeks after 

inoculation. Annual vaccination is recommended (Data sheet, Live RVF vaccine for cattle, 

sheep and goats, Onderstepoort Biological Products:  

 

https://www.obpvaccines.co.za/Cms_Data/Contents/OBPDB/Folders/Product/~contents/X5Q

2767Q298MMNA3/2153_RVFLive_PI.pdf ). 

 

The freeze-dried, live attenuated RVF (Clone 13 strain) for the immunisation of cattle, sheep 

and goats against RVF, is recommended to be used as follows, according to the data sheet: 

Since disease outbreaks typically occur during the late summer and autumn, it is recommended 

to vaccinate susceptible animals during spring or early summer.  Animals may safely be 

vaccinated from 2 months of age, unless their mothers were immunised, in which case they 

should be vaccinated after the age of six months to ensure that acquired maternal antibodies 

have waned. The vaccine can safely be used in pregnant animals. Most animals will be immune 

three weeks after vaccination. Annual vaccination is recommended for optimal immunity (Data 

sheet, RVF Clone 13 vaccine for cattle, sheep and goats, Onderstepoort Biological Products:  

 

https://www.obpvaccines.co.za/Cms_Data/Contents/OBPDB/Folders/Product/~contents/AM

E2WHYSW2LJB4WB/2213_RVF%20CLONE13_PI.pdf ). 

 

Based on the above findings regarding safety and efficacy of Clone 13 vaccine, and availability 

issues with all vaccines during outbreaks, Clone 13 RVF vaccine was selected as the best 

candidate for the trial. This is despite the fact that to date there is no published research with 

regard to the use of any RVF vaccine in wildlife, nor are there any recommended vaccine 

protocols for wildlife. 
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3. CHAPTER 3:  JUSTIFICATION AND AIM OF THIS STUDY 

 

It is evident from a review of the available literature that RVF occurs fairly regularly in South 

Africa. It not only affects domestic animals, but a large number of species including multiple 

wildlife species, often with dire consequences. It is thus a very important disease for both 

domestic and wild animals. In view of severe outbreaks of RVF in recent years in Africa (and 

South Africa in particular), the high commercial value of wildlife, and the 

endangered/threatened status of many wildlife species, protection against RVF infection is 

essential. 

 

Looking more broadly it is clear that the threat from RVF should not be taken lightly as 

evidenced by outbreaks in new areas of the world – Egypt in 1977, West Africa in 1988, and 

the Arabian Peninsula in 2000 (Pepin, et al., 2010) and the re-emergence of the disease after 

periods of long absence. Competent vectors occurring in countries previously free of these, 

high viral titres in viraemic animals, global climate changes and international travel and trade 

in livestock all make this threat more credible. 

 

As discussed above vaccination is considered the most effective and reliable way to protect 

animals and in addition is the only practical option for disease prevention in wildlife at this 

time. Clone 13 RVF vaccine is the newest and most promising vaccine with regards to safety 

and efficacy, as evidenced by studies cited above, and was thus chosen as the best vaccine 

option for use in wildlife. In addition, it is more readily available than some of the other 

vaccines, and has not been tested on wildlife.  

 

The aims of the research are: 

 

To determine whether Clone 13 RVFV vaccine is effective in creating a humoral immune 

response to RVF vaccine in the African buffalo (Syncerus caffer) and roan antelope 

(Hippotragus equinus). 

 

To determine whether vaccination results in any obvious clinical side effects, such as general 

malaise or abortion. 
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4. CHAPTER 4:  MATERIALS AND METHODS 

 

4.1 Experimental Design 

 

The buffalo used in this project belonged to East Cape Parks and Tourism Agency and were 

part of the extensive population on the Great Fish River Nature Reserve, managed by the 

agency. The park is situated close to Fort Brown in the Eastern Cape Province of South Africa. 

The collection of samples and vaccination of the buffalo coincided with planned chemical 

capture and subsequent relocation of animals as part of sales/management plans. Animals were 

sampled and vaccinated at the same time without additional/undue stress/risk to them. Due to 

the value of these animals and risks associated with chemical immobilisation, sampling 

intervals did not follow theoretical research models, but were undertaken as opportunities 

presented, i.e immobilisations for mandatory disease testing requirements and relocation. 

There were some complications with the sale of some animals which meant the disease testing 

had to be repeated, providing for further sampling opportunities. This was in line with 

permission granted by the owner of the animals, East Cape Parks and Tourism Agency.  

 

The roan antelope were part of an extensive herd resident on a privately-owned game reserve 

in the greater Bedford area, Eastern Cape Province of South Africa. They were relocated post 

capture to a private game reserve in the Janssenville area of the Eastern Cape Province, which 

was where the second and third immobilisation for sample collection took place. The initial 

collection of samples and vaccination of the roan antelope co-incided with planned chemical 

capture and subsequent relocation of these animals as part of the sale. Thus, animals were 

sampled and vaccinated at the same time without additional/undue stress/risk to them. The 

repeat immobilisation and sampling were however undertaken for the primary purpose of 

collecting further/follow-up samples, with the owner’s consent. Due to the extensive nature of 

the terrain on the new reserve, only a limited number of animals could be darted successfully. 

 

4.2 Samples collected 

 

Twenty-four buffalo were captured on 15 and 16 April 2011 (Table 1).  EDTA and serum 

samples were collected for the purpose of running SNT and ELISA to test for antibodies 

specific to RVFV from all animals, except for animal number six. Blood samples were 

collected from the jugular vein using vacutainer needles, hubs and blood tubes. Additional 
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blood samples were taken and submitted randomly for further laboratory analysis (haematology 

and biochemistry). A blood smear was made from the additional submitted samples. Further 

blood samples to test for response to the RVF Clone 13 vaccine and random biochemistry and 

haematology evaluation were subsequently collected in a similar manner from all animals, at 

different intervals, as outlined in Table 1. 

 

The nine roan antelope captured on 14 March 2011, were blood sampled in a similar manner 

(Table 2). Additional blood samples were taken and submitted randomly for further laboratory 

analysis (haematology and biochemistry). A blood smear was made for examination from the 

additional submitted samples. A small number of animals were immobilised multiple times and 

sampled in the same manner on 11 April (animals 3, 5, 6 and 9) and 24 October 2011 (animals 

5, 6 and 7) (Table 2).  
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Table 1: Buffalo age estimates (at time of capture), sex, and immobilisation/sample 

collection dates. 
No. Sex Estimated Age (at 

capture) 

Immobilisation and sample collection dates 

during 2011 

   

15
an

d1
6 

A
pr

il 
 

26
 M

ay
 

23
 Ju

ne
 

28
 Ju

ne
 

12
 Ju

ly
 

1 
Se

pt
em

be
r 

15
 N

ov
em

be
r 

1 M 18 months X     X X 

2 M 18 months X     X X 

3 F 2,5 years X     X X 

4 F Adult, pregnant X     X X 

5 F 18 months X     X X 

6 F 12 months      X X 

7 F Adult X     X X 

8 F Mature X X  X    

9 F 18 months X X  X    

10 M Adult X X  X    

11 F   X X  X    

12 F   X X  X    

13 F Adult X X    X X 

14 M Adult X X  X    

15 F Adult X X  X    

16 F 15 months X X X     

17 F Adult X X X     

18 F 12 months X X   X   

19 F Adult X    X   

20 F Adult X X   X   

21 F Mature X X   X   

22 F Adult X     X X 

23 M 15 months X     X X 

24 M Adult X X   X   

25 F Born 20.4.2011 in the 

boma 

      X * 

 

Note: M = Male, F = Female; * = unvaccinated 
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Table 2. Roan age estimates (at time of capture), sex, and immobilisation/sample 

collection dates. 

No. Sex Estimated Age (at time of capture) Immobilisation and 

sample collection dates 

during 2011 

   14 

March  

11 

April 

24 

October 

1 F ± 3 years X   

2 F ± 3 years X   

3 F ? X X  

4 F 2 years X   

5 F 8-10 years X X X 

6 F 10-12 years X X X 

7 F ± 6 years X  X 

8 M ± 5 years X   

9 F Old, ±12 years X X  

 

Note: M = Male, F = Female 

 

Samples were kept at 4°C after collection and the serum samples centrifuged for 10 minutes 

before they were transported to the relevant laboratories. A serum and EDTA sample were sent 

as soon as possible after an animal was immobilisied by courier to IDEXX Laboratories in Port 

Elizabeth. A second serum sample was sent by courier on ice to the Department of Veterinary 

Tropical Diseases (DVTD), Faculty of Veterinary Science, University of Pretoria, 

Onderstepoort, Pretoria. 

 

4.3 Vaccine administration 

 

After immobilisation/capture, blood was collected from each animal (as above) and then 1 ml 

of Clone 13 RVFV vaccine (Onderstepoort Biological Products, South Africa) was 

administered by subcutaneous injection, according to the recommendations of the manufacturer 

for the vaccination of cattle, sheep and goats. This was administered to most animals over the 
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left lateral shoulder for consistency and practical reasons. Vaccine was kept on ice in a cooler 

during field work to ensure its integrity. Other routine treatments are detailed below and should 

have no bearing on this study. 

 

4.4 Experimental animals used  

 

4.4.1 Buffalo 

 

On 15 and 16 April 2011, a total of 24 buffalo were immobilised for East Cape Parks Board 

and placed in a boma on the Great Fish River Game Reserve for disease testing and sale. The 

animals were darted from a helicopter (Robinson R44) using a “Pneudart’ dart gun and darts. 

The buffalo were immobilised using a combination of etorphine (“M99” 9.8 mg/ml, Novartis 

Animal Health), or thiafentanil (“A30-80” 10 mg/ml, Wildlife Pharmaceuticals), with 

azaparone (“Stresnil” 40 mg/ml, Janssen Pharmaceuticals) and hyalase (Kyron 

Pharmaceuticals, 5000 IU per vial). The difference in immobilisation protocols is due to drug 

availability at the time. Some animals were treated with ketamine HCl (compounded 1g powder 

per vial, Kyron Pharmaceuticals, South Africa) in order to make them calmer and easier to 

handle post immobilisation. Other animals received small doses of medetomidine 

(compounded, 20 mg/ml, Kyron Pharmaceuticals, South Africa) for the same reason, or in 

some cases to prolong the immobilisation for transport, without administering more opioid 

drugs. The medetomidine was reversed with the alpha-2 antagonist, yohimbine (compounded 

6.25 mg/ml, Kyron Pharmaceuticals, South Africa). A small number of animals received 

butorphanol to improve respiration (compounded, 50 mg/ml, Kyron Pharmaceuticals, South 

Africa). All animals were treated with routine treatments for buffalo post darting, namely: a 

long acting antibiotic to prevent infection at the dart wound or systemically post the stress of 

capture - either a long-acting penicillin (either “Peni LA”, Virbac Pharmaceuticals, or 

“Lentrax”, Merial South Africa), or a long acting oxytetracycline (either “Terramycin” or 

“Liquimycin”, Zoetis South Africa). The difference in antibiotics used was due to availability 

on the day, all being considered effective in this situation. All animals also received a 

multivitamin to support the immune system due to relocation stress and address any 

deficiencies (“Multivite”, Norbrook (Biotech Vet)), ivermectin to treat internal and external 

parasites (“Dectomax”, Pfizer South Africa), and a tranquiliser in the form of haloperidol 

(compounded 20 mg/ml, Kyron Pharmaceuticals, South Africa).  
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All animals were vaccinated against RVF using the Clone 13 vaccine (“RVF Clone 13”, 

Onderstepoort Biological Products, South Africa), by sub-cutaneous injection of 1 ml of the 

vaccine according to the recommendations of the manufacturer for the vaccination of cattle, 

sheep and goats. All animals were reversed from chemical immobilisation with the antidote 

naltrexone, at the recommended dosage (“Trexonil” 50 mg/ml, Wildlife Pharmaceuticals) and 

recovered in bomas (holding pens) without incident. 

 

A female calf was born in the bomas on 20 April but was not vaccinated due to age. A blood 

sample was collected from her during the November sampling (Table 1; indicated with *). 

 

Subsequent to the capture, these 24 animals were immobilised several times for disease testing 

or for sale/movement, as detailed in Table 1. The above protocol was used with some minor 

differences – the animals were darted on foot since they were already in the boma, in some 

cases a different brand of anitibiotic was used, and some animals were treated with 

diprenorphine hydrochloride (“M50-50” 12 mg/ml, Novartis Animal Health, South Africa) and 

naltrexone (Naltrexone 40 mg/ml, compounded, Kyron pharmaceuticals) to reverse the 

immobilisation. In addition, some animals were treated on occasion with flumethrin (“Drastic 

Deadline”, Bayer Animal Health) for external parasite control, or abamectin topically 

(“Buckguard” abamectin 0.5%, Virbac Pharmaceuticals, South Africa) and before relocation 

to new game reserves, were vaccinated against clostridial disease with 2ml of a multivalent 

clostridial vaccine (“Supavax”, Intervet SA – MSD Animal Health) administered sub-

cutaneously. All animals recovered without incident from immobilisation. The RVF Clone 13 

vaccine was not repeated, nor was the haloperidol tranquilisation. 

 

All immobilisation protocols and doses were in line with /as described in “Chemical and 

Physical Restraint of Wild Animals, a training and field manual for African species” 

(Burroughs, et al., 2012). 
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4.4.2 Roan Antelope 

 

Nine roan antelope were darted on 14 March 2011, on a game reserve in the greater Bedford 

area, Eastern Cape. The animals were darted from the ground using “Dan Inject” and 

“Pneudart’ dart guns and darts. Animals number one, two, five, six and nine (Table 2) were 

immobilised with a combination of thiafentanil (“A30-80” 10 mg/ml, Wildlife 

Pharmaceuticals), azaparone (V-Tech compounded, 100 mg/ml) and hyalase (Kyron 

Pharmaceuticals, 5000 IU per vial); animals three, four and seven were immobilised with a 

combination of thiafentanil, etorphine hydrochloride (“M99” 9.8 mg/ml, Novartis Animal 

Health), azaparone and hyalase. Animal number 8, the herd bull, was immobilised with a 

combination of etorphine hydrochloride, azaparone and hyalase. The reason different 

combinations were used was primarily due to drug availability at the time. Some animals were 

treated with ketamine (“Ketamine – Fresenius” 50 mg/ml, Fresenius Kabi) to make them more 

manageable post immobilisation. All animals were treated with routine treatments for antelope 

being relocated, namely: a long acting penicillin to prevent infection at the dart wound or 

systemically post the stress of capture (either “Peni LA”, Virbac Pharmaceuticals, or “Lentrax”, 

Merial South Africa), a multivitamin to support the immune system due to relocation stress and 

address any deficiencies (“Multivite”, Norbrook (Biotech Vet)), ivermectin to treat internal and 

external parasites (“Dectomax”, Pfizer South Africa), an ecto-parasitic agent  in the form of 

flumethrin (“Drastic Deadline”, Bayer Animal Health), and a tranquiliser in the form of 

zuclopenthixol-acetate (“Cloxipol Acuphase” 50 mg/ml, H..Lundbeck (Pty) Ltd, South Africa). 

All animals were vaccinated against clostridial disease with 2 ml of a multivalent clostridial 

vaccine (“Supavax”, Intervet SA – MSD Animal Health) administered sub-cutaneously in the 

lateral shoulder area.  

 

They were also vaccinated against RVF using “RVF Clone 13” vaccine (Onderstepoort 

Biological Products, South Africa) by administering 1 ml sub-cutaneously in the lateral 

shoulder, according to the recommendations of the manufacturer for the vaccination of cattle, 

sheep and goats. All animals were reversed from chemical immobilisation with the antidote 

naltrexone, at the recommended dosage (“Trexonil” 50 mg/ml, Wildlife Pharmaceuticals) and 

recovered from immobilisation in the transport trailer without incident. The animals travelled 

and offloaded well. 

 



29 
 

Subsequent to the capture, animals 3, 5, 6 and 9 were immobilised again on 11 April, and 

animals 5, 6 and 7 on 24 October 2011, for blood collection, as detailed in Table 2. These 

immobilisations took place on Meerlust farm near Jansenville, Eastern Cape Province. Only 

these animals were immobilised since the animals were quite wild and the new habitat difficult, 

making it impossible to dart more animals from the ground. 

 

The above protocol was used with some minor differences – long acting oxytetracycline 

(“Terramycin LA” 200mg/ml, Pfizer Animal Health) was added to the treatment protocol since 

some Theileria-like organisms/piroplasms were seen on blood smear post capture, and animals 

three and six were also treated with ketoprofen (“Ketofen 10%” 100mg/ml, Merial South 

Africa) for wounds sustained post-relocation which were opened up and treated. The 

“Supavax” vaccine was repeated in all animals to boost immunity (according to the 

recommended vaccination protocol). All animals recovered without incident.  

 

All immobilisation protocols and doses were as described in “Chemical and Physical Restraint 

of Wild Animals, a training and field manual for African species” (Burroughs, et al., 2012). 

 

4.5 Laboratory techniques 

 

4.5.1 Haematology and Biochemistry 

 

The blood smears, serum and EDTA samples couriered to IDEXX Laboratories, South Africa, 

were analysed using standard protocols (as detailed below) to obtain basic haematology and 

biochemistry information. The blood smear was evaluated with light-field microscopy by a 

specialist Veterinary Clinical Pathologist. These procedures were carried out to detect any ill 

or immune-compromised animals, to detect any blood-borne parasites and to monitor possible 

side effects of the vaccination.  

 

The haematology was performed on Cell Dyn 3500 (Abbott Laboratories, Abbott Park, Illinois 

U.S.A.) MAPPS laser technology analyser for white blood cell count (WCC), red blood cell 

count (RBC), haematocrit (HT), haemoglobin concentration (Hb) and platelets. Leukocyte 

differential counts and blood smear examinations were performed manually using Rapid 

Romanowski-stained smears at a magnification of X1000. Serum chemistry assays were 

performed on the Vitros 250 Dry Chemistry Analyser (Ortho-Clinical Diagnostics, Inc.). 
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Parasitaemia estimates were based on the proportion of parasitized cells encountered during a 

100-cell leukocyte differential count and then converted to a red cell percentage by using the 

proportion of WCC to RCC. 

 

4.5.2 Serum virus neutralisation test  

 

The SNT was done at the SANAS accredited Virology Laboratory of the DVTD according to 

the standard operating procedure (SOP) in use. The test was performed in 96-well microtitre 

plates and a vaccine strain of RVFV (obtained from Onderstepoort Biological Products) was 

used as antigen.  

 

The sera tested were diluted 1:5 in phosphate buffered saline of Dulbecco (PBS+) and 

inactivated for 30 minutes in a water bath at 56°C. Two-fold dilutions of the serum were 

prepared in duplicate on the microtitre plate (1-6 wells) and 100 µl of each dilution were used.  

The RVF stock virus, with a titre of 104.6 tissue culture infectious dose50 (TCID50)/100 µl, 

was diluted in minimum essential medium (MEM), containing 5% foetal calf serum (Highveld 

Biological, South Africa) to provide 100 TCID50. A volume of 100 µl was added to each well 

that contained a diluted test serum. To determine if the correct concentration of the virus was 

used, a series of ten-fold dilutions of the virus (10-1 – 10-4) were prepared. This virus control 

(back titration) was used in 3 wells. The plates were incubated at 37°C for 1 h in an incubator 

with an atmosphere containing 5% CO2.  A volume of 80 µl of Vero cells at a concentration 

of 480 000 cells/ml was added to each well of the microplate including the virus controls, 

followed by incubation at 37°C in an atmosphere containing 5% CO2. The plates were read 

once the virus controls showed cytopathic effect (CPE), 10-1 shows 75% CPE, 10-2 shows 

50% CPE and 10-3 show 25% CPE. It was important that 10-2 showed 50% CPE because this 

was the same as the virus titre used in the test (TCID50). 

  

Where results of CPE below 50 % were smaller than expected, half-log dilutions were used to 

determine more accurate results.  

 

The monolayers were examined daily from day three until the dilution of 10-2 showed 50% 

CPE. Evidence of CPE was determined by using an inverted microscope and the results were 

recorded as the last dilution where no inhibition of CPE of the virus could be seen. 
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4.5.3 ELISA test 

 

An IgM antibody capture ELISA and indirect IgG-ELISA were used according to the SOP at 

the Agricultural Research Council’s Onderstepoort Veterinary Research Institute. The indirect 

IgG ELISA was published by Paweska et al. (2003c). Briefly:  

 

A volume of 50 µl per well of original RVFV antigen and control antigen, each diluted 1/1000 

in a carbonatebicarbonate buffer pH 9.6, was used. After incubation at 4°C overnight, unbound 

antigen was removed by washing the plate three times with 250 µl per well of TST buffer (Tris 

saline, Tween pH 8 ± 0.2). Thereafter, 100 µl of blocking buffer (used also as a diluting buffer) 

consisting of 3% fat-free milk powder (Clover SA, Pty Ltd) in TST was added to each well, 

and the plate incubated for 1 h at 37°C. After washing the plate three times as before, 50 µl of 

control and test sera, diluted 1:100 in diluting buffer, were added in duplicates to wells pre-

coated with positive and control antigen. After incubation at 37°C for 60 min unbound antibody 

was removed by washing the plates three times with 250 µl per well of TST buffer.  A volume 

of 50 µl recombinant protein G conjugated with horse radish peroxidase (Cat No. 10-1223, 

Zymed) diluted 1:10 000 was added to each well and the plates incubated at 37°C for 1 h.  

Unbound conjugate was removed by washing the plates three times with 250 ul per well of 

TST buffer.  A volume of 50 µl substrate/chromogen (TMB, Cat No. 00-2023, Zymed) was 

added to each plate and the plates incubated in the dark for 20 min at room temperature (22-

25°C). Reactions were stopped by adding 50 µl/well of 1 M H2S04 and colour development 

was immediately assessed in a spectrophotometer (EL 340, Bio-Tek Instruments) using 450 

nm and 690 nm reference filters.  Optical density (OD) readings were converted to PP values 

(percentage of strong positive control serum) using the following equation: 

 

% PP = [(Mean OD of test sample, positive antigen – Mean OD of test sample, neg. antigen) /  

(Mean OD of C++. positive antigen – Mean OD of C++. negative antigen)] x 100 

 

where % PP = Percentage positivity of C++. 
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The IgM antibody capture ELISA was published by Williams et al., (2011). Briefly: 

 

100 µl per well of rabbit antiserum to sheep-chain of IgM (ICN Pharmaceuticals), diluted to 1 

µg/ml in PBS, was used as a capture antibody to coat ELISA microtiter plates (Corning Inc.). 

This was done overnight in a humidity chamber at room temperature. Washing and diluting 

buffers followed the same protocol as described above for the IgG ELISA. The plates were 

blocked with 100 µl/well Stabilcoat buffer (Surmodics, Eden Prairie, USA) and incubated for 

1 h at room temperature.  

 

Positive and negative control sera and test sera were diluted 1:100 in dilution buffer (6% milk 

powder in TST buffer) and 100 µl were added per well according to plate layout. Dilution 

buffer served as the conjugate control. Plates were incubated for 1 h at 37°C and then washed 

three times with 300 µl TST buffer per well. The nucleoprotein conjugated to horseradish 

peroxidase (N–HRP conjugate) was diluted 1:10,000 in dilution buffer and 100 µl added per 

well. The plates were incubated for 60 min at 37°C and washed as before. A volume of 100 µl 

of a TMB ready-to-use substrate (Zymed, San Francisco, USA) were added to each well and 

the reaction was allowed to proceed until the OD reached 0.400–0.600 at 650 nm. The reaction 

was stopped with 100 µl stop solution (2N H2SO4) per well and the final absorbance was read 

at 450 nm. 

 

OD readings were converted to PP values (percentage of positive control serum) using the 

following equation: 

 

%PP =  [(Mean OD of test sample−Mean OD of negative control) /  

 (Mean OD of positive control−Mean OD of negative control)] × 100 
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5. CHAPTER 5:  RESULTS 

 

In total 66 buffalo immobilisations took place between 15 April and 15 November, and 65 

blood samples were collected from these animals for analyses (Table 1). These samples were 

collected from 25 individual buffalo. 

 

A total of 15 roan immobilisations took place between 14 March and 24 October and 15 blood 

samples were collected from these animals for analyses (Table 2). These samples were 

collected from 9 inidvidual roan. 

 

All of the above animals were vaccinated with RVF Clone 13 vaccine the first time they were 

immobilised, according to the recommended vaccine protocol for cattle.  

 

5.1. Haematology and Biochemistry 

 

Samples for both species were collected as outlined above and randomly selected for 

submission to IDEXX laboratories South Africa in order to detect any obvious health 

abnormalities that may affect the response to vaccination. Since accurate reference values are 

not known for these wildlife species, this data was used as a broad screening process to 

highlight any gross or obvious abnormalities which may reflect health concerns, and which 

could affect the outcome of vaccination. 

 

Taking the above into account, this data and related comments are reported in Appendix 1 as 

raw data. Detailed analysis and interpretation of these results is beyond the scope of this study. 

 

5.2 Buffalo Serum Neutralization Test and ELISA  

 

All buffalo (23 animals; animal number 6 was not sampled and the calf was not yet born) tested 

negative on initial SNT testing before vaccination, from samples collected on 15 and 16 April 

(Table 3).  
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Table 3.   Results of the buffalo blood samples submitted for SNT during the study. 

 

Notes: M = Male; F= Female; The blocked-out cells indicate that no sample was collected. 

Results that are 1:14 and 1:28 are half-log dilutions.  

 

ELISA was run on the same 23 buffalo samples collected on 14 and 15 April (Table 4). All 

animals tested negative for IgG except for animal 12 which tested positive (titre of 37). IgM 

was negative for all animals.  

No. Sex Estimated Age RVF SNT titre 

Blood sample collection date (2011) 

15and16 April  26 May  23 June  28 June 12 July 1 Sept 15 Nov 

1 M 18 months Neg         Neg Neg 

2 M 18 months Neg         Neg Neg 

3 F 2,5 years Neg         Neg Neg 

4 F Adult, pregnant Neg         Neg Neg 

5 F 18 months Neg         Neg Neg 

6 F 12 months          Neg Neg 

7 F Adult Neg         Neg Neg 

8 F Mature Neg 1:20   Neg       

9 F 18 months Neg 1:20   Neg       

10 M Adult Neg 1:10   Neg       

11 F   Neg Neg   Neg       

12 F   Neg 1:14   Neg       

13 F Adult Neg 1:28 Neg     Neg Neg 

14 M Adult Neg Neg   Neg       

15 F Adult Neg 1:10   Neg       

16 F 15 months Neg Neg           

17 F Adult Neg 1:10           

18 F 12 months Neg Neg     Neg     

19 F Adult Neg       Neg     

20 F Adult Neg Neg     Neg     

21 F Mature Neg 1:28     1:20     

22 F Adult Neg         Neg Neg 

23 M 15 months Neg         Neg Neg 

24 M Adult Neg >1:320     >1:320     

25 F Born 4/2011             Neg 
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Table 4. Results of the buffalo blood samples submitted for RVF ELISA during the 

study. 

 

Notes: M = Male; F = Female; IgG = IgG-I-ELISA, IgM = IgM-I-Elisa. Positive values >7; 

suspect values 4-7. The blocked-out cells indicate that no sample was collected. 

 

No. Sex Est.  

Age 

RVF ELISA result  

  Blood sample collection date (2011) 

     15 April 26-May  23-Jun 28-Jun 12-Jul  1-Sept 15-Nov 

      IgG IgM IgG IgM IgG IgM IgG IgM IgG IgM IgG IgM IgG IgM 

1 M 18 mths Neg Neg                 Neg Neg Neg Neg 

2 M 18 mths Neg Neg                 Neg Neg Neg Neg 

3 F 2,5 yrs Neg Neg                 Neg Neg Neg 4 

4 F Ad, preg Neg Neg                 Neg Neg Neg Neg 

5 F 18 mths Neg Neg                 Neg Neg Neg Neg 

6 F 12 mths                   Neg Neg Neg Neg 

7 F Adult Neg Neg                 Neg Neg Neg Neg 

8 F Mature Neg Neg 6 Neg     Neg Neg             

9 F 18 mths Neg Neg Neg Neg     Neg Neg             

10 M Adult Neg Neg 5 Neg     Neg Neg             

11 F   Neg Neg Neg Neg     Neg Neg             

12 F   37 Neg 43 Neg     Neg Neg             

13 F Adult Neg Neg Neg Neg Neg Neg         Neg Neg Neg Neg 

14 M Adult Neg Neg Neg Neg     Neg Neg             

15 F Adult Neg Neg 6 Neg     Neg Neg             

16 F 15 mths Neg Neg 5 Neg                     

17 F Adult Neg Neg Neg Neg                     

18 F 12 mths Neg Neg Neg Neg         Neg Neg         

19 F Adult Neg Neg             Neg Neg         

20 F Adult Neg Neg Neg Neg         Neg Neg         

21 F Mature Neg Neg Neg Neg         Neg Neg         

22 F Adult Neg Neg                 Neg Neg Neg Neg 

23 M 15 mths Neg Neg                 Neg Neg Neg Neg 

24 M Adult Neg Neg Neg 34         9 5         

25 F Newb.                         Neg Neg 
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Subsequent sampling on 26 May (39 or 40 days post vaccination) of 14 animals, produced nine 

positive SNT titres (animals 8, 9, 10, 12, 13, 15, 17, 21, 24), varying from 1:10 to more  than  

1:320, indicating a reaction to vaccination. The remaining five animals tested negative (Table 

3). ELISA testing on the same 14 samples (Table 4) yielded four suspect results for IgG 

(animals 8, 10, 15 and 16), all which were previously negative (before vaccination), and one 

positive, animal 12 (IgG titre of 43) which was positive from the start but now exhibited a 

higher titre. All were negative for IgM except for animal 24 which had a positive result (titre 

of 34).  

 

Two animals sampled on 23 June were erroneously reported as one negative result for a 

different animal and thus this result was disregarded, even though the result was not 

significantly different to any other results and had no impact on the overall conclusion.  

 

Seven samples collected on 28 June (animals 8, 9, 10, 11, 12, 14 and 15) yielded seven negative 

SNT results (Table 3). The same seven samples above tested by ELISA resulted in all negative 

results (Table 4).  

 

Five animals were sampled on 12 July (87 or 88 days post vaccination) – animals 18, 19, 20, 

21, 24. On SNT testing (Table 3) animals 18, 19 and 20 were negative. Animal 21 (1:20) and 

animal 24 (>1:320) were positive. ELISA testing on the same samples yielded negative results 

for animals 18, 19, 20 and 21. Animal 24 gave a positive IgG result (9) and a suspect IgM result 

(5). 

 

On 1 September (138 or 139 days post vaccination) ten samples (animals 1-7, 13, 22 and 23) 

were collected and all tested negative on SNT (Table 3). ELISA testing on all of these samples 

gave negative results. 

 

The final 11 samples collected on 15 November included all the animals sampled on 1 

September and the calf born in the boma. All 11 samples were negative on SNT testing.  

On ELISA testing animal 3 gave a suspect result (4) on IgM and was negative on IgG. All other 

samples were negative on both IgG and IgM. 
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5.3 Roan antelope Serum Neutralization and ELISA Tests 

 

Nine roan were blood sampled on 14 March for SNT and ELISA testing, prior to vaccination 

(Table 5 and 6). All animals were negative on SNT and ELISA (IgG and IgM) except for 

animal 7 which showed a positive SNT titre. 

 

Table 5.  Results of the roan antelope blood samples submitted for SNT during the 

study. 

 

     Notes: M = Male; F= Female; The blocked-out cells indicate that no sample was collected 

 

 
  

No. Sex Estimated 

Age 

RVF SNT titre 

Blood sample collection date 

14 March 

2011 11 April 2011 24 Oct 2011 

1 F ± 3 years Neg     

2 F ± 3 years Neg     

3 F 30 months Neg Neg   

4 F 2 years Neg     

5 F 8-10 years Neg 1:20 1:10 

6 F 10-12 years Neg 1:10 1:28 

7 F ± 6 years 1:14   1:28 

8 M ± 5 years Neg     

9 F 

Old, ±12 

years Neg 1:10   
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Table 6. Results of the roan antelope blood samples submitted for RVF ELISA during 

the study. 

 

  

Notes: M = Male; F= Female; IgG = IgG-I-ELISA. Positive values >7; suspect values 

between 4 - 7. IgM = IgM-ELISA. Positive values > 6; suspect values between 4 – 6.  

The blocked-out cells indicate that no sample was collected. 

 

Four roan antelope (animals 3, 5, 6, 9) were blood sampled on 11 April (28 days post 

vaccination) for testing (Table 5 and 6). Animals 5, 6 and 9 gave positive titres (1:10-1:20) on 

SNT but all were negative on ELISA (IgG and IgM).  

 

On 24 October (214 days post vaccination) three roan antelope (animals 5, 6 and 7) were blood 

sampled for testing. All three showed a positive SNT titre (1:10-1:28) (Table 5) and all were 

ELISA negative (IgG and IgM) (Table 6).  

 

 

 

  

  

Estimated age 

RVF ELISA result  

No. Sex Blood sample collection date 

     14-Mar-11 11-Apr-11 24-Oct-11 

      IgG IgM IgG IgM IgG IgM 

1 F ± 3 years Neg Neg         

2 F ± 3 years Neg Neg         

3 F 30 months Neg Neg Neg Neg     

4 F 2 years Neg Neg         

5 F 8-10 years Neg Neg Neg Neg Neg Neg 

6 F 10-12 years Neg Neg Neg Neg Neg Neg 

7 F ± 6 years Neg Neg     Neg Neg 

8 M ± 5 years Neg Neg         

9 F Old, ±12 years Neg Neg Neg Neg     
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6. CHAPTER 6:  DISCUSSION 

 

6.1 Biochemistry and haematology 

 

The buffalo haematology and biochemistry results indicated no obvious herd or general 

abnormalities in these animals. The few “abnormalities” that were noted may have been due to 

sample quality due to the time from samples collection to processing and transport to the 

laboratory, and/or incorrect reference ranges. Overall, considering the laboratory specialist’s 

comments and the animals’ clinical appearance, and looking at the SNT and ELISA results, 

there was no evidence that any of these changes affected the vaccine reaction. 

 

6.1.2 Roan antelope  

 

The roan antelope haematology and biochemistry results indicated no obvious herd or general 

abnormalities in this population. The few “abnormalities” that were noted may have been due 

to sample quality due the time samples were out the field, processed and couriered to the 

laboratory, and incorrect reference ranges for some enzymes, notably alamine aminotransferase 

(ALT) and gamma-glutamyl transferase (GGT). Of more significance was the fact that a 

Theileria spp. and an Anaplasma spp. were evident on blood smear evaluation. All animals 

were infected with either one or both haemoparasites. The parasites were not typed since that 

was outside the scope of this research. No animals exhibited any clinical signs of disease related 

to these parasites, or other diseases. It is interesting to note that the two animals with the highest 

parasitaemias (animals 4 and 9), also had the lowest haematocrit values, although they were 

still not considered anaemic (Appendix 1). On repeat sampling, it was interesting to note that 

animal number 9 exhibited an increased Theileria parasitaemia on blood smear evaluation, but 

a decreased Anaplasma parasitaemia. However, this animal’s haematocrit (packed cell volume 

as a %) increased from 22 to 33. Unfortunately, neither of these animals was sampled again in 

October for comparison.  

 

In conclusion, there was no evidence that any of the haematological or biochemistry changes 

affected the vaccine reaction. 
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6.2 Adverse effects of vaccination 

 

In sheep (Dungu, et al., 2010) and calves (Von Teichman, et al., 2011) RVF Clone 13 vaccine 

has been shown to be safe and effective in providing protection against virulent RVFV 

challenge, without any side effects. In the absence of vaccine research and associated data in 

wildlife, we assumed the results would be similar in wild ruminants.  

 

No adverse effects were observed in this trial and in addition the vaccine seemed to have no ill 

effect on a pregnant buffalo cow, or her calf, despite the cow being vaccinated in late 

pregnancy. The calf was part of the group sampled and tested on 15 November and was born 

in the boma on 20 April (4-5 days after vaccination of her mother). Thus, the vaccine appeared 

to have no effect on pregnancy at this very late stage, as expected.  

 

Most teratogenic effects are as a result of vaccination during the first trimester of pregnancy, 

but in addition Clone 13 has been shown to have no such side effects in sheep (Dungu et al., 

2010). However, in contrast to this a more recent study suggests that Clone 13 virus is able to 

spread to the foetus, resulting in malformations and stillbirths, and thus should still be used 

with caution in pregnant animals, especially during the first trimester (Makoschey, et al., 2016).  

 

6.3 ELISA and SNT 

  

6.3.1 Buffalo 

 

As expected, all animals tested negative on SNT at their initial testing on 14 and 15 April. The 

IgG ELISA test for animal 12 tested positive (titre = 37). This suggests previous exposure to 

RVF although these animals were assumed to be negative. Specific IgG antibodies, which 

appeared from 8 days after infection may persist for several years (Paweska, et al., 2005b). 

This finding is not uncommon, as has been shown in other studies (Lo, et al., 2015), and in 

particular one study on buffalo (Paweska et al., 2008). IgG-based ELISAs cannot distinguish 

between past and current infection unless paired serum samples are analysed (acute and 

convalescent) and a four-fold increase in antibody titre observed (Mansfield et al., 2015). The 

detection of IgM would suggest a current or recent infection. Since the IgM and SNT results 

were negative, it is likely that this animal was not infected with RVFV at the time of sampling, 

but either had been exposed to the virus previously or was simply a false positive.  
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Nine of the 14 samples collected on 26 May (39 or 40 days post vaccination) gave a positive 

SNT result (animals 8, 9, 10, 12, 13, 15, 17, 21, 24). Titres varied from 1:10 to more than 1:320, 

indicating a humoral response of some degree to vaccination. The remaining 5 animals tested 

negative. 

 

ELISA testing on the same 14 samples yielded 4 suspect results for IgG (animals 8, 10, 15 and 

16), all which were previously negative (before vaccination), and one positive, animal 12 (IgG 

titre of 43) which was positive from the start but now exhibited a higher titre. All were negative 

for IgM except for animal 24 which had a positive result (titre of 34). The ELISA results 

suggest a weak response to vaccination, with the exception of animal 24 which showed a strong 

response. 

 

Based on the 28 June SNT sample results, animals 8, 9, 10, 12 and 15 which were all positive 

on previous sampling (26 May) were now negative. This is not consistent with findings in 

domestic species where positive titres persisted for longer (Von Teichman, et al., 2011; Lo, et 

al., 2015; Njenga et al. 2015), even though Njenga et al. (2015) did illustrate that there are 

definite species differences in vaccine reaction in domestic ruminants. This indicates a very 

poor vaccine/immune response with titres dropping to zero within 74 days post vaccination. 

Animals 11 and 14 were negative on both tests thus exhibiting no reaction to vaccination. 

Animals 9, 11 and 14 were negative on previous testing for IgG and IgM, thus their status 

remains unchanged. Animals 8, 10 and 15 yielded suspect results for IgG (IgM negative) on 

26 May (41 or 42 days post vaccination), but were all negative (IgG and IgM) on this test.  

Animal 12 was positive for IgG on initial testing (IgM negative) before being vaccinated, and 

again positive (IgG; IgM negative) on 26 May (40 or 41 days post vaccination) with a slightly 

higher titre, but now negative on IgG and IgM. Since this animal was positive before 

vaccination no definite deductions can be made with regard to vaccine response, but as 

discussed above the higher titre on 26 May suggests a vaccine response. On this test a negative 

ELISA and SNT result, 73/74 days post vaccination, suggests that even though it appears this 

animal did respond to vaccination, the response was poor, as for the other animals in this test 

group. 

 

Five samples collected on 12 July gave three negative SNT results. For animals 18 and 20 this 

is consistent with previous tests on 14/15 April and 26 May samples. This suggests that these 
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animals never reacted to vaccination at all, or that the response was very short lived (less than 

41 or 42 days).  Animal 19 was also negative and since this was the first test post vaccination 

(88 or 89 days) the result suggests that this animal also never reacted to vaccination, or if it did, 

that the positive reaction was very short lived. Animal 21 had a positive titre when tested 41 or 

42 days post vaccination (26 May sampling) and was again positive on this test, even though 

it exhibited a 28% decrease in titre. Assuming this is a true decrease and not a testing variation, 

this suggests a response to vaccination with waning titres, which is quite consistent with 

findings in domestic species (Njenga et al., 2015). Animal 24 showed a high titre on 26 May 

testing and maintained this, suggesting a good longer lasting vaccine response. 

 

ELISA testing of the same 5 samples produced four (animals 18, 19, 20, 21) negative results 

(IgG and IgM) which is consistent with their previous test results from April and May (Table 

4). The results for animals 18, 19 and 20 concur with the SNT results and indicate no response 

to vaccination in these three animals. Animal 21 showed a positive SNT titre and so is assumed 

to have shown some reaction to vaccination. Animal 24 was positive for IgG (9) after being 

negative on a previous test result from 26 May. This animal also produced a suspect IgM result 

(5) after being negative prior to vaccination and positive on the 26 May test. Taking all these 

results into consideration it seems that this animal showed a good humoral response to 

vaccination. 

 

Ten animals were sampled and tested on 1 September. This was the first test for nine of the 

animals (animals 1-7, 22 and 23) post vaccination, and all 9 gave a negative SNT result, the 

same as their first test (with the exception of animal 6 which was not tested previously). This 

indicates either no or a short-lived response to vaccination. Animal 13 was tested previously 

and showed a positive titre on a sample collected on 26 May (41 or 42 days post vaccination), 

a negative result on a sample collected on 23 June (69 or 70 days post vaccination) and a 

negative result on the 1 September sample. This suggests that there was vaccine reaction but 

that the immune response was very short lived and had already waned by 70 days post 

vaccination.  

 

The same ten samples all tested negative on ELISA for both IgG and IgM. This was the first 

test post initial testing for animals 1-5, 7, 22 and 23. These animals were also negative on initial 

testing and these results concur with the SNT results. This was the first time animal 6 was 

tested and the negative result concurs with the SNT result for this animal. These results indicate 
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either no or a short-lived response to vaccination. Animal number 13 was tested previously on 

26 May (41 or 42 days post vaccination) and 23 June (69 or 70 days post vaccination). All 

results were negative. This result does not concur with the SNT results for this animal which 

suggest a vaccine humeral response. 

 

Eleven samples were submitted for testing on 15 November. All tested negative on SNT. Ten 

of these animals were the same as those samples collected on the 1st of September when they 

also tested negative (Table 3), thus the same comments hold true for these results. The 

additional sample was for animal 25, a calf born in the boma on 20 April (4-5 days after 

vaccination of her mother). The calf appeared healthy and was born normally. The fact that the 

calf exhibited a negative SNT result is also no surprise since the period from the dam being 

vaccinated to the calf being born was very short, not allowing any time for the dam to develop 

any kind of immunity which could be transferred to the calf. The calf was not vaccinated at 

any stage. 

 

The same 11 samples were submitted for ELISA testing. Ten of the samples (animals 1, 2, 4, 

5, 6, 7, 13, 22 and 23) were negative for both IgG and IgM. This is consistent with their previous 

test on 1 September thus the same comments hold true for these results. Animal number 3 was 

negative for IgG but yielded a suspect result for IgM whereas on the 1 September sample it 

tested negative for both. This, together with a negative SNT, suggests this animal is not 

showing a vaccine response. Animal number 25, the calf, yielded both a negative IgG and IgM 

ELISA result, as expected, and as per the comments in the SNT discussion above. 

 

Taking the above discussion and results from Tables 3 and 4 into consideration, only nine 

buffalo had a positive SNT test result while only 2 showed a positive ELISA result, in all the 

tests conducted. These nine animals showed a humoral immune response post vaccination 

similar to what we would expect to find in domestic cattle.  

 

Fifteen buffalo showed no humoral immune response post vaccination, or only a very short-

lived response which was not confirmed by testing. Based on multiple trials with Clone 13 

vaccine in domestic ruminants, one would expect most buffalo to show at least some level of 

humoral response post vaccination, and for titres to last longer than they did. As commented 

above this may be due to species differences as is seen in some domestic ruminant species too 

(Njenga et al., 2015). 
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Positive titres were also lower than those elicited in domestic ruminant trials with Clone 13 

vaccine. We know from domestic animal trials that even animals with low titres exhibited 

resistance to disease challenge and so not too much emphasis can be placed on the level of the 

titre (Dungu et al., 2010) in view of the fact that the buffalo were not subjected to disease 

challenge.  

 

Overall it is thus reasonable to say that the response to vaccination with Clone 13 RVF vaccine 

in buffalo was unpredictable, and only approximately 37.5% of animals showed any humoral 

response to vaccination. This is not consistent with previous research in domestic ruminant 

species. 

 

The haematology and biochemistry results indicated that overall the buffalo were healthy and 

thus there is no obvious health reason for them not to respond to the vaccine adequately. 

 

It may be that RVFV antibodies in buffalo may not last for as long as in domestic species, but 

this has not been confirmed by any previous research, nor can it be confirmed by this research.  

 

6.3.2 Roan antelope 

 

Based on results from initial sampling of 9 animals on 14 March, only animal 7 exhibited a 

positive SNT titre (1:14). All other SNT and ELISA results were negative, as expected. The 

positive titre indicates prior exposure to RVF although the owner of the animals assured me 

they had been on the property for a long time, it had been a wildlife only area for many years 

and there had been no local recorded cases of RVF for many years. Thus the fact that it 

exhibited a positive titre contributes to the theory of low level of viremia in certain animals 

during inter-epidemic periods, resulting in inter-epidemic transmission of RVFV, such as has 

been shown to occur in buffalo (LaBeaud, et al., 2011). The detection of IgM would suggest a 

current or recent infection. Since IgG and IgM results were negative, one can assume there was 

no current RVFV infection in this animal, but that it had been exposed to the virus previously. 

 

Animals 3, 5, 6, 9 were blood sampled on 11 April (28 days post vaccination) for testing. 

Animals 5, 6 and 9 gave positive titres (1:10-1:20) on SNT but all were negative on ELISA 

(IgG and IgM). Despite the discrepancy in the test these results suggest that these three animals 
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showed a humoral immune response post vaccination. Animal 3 was negative on all tests 

indicating that it failed to mount a humoral immune response post vaccination, or if it did, that 

this lasted less than 28 days. Either way this is a poor response to vaccination.  

 

The three roan antelope (animals 5, 6 and 7) blood sampled on 24 October for testing all gave 

a positive SNT titre (1:10-1:28) and all were ELISA negative (IgG and IgM). Animal 5 showed 

a SNT titre of 1:20 on 11 April which had reduced to 1:10 by 24 October, while animal 6 

showed a SNT titre of 1:10 on 11 April and this increased to 1:28 by 24 October. Both of these 

animals can be considered as showing a positive lasting humoral immune response in response 

to vaccination, based on these findings. Despite animal 7 having a positive SNT result prior to 

vaccination, it showed an increase in titre from 1:14 to 1:28. In the absence of obvious disease 

challenge, it can be assumed that this increase in titre is in response to vaccination. 

 

Four out of five roan antelope that were sampled post vaccination gave a positive SNT result, 

but were all negative on ELISA (IgG and IgM). SNT and ELISA tests show a high correlation 

although it is known that this is not 100% (Njenga et al. 2015). These inconsistent results may 

be a result of species differences (Njenga et al., 2015), but based on the SNT results it would 

appear that these 4 animals showed a humoral immune response post vaccination.  

 

Animal 3 either failed to mount a humoral immune response post vaccination, or if it did, the 

response lasted less than 28 days. Either way this is a poor response to vaccination based on 

multiple trials with Clone 13 vaccine in domestic ruminants.  

 

The haematology and biochemistry results indicated that overall the roan were healthy and thus 

there is no obvious health reason for them not to respond to the vaccine adequately. This 

included animal 3. The roan were never in a captive facility and thus should have experienced 

limited stress during this trial, except for during relocation. Thus there is no clear explanation 

why this one individual responded differently to vaccination.  

 

Although the positive titres were lower than those elicited in domestic ruminant trials with 

Clone 13 vaccine, we know from domestic animal trials that even animals with low titres 

exhibited resistance to disease challenge (Dungu et al., 2010). Thus not too much emphasis can 

be placed on the level of the titre in view of the fact that the roan antelope were not subjected 

to disease challenge.  
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In the roan antelope, the response to vaccination appeared to be long lasting, based on the last 

SNT test results 214 days post vaccination 

 

Although this is a small number of animals and no conclusive deductions can thus be made, it 

appears that the roan antelope showed a good immune response to vaccination (80% tested post 

vaccination showed positive SNT titres), based on animals tested (N = 5). However, there is 

evidence in at least one animal that this response was already declining from just over 7 months 

post vaccination, based on reducing SNT titres. This is much sooner than expected when 

compared to studies done on domestic ruminants (Njenga et al., 2015).  

 

6.4 General 

 

The roan antelope showed a better humoral response to vaccination than the buffalo. 

 

One of the possible reasons for this poor response in both of these species could be a defective 

vaccine, although although this is unlikely considering some individuals did respond to 

vaccination. Since the efficacy of the vaccine was not tested this cannot be confirmed, but the 

vaccine was sent directly from the manufacturer on ice and thus there is no reason to doubt the 

integrity of the vaccine. The vaccine was also maintained on ice in the field. Clone 13 vaccine 

has been proven to be both safe and effective in domestic ruminant trials (Von Teichman, et 

al., 2011, Hunter, 2001), and all vaccinated animals elicited immune responses that are 

protective against challenge with virulent RVFV. 

 

The vaccination dose could be low, but again this is unlikely considering research done in 

domestic cattle (Von Teichman, et al. 2011; Njenga, et al., 2015). There could however be 

species-specific factors which necessitate a higher dose in order to elicit a better humoral 

response, as eluded to by some of the results in the latter study. In addition, booster vaccines 

may be required in order to elicit a longer lasting immune response. 

 

The stress that the animals had been exposed to may play a role. Despite animals appearing to 

be in good health, they were all caught from the wild and placed in a captive situation during 

this trial and would have experienced very high levels of stress. This would have compromised 

their immune systems, perhaps more in some individuals than others, which also offers a 
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possible explanation as to the varied response to vaccination between individuals. This is a 

complex topic, and was not investigated at all in this study. 

 

A possible but unlikely factor may be that the SNT and ELISA results are inconsistent. This 

again seems unlikely since all samples were submitted to the same testing procedures and some 

showed positive results/results as expected, while others did not. It needs to be emphasized that 

the SNT and ELISA tests were validated for domestic animals and not for wildlife, so it can be 

expected that species differences occur. In an animal with a weak immune response, the SNT 

may not even be sensitive enough to identify low concentrations of antibodies for example. 

 

6.5 Conclusions 

 

In conclusion, it would appear that there are significant species differences in immune response 

post vaccination with Clone 13 vaccine. Wildlife vaccine protocols and expected outcomes 

thus cannot reliably be based on those of domestic ruminants.  

 

It would appear that there is no obvious health risk in vaccinating buffalo or roan antelope with 

Clone 13 vaccine and that some immune response is induced, albeit inconsistent. It should 

however be noted that safety in different stages of pregnancy, especially first trimester, has not 

been established by this trial and caution should be exercised in this regard. 

 

Based on the roan results, vaccination with RVF Clone 13 vaccine can be considered a potential 

option for protecting this species and other valuable wildlife species against the risk of RVF 

disease, but requires further investigation, and the results may vary from species to species. 

 

Based on the poor buffalo results, it would appear that vaccination with RVF Clone 13 vaccine 

does not induce an adequate humeral immune response in this species when following the 

recommended protocol for domestic cattle. 

 

Ultimately a trial which involves challenging vaccinated animals with virulent RVFV will be 

the only reliable way to test for an adequate immune response elicited by vaccination. Current 

value of roan antelope prevents such a trial from taking place. Perhaps such a trial would be 

possible in buffalo using animals that are not disease free, and hence less valuable, but then the 

issue of other diseases such as tuberculosis interfering in the vaccine/immune response would 
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have to be considered. Disease-free buffalo, like roan, are very valuable and thus also unlikely 

to be available for such a trial. 

 

Validation of the SNT and ELISA tests for valuable wildlife species will also need to be 

undertaken for further meaningful research outcomes. 

 

Future research into vaccinating valuable wildlife species against RVF should consider the 

findings of this study as a base on which to build a more targeted research model, as far as 

possible considering the value and practicalities of such a trial in wildlife.  
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8. Appendix 1: Haematology and Biochemistry Results and Discussion 

 

A “general medical profile for production animals” was run on blood samples for biochemistry 

evaluation, and this included testing for sodium (Na), potassium (K), calcium, alanine 

aminotransferase (ALT), alkaline phosphatase (ALP), inorganic phosphate, urea, creatinine 

(serum), total bilirubin, total protein (serum), albumin, globulin, glucose (serum), chloride (Cl), 

aspartate transaminase (AST), gamma-glutamyl transferase (GGT), creatine kinase (CK) and 

lactate dehydrogenase (LDH). 

 

A full blood count was run for haematological evaluation and the parameters measured 

included red blood cell count, haemoglobin, haematocrit (PCV) – spun (Ht), mean cell volume 

(MCV), mean cell haemoglobin concentration (MCHC), white cell count (WCC) and platelet 

count (Thr). A differential count was also run and included segmented neutrophils (%), band 

neutrophils (%), lymphocytes (%), monocytes (%), eosinophils (%), basophils (%) and absolute 

counts of segmented neutrophils (Neu), band neutrophils, lymphocytes (Lym), monocytes 

(Mono), eosinophils (Eos) and basophils. 

 

The results in the tables below highlight only biochemistry abnormalities and any parameters 

not listed below were considered by the IDEXX veterinary specialist to be normal. All 

haematology data has been listed and abnormalities indicated as the specialist comments. 
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Buffalo  

 

Ten samples from 23 samples collected on 15 and 16 April were randomly selected for 

submission and significant results are tabled below. 

 

Parameter 1 3 4 5 10 14 15 16 18 23 

Na     149  151 154  151 

K 9.80 11.8 12.9 14.0 8.30 7.50 7.90 7.30 10.0 8.00 

ALT 82 107 92 120 110 125 106 111 110 125 

ALP     353      

Urea 0.70 1.00 1.40  0.80 0.70 1.00 0.60   

Glucose 11.1          

AST    301       

GGT 30   28 37  41 39 32 26 

LDH 1653 1967 2627 2794 1778 2032 1942 1897 2967 2819 

Ht 42 29 36 38 33 48 30 40 34 32 

WCC 11.4 9.03 9.95 9.94 13.91 6.66 7.64 9.71 11.26 8.80 

Thr 134 235 207 384 144 162 254 191 261 174 

Neu 2.74 1.81 3.08 1.69 0.97 1.93 3.21 1.36 2.03 1.14 

Lym 8.22 6.68 6.37 8.25 12.24 3.93 2.83 8.06 8.90 6.78 

Mono 0.23 0.18 0.20 0.00 0.14 0.13 0.99 0.10 0.11 0.09 

Eos 0.23 0.36 0.30 0.00 0.56 0.67 0.69 0.19 0.23 0.79 

Theileria 

% 

0.008 0.02 0.02 0.01 0.008 0.003 0.001 0.02 0.06 0.09 

Key: 

1 = buffalo number 1, 3 = buffalo number 3, etc. 

Yellow highlighted data considered an invalid result 

Red highlighted data are clinically significant 

Lavender highlighted are of possible clinical significance 

 

Considering the results tabled above and the comments provided by Dr Fred Reyers (BVSc 

(Hons) MMedVet (KLD)), a clinical pathology specialist consulting for IDEXX Laboratories 
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South Africa, when the samples were analysed, the following interpretation of results was 

provided: 

 

The potassium values are invalid and the most likely reason for this is that the cells (especially 

red cells) were left in contact with the serum for too long and/or that transit temperatures were 

too high. This also casts some doubt over other data such as ALT and LDH which may also 

“leak” from cells. 

 

It is evident from these data that the given reference range for ALT (especially) and GGT (to a 

degree) are not appropriate and need to be adjusted. 

 

There was considerable clotting evident in some of the EDTA samples and consequently some 

of the lower platelet counts are spurious. None of the counts, however, suggest clinically 

significant pathology. 

 

The lymphocyte counts (in 8 of the ten animals), by any standard (local or ISIS reference 

ranges), are surprisingly high (confirmed by smear examination) and very probably attest to a 

significant antigenic stimulation. However, only one (with the highest count - see below) 

reveals additional evidence of possible pathology. 

 

The data from one animal, buffalo number 10, suggest that this animal is very different from 

the others and may actually have significant clinically inapparent (assuming that these animals 

were clinically normal) disease.  

 

The presence of piroplasms of Theileria spp. was noted on blood smear evaluation (possibly   

T. buffeli). It is possible, though unlikely, that these parasites represent Theileria parva. Only 

PCR could resolve the finite identification.  

 

Considering the above comments, it would appear that all animals were clinically normal at the 

time of capture and vaccination, except for buffalo number 10 which potentially had some 

underlying disease process going on. However, looking at the SNT and ELISA results below 

this animal did not react markedly differently when compared to other animals in the group 

and so it can be assumed that whatever the process that was going on, it did not affect the 

response to vaccination significantly. 
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The presence of Theileria spp. piroplasms is not abnormal and all animals tested negative for 

Theileria parva as part of the State Veterinary Services disease testing protocol for buffalo at 

the time. This is a Reverse Line Blot Hybridisation Test run according to the SOP at the 

Agricultural Research Council’s Onderstepoort Veterinary Research Institute. The animals also 

showed no other clinical signs of Theileria-related disease during their extended stay in 

captivity. It is thus reasonable to assume this factor would have had no significant effect on the 

animals’ response to vaccination.  

 

One sample from 2 samples collected on 23 June was randomly selected for submission and 

significant results are tabled below. 

 

Parameter Buffalo 16 

Na  

K 93 

ALT  

ALP  

Urea  

Glucose  

AST 307 

GGT  

LDH 1558 

Ht 51 

WCC 5.44 

Thr 125 

Neu 3.37 

Lym 1.69 

Mono 0.38 

Eos 0.00 

Theileria % 0.07 
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Considering the results tabled above for buffalo number 16, the following comments were 

provided by Dr Fred Reyers: 

 

The elevation of serum LDH activity and the associated elevation of AST, is probably 

incidental and may represent simple bruising. 

 

It is evident from these data that the given reference range for ALT (especially) and GGT (to a 

degree) are not appropriate and need to be adjusted. 

 

The presence of piroplasms of Theileria spp was noted on blood smear evaluation (possibly T 

buffeli). It is possible, though unlikely, that these parasites represent Theileria parva. Only 

PCR could resolve the finite identification. The absence of evidence of lymphoid cell 

transformation and the still relatively low parasitaemia would be consistent with this being an 

incidental finding. 

 

Considering the above comments and the results, along with no obvious clinical illness, it is 

reasonable to assume that buffalo number 16 after being in a holding boma for just over 2 

months, had no illness that should have affected its response to vaccination. 

 

Three samples from 7 samples collected on 28 June were randomly selected for submission 

and significant results are tabled below, comparing results to the April results for the same 

animals. 
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Parameter 10 10 14 14 15 15 

 13 and 14 

/04 

28/06 13 and 

14 /04 

28/06 13 and 14 

/04 

28/06 

Na 149 141 143 142 151 139 

K 8.30 4.9 7.50 4.7 7.90 4.7 

ALT 110 93 125 105 106 117 

ALP 353 104 214 157 230 141 

Urea 0.80 7.4 0.70 9.2 1.00 8.3 

ALB 25 25 26 28 25 24 

GLOB 42 45 50 50 49 46 

AST 284 261 232 284 194 244 

GGT 37 18 13 11 41 33 

LD 1778 1734 2032 2104 1942 2250 

Ht 33 45 48 52 30 46 

WCC 13.91 7.18 6.66 5.48 7.64 5.51 

Thr 144 119 162 167 254 172 

Neu 0.97 2.44 1.93 3.01 3.21 3.09/.28 

Lym 12.24 4.12 3.93 2.25 2.83 1.93 

Mono 0.14 0.14 0.13 0.16 0.99 0.17 

Eos 0.56 0.07 0.67 0.05 0.69 0.06 

Theil % 0.008 0.008 0.003 <0.001 0.001 0.002 

Key: 

10 = buffalo number 10, 14 = buffalo number 14, etc. 

Blue highlighted data indicate a decrease that may have clinical significance 

Yellow highlighted data indicate an increase that may have clinical significance 

 

Considering the results table above for buffalo numbers 10, 14 and 15, the following comments 

were provided by Dr Fred Reyers: 

 

As the reference ranges, used by IDEXX are “best-guess” ranges made up from uncontrolled 

data in the ISIS database and a guess as to how wide a variance to allow, a comparison with 

the “reference” range is likely to lead to errors in interpretation. As a result, the data in this 
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instance has been analysed on a comparison basis, between individual animals on the two dates 

blood samples were analysed. 

 

These data confirm that the potassium values on the April samples were indeed invalid and the 

most likely reason for this is that the cells (especially red cells) were left in contact with the 

serum for too long and/or that transit temperatures were too high. 

 

These data also, strongly suggest that on the April samples, these buffalo were in a very 

significant negative nitrogen balance OR that there was something in/about the samples that 

caused a serious under-read of the urea (the extremely low values on those samples had been 

confirmed by independent analysis – so the low values were a true reflection of what was in 

the serum tubes.). 

 

The doubt expressed over other data such as ALT and LDH (“leak” from cells) has in these 

results been shown to be invalid with the values being very similar and yet the potassium values 

have normalised. 

 

Though I doubt the validity of the GGT range used by IDEXX, buffalo 10 showed a decrease 

that very probably reflects a clinically significant effect – i.e. that the April sample values in 

excess of 35 U/L may well have reflected significant hepato-biliary pathology. This also 

implies that the current value for buffalo 15 is, at the very least, suggestive of ongoing/recurring 

pathology. 

 

The leukocytosis in buffalo 10 has normalised and that is mainly due to the marked decrease 

in the lymphocytosis. Most transient lymphocytoses are reactive. This is also evident in buffalo 

14 and 15 but to a much smaller degree. 

 

Buffalo 14 and 15 had a significant neutropenia on the previous sample, which has normalised 

now.  

 

The reduction in the eosinophil count (though not really clinically significantly high on the 

previous sample, is intriguing and could reflect a change in management or the presence of 

high cortisol/catecholamines (stress) and COULD then suggest that the drop in lymphocyte 

count, may also be partially (at least) attributed to stress. 
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The presence of piroplasms of Theileria spp. (possibly T. buffeli) appears, as suspected, to be 

a clinically insignificant background effect. 

 

The increase in red cell count (Ht) in buffalo 10 and 15 is very probably clinically significant 

(increases of 36 and 53% in red cell mass are significant) but the reason for their low baseline 

values is not obvious from the data available. There certainly does not appear to be a role for 

theileriosis in this respect. 

 

Considering the first samples were taken on the day of capture, after a stressful immobilisation 

from a chopper, it is likely that they were in a negative nitrogen balance and hence the low 

reading of the urea referred to in point 3 above. Comment five indicates there may well be 

some liver pathology present in these individuals although there was no clinical evidence for 

this. Comments 6 to 8 could probably all be explained by the stress response at capture and 

subsequently being kept in a boma which for a wild animal is a very stressful experience and 

also leads to a significant loss in body condition.  

 

However, considering all these comments and the animals’ clinical appearance, and looking at 

the SNT and ELISA results, there is no evidence that any of these changes affected the vaccine 

reaction. All three animals did not react markedly differently when compared to other animals 

in the group and so it can be assumed that whatever the process/es that were going on, it did 

not affect the response to vaccination significantly. 

 

Five samples from 11 samples collected on 15 November were randomly selected for 

submission and significant results are tabled below, comparing results to the April results for 

the same animals. 

 

Parameter 1 1 3 3 4 4 5 5 23 23 

 15 

and 

16/04 

15/11 15 

and 

16/04 

15/11 15 

and 

16/04 

15/11 15 

and 

16/04 

15/11 15 

and 

16/04 

15/11 

Na         151  

K 9.80 4.6 11.8 4.73 12.9 4.58 14.0 4.91 8.00 4.4 

ALT 82 84 107 118 92 147 120 114 125 100 



74 
 

Urea 0.70 7.1 1.00 8.1 1.40 8.7     

Glucose 11.1          

AST  384  375  456 301 1766  418 

GGT 30 23     28 105 26 17 

LDH 1653  1967  2627  2794  2819  

Ht 42 35 29 39 36 36 38 49 32 39 

WCC 11.4 5.36 9.03 5 9.95 5.59 9.94 6.2 8.80 5.03 

Thr 134 317 235 189 207 315 384 252 174 442 

Neu 2.74 1.29 1.81 0.9 3.08 2.35 1.69 2.91 1.14 1.66 

Lym 8.22 2.79 6.68 3.2 6.37 2.18 8.25 2.6 6.78 2.46 

Mono 0.23 0.91 0.18 0.75 0.20 0.84 0.00 0.5 0.09 0.5 

Eos 0.23 0.38 0.36 0.1 0.30 0.17 0.00 0.12 0.79 0.35 

Theileria 

% 

0.008 0 0.02 0 0.02 0.01 0.01 0 0.09 0.09 

Key: 

1 = buffalo number 1, 3 = buffalo number 3, etc. 

 

Looking at the results of the five samples collected on 15 November for buffalo numbers 

1,3,4,5, and 23, there were no specialist comments provided by IDEXX. If we consider the 

previous results and comments above, these results are again reported as compared to the initial 

results from the April sampling for the same animals. It is evident that the K levels have 

returned to within normal range and the initial results were thus flawed, as previously indicated. 

The ALT is still high but as previously discussed this is probably due to an inaccurate range 

value and the results are fairly consistent with the previous results. The urea levels for buffalo 

1, 3 and 4 have also returned to normal range value and as discussed above the initial low 

results were probably due to the stress of capture. AST has increased significantly for all 

animals, especially buffalo number 5, which could be indicative of liver disease, however the 

other liver enzymes are in normal range. GGT has returned to normal range for buffalo 1 and 

5, while it has increased significantly for buffalo 5 possibly substantiating the possibility of 

liver disease in this animal. For an unknown reason LDH was not run on these samples and 

thus no comparison can be made. The same comments made above for the 24 June samples 

would apply to these haematology and Theileria results. 
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Roan antelope 

 

Nine samples collected on 9 March were submitted and significant results are tabled below. 

 

Parameter 1 2 3 4 5 6 7 8 9 

Na   152  152 156 148 150 155 

K    5.9    5.90  

ALT 50 47 54   55 57 49 44 

TSP  68   85 84    

GLOB     46 47    

Gluc         3.2 

Cl   111  110     

GGT 67 51 67  60 57 93 67 52 

LD 1772 1570 1661 2550 1418 1799 1577 2250 1560 

Ht 41 36 37 34 35 36 38 44 22 

WCC 5.97 4.89 6.51 5.70 7.34 6.30 7.55 7.26 5.54 

Thr 185 312 301 280 192 222 72 506 251 

Neu 1.85 0.59 2.41 2.05 2.35 3.91 2.94 3.48 3.49 

Lym 3.76 3.52 3.65 3.19 4.48 2.14 4.08 3.56 1.66 

Mono 0.12 0.00 0.13 0.23 0.07 0.06 0.08 0.00 0.22 

Eos 0.24 0.78 0.33 0.23 0.44 0.19 0.45 0.22 0.17 

Theileria % 0.01 0.02 0.004 0.09 0.06 0.01 0.005 0.005 0.03 

Anaplasma% 0.00 0.002 0.002 0.11 0.005 0.008 0.001 0.002 0.02 

 

Key: 

1 = roan number 1, 3 = roan number 3, etc. 

Red highlighted are very probably clinically significant 

Lavender highlighted are possibly of clinical significance 

 

 

 

 

 



76 
 

Considering the results above the following comments were provided by Dr Fred Reyers: 

 

It is evident from these data that the given reference range for ALT and GGT are not        

appropriate and need to be adjusted. 

 

Roan 2 appeared to have significant clotting and a number of neutrophils were involved with 

the clots in the tails of the smear which would possibly affecting the differential count. 

Roan 7 had large numbers of platelets in aggregates in the tails of the smear and was very likely 

to have a normal platelet count. 

 

These findings reveal that there are no overall clinically worrying findings, pointing to a “herd 

problem”. 

 

The presence of piroplasms of Theileria spp justifies some concern because it is known that 

large numbers of roan have succumbed to theileriosis in SA. There are also significant 

parasitaemias with an Anaplasma spp erythrocyte parasite (resembling A. marginale as >80% 

of parasites are marginal but could be A. bovis). The clinical significance of anaplasmosis in 

non-domestic ruminants is unclear but the presence of the parasites is unmistakable. 

 

I think it is no co-incidence that the two animals with the highest parasitaemias are also those 

with the lowest haematocrit values (roan 4 and roan 9). 

 

All animals appeared clinically normal at capture and subsequent to relocation. Thus, despite 

roan 9 having a Ht slightly lower than the normal range used by IDEXX, this did not seem to 

be clinically significant. Taking this and the above comments into consideration, and looking 

at the SNT and ELISA results discussion below, there is no evidence that any of these changes 

affected the vaccine reaction.  
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Four samples collected on 11 April were submitted and significant results are tabled below. 

 

Parameter 3 5 6 9 

Na   150  

K 5.8    

ALT 47  57  

TSP     

GLOB     

Gluc     

Cl     

GGT 53 49   

LD 1317 1562 1824 1549 

Ht 40 40 40 33 

WCC 7.07 7.80 8.87 5.51 

Thr 644 244 344 416 

Neu 1.91 2.65 5.06 3.09 

Lym 4.31 4.45 3.28 1.82 

Mono 0.42 0.16 0.44 0.28 

Eos 0.42 0.47 0.09 0.33 

Theil % 0.06 0.03 0.03 0.18 

Anaplasma% Not seen Not seen Not seen Not seen 

Key: 

3 = roan number 3, 5 = roan number 5, etc. 

Lavender highlighted are possibly of clinical significance 

 

Considering the results tabled above (the following comments were provided by Dr Fred 

Reyers: 

 

There is reason to believe that roan 9’s lower haematocrit is related to the relatively high 

parasitaemia and that this is linked to a lymphopenia – possibly reflecting stress. This animal 

also shows mild basophilic stippling and quite striking anisocytosis. However, there is no 

evidence of blast transformation of lymphocytes, as is seen in clinical theileriosis and ECF. 
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Despite this comment the animal adapted well to its new environment and showed no clinical 

sign of disease. There is also no evidence in the vaccination results to suggest that this 

individual reacted differently to vaccination than the other 8 animals.  

 

Three samples collected on 24 October were submitted and significant results are tabled below, 

comparing results to the March and April results for the same animals. 

 

Parameter 5 5 5 6 6 6 7 7 7 

 9/3 11/4 24/10 9/3 11/4 24/10 9/3 11/4 24/10 

Na 152   156 150  148   

K      6.6   6.22 

ALT    55 57  57   

TSP 85   84      

GLOB 46   47      

Chloride   110   113    

Cl 110         

GGT 60 49  57   93   

LD 1418 1562  1799 1824  1577 1549  

Ht 35 40 35 36 40 39 38 33 43 

WCC 7.34 7.80 5.58 6.30 8.87 5.15 7.55 5.51 4.45 

Thr 192 244 411 222 344 593 72 416 463 

Neu 2.35 2.65 3.12 3.91 5.06 3.35 2.94 3.09 2.22 

Lym 4.48 4.45 2.18 2.14 3.28 1.34 4.08 1.82 1.69 

Mono 0.07 0.16 0.28 0.06 0.44 0.46 0.08 0.28 0.49 

Eos 0.44 0.47 0 0.19 0.09 0 0.45 0.33 0.04 

Theil % 0.06 0.03 0.01 0.01 0.03 0.01 0.005 0.18 0.01 

Anaplasma% 0.005 Not 

seen 

Not 

seen 

0.008 Not 

seen 

Not 

seen 

0.001 Not 

seen 

Not 

seen 

Key: 

5 = roan number 5, 6 = roan number 6, etc. 

Red highlighted are very probably clinically significant 

Lavender highlighted are possibly of clinical significance 
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Results from the blood samples collected on 24 October only received a specialist comment by 

Dr Sandy May on the blood smear. These comments are incorporated into the below comments: 

 

Na levels remained normal following high results from the initial samples, indicating that the 

initial high results were probably not clinically significant. 

 

As for the initial buffalo results, and in line with the lab report that the samples were somewhat 

haemolysed, the potassium values are invalid and the most likely reason for this is that the cells 

(especially red cells) were left in contact with the serum for too long and/or that transit 

temperatures were too high. This also casts some doubt over other data such as ALT and LDH 

which may also “leak” from cells. 

 

TSP and globulin levels have returned to normal after initial high values, indicating that the 

initial high results were probably not clinically significant. 

 

 GGT and LD levels have returned to normal. 

 

All haematology parameters were in normal range and blood smear evaluation revealed no 

significant findings except for low level Theileria spp. Piroplasms, which have not increased 

since the first blood sample examination, despite the stress of capture and relocation.  
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9. APPENDIX II: Animal Ethics Committee Approval 

 


