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ABSTRACT: When exposed to intense sunlight all organisms performing oxygenic photosynthesis implement various 
photoprotective strategies to prevent potentially lethal photodamage. The rapidly responding photoprotective mecha-
nisms, occurring in the light-harvesting pigment-protein antennae, take effect within tens of seconds, while the dramatic 
and potentially harmful light intensity fluctuations manifest also on shorter timescales. Here we show that upon illumina-
tion, individual phycobilisomes from Synechocystis PCC 6803, which in vivo under low-light conditions harvest solar en-
ergy, have the inbuilt capacity to switch rapidly and reversibly into light-activated energy-dissipating states. Simultane-
ously measured fluorescence intensity, lifetime and spectra, compared with a multi-compartmental kinetic model, re-
vealed that essentially any subunit of a phycobilisome can be quenched, and that the core complexes were targeted most 
frequently. Our results provide the first evidence for fluorescence blinking from a biologically active system at physiologi-
cal light intensities and suggest that the light-controlled switches to intrinsically available energy dissipating states are 
responsible for a novel type of photoprotection in cyanobacteria. We anticipate other photosynthetic organisms to em-
ploy similar strategies to respond instantly to rapid solar light intensity fluctuations. A detailed understanding of the pho-
tophysics of photosynthetic antenna complexes is of great interest for bioinspired solar energy technologies. 

INTRODUCTION 
One important design principle of the photosynthetic 

apparatus is the large ratio of antenna pigments to reac-
tion center pigments.1–3 This ensures effective absorption 
of dim light and introduces the possibility to adapt swiftly 
to changing light conditions, in particular to a sudden 
increase in light intensity. The latter functionality is 
achieved through complex mechanisms that regulate the 
probability of non-radiative decay of electronic excita-
tions in the antenna network of oxygenic photosynthetic 
organisms (i.e. plants, algae and cyanobacteria) and is 
known as qE, the energy-dependent, rapidly reversible 
component of photoprotection that can be observed as 
nonphotochemical quenching (NPQ) of chlorophyll a 
fluorescence (see Ref. 2 for recent reviews). As such, ex-
cess absorbed energy, which would give rise to harmful 
by-products,4 is safely dissipated as heat and a sufficient 

energy throughput is maintained at the reaction center to 
balance the rate of photochemistry. 

While qE involves specific and controlled energy dissi-
pation pathways, it is also known that upon illumination, 
essentially every natural and synthetic nanoscale emitter 
switches randomly and reversibly to intrinsic, metastable 
dark states, during which absorbed energy is thermally 
dissipated, a phenomenon known as fluorescence inter-
mittency or blinking.5 It was recently attempted to associ-
ate fluorescence blinking with photoprotection,6,7 yet all 
reported studies on individual photosynthetic light-
harvesting complexes have been performed using an exci-
tation fluence that was several orders of magnitude high-
er than sunlight, potentially inducing effects that are 
highly unexpected for biological complexes under physio-
logical conditions. For example, the repetitive excitations 
in those studies give rise to significant singlet-triplet an-



 

nihilation,8,9 the enhanced thermal dissipation of which 
may increase protein conformational diffusion and hence 
also fluorescence blinking. Alternatively, a higher excita-
tion rate may lead to the formation of long-living radical 
dark states, a key photoproduct responsible for blinking 
of isolated fluorophores.10 

The initial step in exploring a possible relationship be-
tween photoprotection and blinking requires a single-
molecule study at physiological light intensities, i.e. under 
conditions that well-represent the natural environment. 
In ensemble approaches, the stochastic behavior of blink-
ing is averaged to a single intensity value and physiologi-
cally relevant energy dissipation cannot easily be discrim-
inated from irreversible photobleaching. A study of phy-
cobilisomes (PBs), the largest antenna complex known to 
be involved with NPQ, allowed us to use physiological 
excitation intensities and still resolve the photodynamics 
at the single antenna level (vide infra). PB is the peripher-
al, multi-subunit, extra-membranous antenna complex of 
cyanobacteria and red algae. In Synechocystis PCC 6803 
(hereafter Synechocystis), the subunits of PBs are ar-
ranged as six rods radiating from a three-cylindrical core 
(Fig. 1a).11–13 The rods and core are composed of phycobili-
proteins, covalently binding phycobilins (i.e. linear 
tetrapyrroles) and mostly pigment-free linker proteins.11,14 
Each core cylinder is composed of four allophycocyanin 
(APC) trimers, each binding six phycobilins, giving 72 
pigments per core. The two basal cylinders contain tri-
mers with subunits substituted by the so-called terminal 
emitters (Fig. 1a, red), resulting in a fluorescence shift 
from 660 nm to ~680 nm.15 These terminal emitters (6 
pigments per core; collectively referred to as APC680) 
transfer the excitation energy from the other core subu-
nits (66 pigments per core; collectively named APC660; 
Fig. 1a, light blue) to the photosystems containing the 
photosynthetic reaction centers.11,15 The rods are com-
posed of, on average, two to three hexamers of phycocya-
nin (PC), where each hexamer binds 18 phycobilins that 
fluoresce at ~650 nm (Fig. 1a, dark blue). A whole Syn-
echocystis PB complex contains up to 396 phycobilin 
pigments. 

The recently discovered NPQ mechanism involving PB 
depends on a light-induced conformational change in a 
water-soluble Orange Carotenoid Protein (OCP)16–18 and 
its subsequent binding to the core of PB,19,20 upon which 
an energy trap is created at the APC660.21,22 Each of these 
steps costs time and from the moment an organism is 
exposed to high intensity light it takes at least several 
seconds before OCP-mediated quenching reaches its full 
capacity.16,19 During this time, deleterious photoproducts 
can be formed unless another energy dissipating mecha-
nism is instantly activated. Single-molecule spectroscopy 
provides a unique lens to investigate the possible exist-
ence of such a fast mechanism: due to the required speed 
of activation, such a mechanism is expected to be intrin-
sic to the PB and reflected in the fluorescence blinking 
pattern when increasing the excitation intensity.     

  
 

 RESULTS  
 Remarkably, using excitation intensities corresponding 

to the intensity of sunlight reaching the Earth (i.e. typical-
ly <2000 µmol photons m-2 s-1 or <80.7 mW cm-2), various 
reversible intensity transitions to metastable, weakly 
emissive states were observed (e.g. Fig. 1b-d at ~111, ~222, 
and ~1174 µmol photons m-2 s-1, respectively). Many inten-
sity decreases were large and abrupt, characteristic of 
fluorescence blinking. The observation of blinking from 
such a large complex was quite surprising and indicates 
that the PB subunits were well-connected. Additionally, 
diffusion-limited excitation energy transfer kinetics ex-
plains why the fluorescence did not decrease to the back-
ground level. These complexes are, to our knowledge, the 
largest biologically active systems yet observed to display 
blinking. 
 

 
Figure 1. Single PB fluorescence intensity dynamics under 

different light intensities.  

a, Structure of Synechocystis PB as described in detail in the 
text and redrawn after Ref. 12. PC hexamers are dark blue, 
APC660 trimers are light blue and APC680 trimers are red.  
b-f, Examples of fluorescence intensity traces (green), each 
measured under illumination at a distinct excitation intensi-
ty (indicated on top). For sections before photodegradation 
(see text), resolved intensity levels are indicated in blue and 
intensity distribution is shown on the right. 

 
The examples displayed in Fig. 1b-f show that the inten-

sity fluctuation rate and distribution depend on the exci-
tation intensity. To further study the character and poten-
tial role of these intensity dynamics, we first used a suffi-
ciently high excitation intensity to resolve the fluores-
cence intensities with 10-ms resolution while simultane-
ously recording the fluorescence spectra (specifically, 1174 
mW cm-2, corresponding to ~29,000 µmol photons m-2 s-1). 
In addition, the fluorescence photons were time tagged to 
provide fluorescence lifetime information.  

Prior to further analysis it was important to screen the 
data to ensure that the size and integrity of PB did not 



 

vary before and throughout a measurement. Due to the 
limited stability of isolated PB23 a significant heterogenei-
ty in size and number of bound pigments was expected. 
For each complex, the slope of a linear fit to the lifetime–
intensity distribution (Fig. 2b) was used as the primary 
measure of its size. In general, the direct proportionality 
between the fluorescence lifetime and intensity indicates 
a varying probability for non-radiative decay that is due to 
the action of a quencher on one of the subunits of a well-
connected complex.24 The core subunits constitute the 
primary sites of fluorescence emission and hence the in-
teractions within the core largely determine the fluores-
cence lifetime of PB. In contrast, quenching of a rod sub-
unit signifies a strongly non-equilibrated system and is 
therefore expected to affect the observed fluorescence 
intensity more significantly than the lifetime, thus in-
creasing the lifetime–intensity slope.  

 

   

Figure 2. Representative fluorescence fluctuations from a 
single PB complex.  

a, Trace of binned fluorescence counts (bottom black and 
light-gray), associated lifetimes (red) and associated peak 
positions of 1-s binned spectra (λmax, black squares and red 
circles). The intensity is displayed in 60-ms (black) and 10-
ms (light-gray) bins. The associated intensity and spectral 
peak distributions are shown on the right. Resolved intensity 
levels are shown by horizontal blue lines. Fluorescence life-
times were determined for data corresponding to each inten-
sity level (see Supporting Experimental Information for de-
tails). Four quenched states are indicated by shaded regions 
and correspond to a small blue-shift (blue), larger blue-shift 
(green) or strongly red-shifted emission near 712 nm (red). 
An excitation intensity of 1174 mW cm-2 was used. b, Fluores-
cence intensity–lifetime correlation for the resolved levels in 
a, together with a linear fit (red line, with the 2σ confidence 
band shaded). Coefficient of determination of the fit is 

shown at bottom right. c, Emission spectra corresponding to 
the average of each color-coded, shaded region in a. Bottom 
spectrum is the average emission during the first 5 s and is 
typical for unquenched states. Spectra are normalized and 
offset for clarity. Black lines show fits. See Supporting Exper-
imental Information for details. 

 
Such reversible increases in the slope were rather un-

common (vide infra) and therefore did not significantly 
affect the overall slope. For example, a reversible increase 
in the lifetime–intensity ratio occurs in Fig. 2a between 
the second and third resolved levels and corresponds to 
anti-correlated shifts in the lifetime and intensity. Moreo-
ver, the small fraction of uncorrelated shifts (e.g., near the 
end of the trace in Fig. 2a) also kept the uncertainty in the 
linear fit sufficiently small. However, numerous complex-
es were found for which the slope increased irreversibly at 
a particular moment during the measurement (e.g., Fig. 
S2). The latter phenomenon can be best explained by de-
tachment or bleaching of subunits, both processes of 
which reduce the effective absorption cross-section of a 
complex but affect the fluorescence lifetime little or neg-
ligibly.25,26 Such photodegradation occurred frequently 
when using relatively high excitation intensities and was 
often accompanied by irreversible blue-shifted emission. 
Moreover, the distribution of slopes among complexes 
that did not photodegrade during the measurement also 
varied, suggesting that numerous complexes had lost 
some functional subunits before the onset of illumination. 
We assumed that intact PBs correspond to units contain-
ing nearly 400 pigments, arranged as described above, 
and displayed the highest fluorescence intensity observed 
from an experimental batch of individually measured PBs. 
This assumption was confirmed by the agreement be-
tween experimental data and modeling shown in Fig. 3 
(vide infra) as well as the agreement between the calculat-
ed and measured fluorescence intensities (Fig. S3). Over-
all for further investigation, we used only sections of trac-
es before photodegradation and excluded complexes 
showing light-independent degradation. The average sur-
vival time corresponding to different excitation intensities 
is shown in Table S1, indicating that a considerable frac-
tion of complexes degraded in the absence of light, i.e., 
before the onset of illumination. 

Figs. 2 and S1 show a typical fluorescence trace from a 
complex that did not undergo photodegradation but 
demonstrated distinct reversible switches into quenched 
states accompanied by three different spectroscopic 
changes. The blue-shifted emission featured as a shift of 
the whole spectrum, while the red-shifted emission ap-
peared as an additional band (Fig. 2c; Fig. S1b). Only a 
fraction of complexes (~5%) exhibited red-shifted emis-
sion, while essentially all other quenched states were typi-
fied by a blue-shift. Curiously, the red-shifted emission in 
Fig. 2a was preceded and succeeded by a blue-shifted 
quenched state. Inspection of 38 red states and their ac-
companying 10-ms binned intensity traces indicates that 
74% of the states exhibiting red emission were preceded 



 

by a blue-shifted quenched state, while 55% were fol-
lowed by such a state. 

The time scale of intensity dynamics (ms – s) and asso-
ciated relatively small blue spectral shifts suggests that 
local protein conformational changes are involved in the 
access and stabilization of the quenched states. It was 
previously demonstrated that relatively slow conforma-
tional changes in the vicinity of an excitation energy trap 
can quantitatively explain fluorescence blinking in the 
main plant light-harvesting complex,7 a mechanism that 
was proposed to apply to pigment–protein complexes in 
general. Indeed, in our measurements, using a cross-
linker to rigidify the protein scaffold led to a sizable de-
crease in the intensity switching rates, as illustrated in 
Table 1 for isolated rod fractions.27  

 
Table 1. Intensity switching rates of individual rod fractions 
treated with different concentrations of glutaraldehyde (GA). 

%GA kU→Q (s-1) kQ→U (s-1) 

0.0 0.65 ± 0.11 0.73 ± 0.08 

0.5 0.29 ± 0.03 0.50 ± 0.06 

1.0 0.07 ± 0.02 0.18 ± 0.03 

PC rate of switching into a lower intensity state (kU→Q) and 
into a higher intensity state (kQ→U), determined as for the 
whole PB complex in Fig. 4a. Data screening was performed 
similarly to intact PB, so that only the largest rods were ana-
lyzed, leaving an average of 37 complexes for each of the 
three data sets. Complexes were measured for 60 s each at an 
excitation intensity of 2940 mW cm-2. Time bins of 50 ms 
were used. 
 

To identify the possible sites of reversible fluorescence 
quenching, we investigated the corresponding spectro-
scopic changes by constructing compartmental kinetic 
models, considering all pigments emitting at a similar 
wavelength to belong to the same pigment pool (see Sup-
porting Calculations). For intact PBs, the experimental 
intensity–spectral relationship followed the theoretical 
predictions well (Fig. 3). A similar agreement between the 
experimental and theoretical results was observed for the 
smaller PB complexes isolated from mutants (Fig. S4).28,29   

It appears that quenching of a core unit (Fig. 3, black 
and blue curves) occurred more frequently than quench-
ing of a PC subunit (Fig. 3, green curve) and that APC680 
was quenched more frequently than APC660 (Fig S4a), 
qualitatively following the relative probability of finding 
an excitation in each of the pigment pools. We conclude 
that in the intact complex, essentially any type of subunit 
can switch to a quenched state, thus providing multiple 
channels in PB for excitation energy dissipation. This 
conclusion agrees with the observation of blinking from 
individual, isolated rods27 and core units29 (Table 1 and 
Fig. S4a, respectively) and individual APC trimers.26,30 

 

 

Figure 3. Quantum yield of fluorescence quenching vs. fluo-
rescence peak position shift upon entering a quenched state.  

Data points for complexes that underwent reversible fluo-
rescence quenching (filled circles) follow theoretical predic-
tion (lines), where each colored line corresponds to quench-
ing of a different pigment pool (see Supporting Calculations). 
Complexes not recovering completely after quenching or 
associated with a sub-maximum intensity before quenching 
are denoted by open circles. Each data point corresponds to a 
distinct switching event. Only data with an uncertainty on 
Δλmax smaller than 2 nm is shown, involving 24 complexes. 
An excitation intensity of 882 mW cm-2 was used. Error bars 
denote standard deviations. See Supporting Experimental 
Information for more information.   

 
The degree to which the intensity switches are light-

driven was explored by varying the excitation intensity in 
the range from 1174 mW cm-2 down to 4.5 mW cm-2 
(equivalently, ~30,000 down to ~111 µmol photons m-2 s-1), 
the lower limit of which represents an unprecedentedly 
low intensity for single-molecule studies. The switching 
frequency between unquenched and quenched states 
showed a strong light dependence, and the average dwell 
time in all intensity states exhibited a light-dependent 
shortening (Fig. S5), which is particularly pronounced for 
the unquenched states (Fig. S5a). From Fig. S5a and b we 
calculated the rates of switching into and out of a 
quenched state, i.e., kU→Q and kQ→U, respectively, for each 
excitation intensity (Fig. 4a). Both rates increase with the 
excitation intensity, suggesting strongly light-activated 
transitions. Meaningfully, kU→Q shows the largest increase 
(Fig. 4b and Fig. S6), indicating that in particular the for-
mation of quenched states is driven under high light in-
tensities, and thermal energy dissipated during quenching 
probably also plays a role in triggering the back-switch. 
Moreover, the ratio of the switching rates (i.e., kU→Q / 
kQ→U) can be approximated by a logarithmic dependence 
on the excitation intensity (Fig. 4b and Fig. S6), indicating 
a particularly strong light dependence of kU→Q for the 
lowest measured intensities (up to ~100 mW cm-2 ≈ 2500 
µmol photons m-2 s-1). The equilibrium shift to quenched 



 

states resulting from increasing excitation is further illus-
trated by the intensity histograms in Fig. S7. 

 
Figure 4. Intensity dependence of switching frequency be-

tween unquenched and quenched states. 

a, Average switching frequency into a quenched state (black 
squares) and into an unquenched state (red circles) as a 
function of excitation intensity, using 200-ms time bins. 
kU→Q and kQ→U were calculated from Fig. S5a and b, respec-
tively, by taking the ratio of the area under each curve and 
the total dwell time in unquenched (for a) or quenched (for 
b) states (see SI for more information). Open circles are 
switching rates for 10-ms binned data: the values correspond-
ing to the two highest intensities are calculated and the aver-
age increase is extrapolated to lower intensities. The dashed 
line corresponds to the high-light photon flux in the pulse-
amplitude modulation (PAM) experiment in Fig. 5. Error bars 
are the sum of the standard deviation and estimated analysis 
uncertainty – see Supporting Experimental Information. 
Number of measured complexes after data screening is 369, 
giving an average of 41 complexes per environment. b, Ratio 
of switching frequencies in a. The straight line fit regarded 
the square of the reciprocal of the error margins. 

 
DISCUSSION 
Provided that in the cells of cyanobacteria the equilib-

rium between the states also shifts toward quenched 
states under excessive illumination, its signature is ex-
pected in ensemble experiments in vivo in the whole, in-
tact cells. However, in the wild-type strain of Synecho-
cystis, the large amplitude of fluorescence quenching re-
lated to the organism’s main photoprotective mechanisms 
– OCP-driven energy quenching – overwhelms the signa-
tures of other mechanisms.16 Hence, to overcome this 
limitation we investigated whole cells of the Synechocyst-
is OCP-depleted mutant16 in a few independent experi-
ments and, surprisingly, we consistently observed a con-

comitant quenching of the maximal fluorescence (Fm’) 
and the steady-state fluorescence (Fs) under relatively 
intense illumination followed by a fast fluorescence in-
crease in dim light (Fig. 5, inset). In particular, the initial 
phase of fluorescence quenching (between 50 s and ~100 
s; Fig. 5) cannot be explained using previously proposed 
molecular mechanisms: the OCP-related mechanism is 
absent in this mutant, and photoinhibition would not be 
followed by recovery of the fluorescence directly after 
dimming the light at 260 s. However, the observation that 
the fluorescence did not recover to the initial level does 
point to photoinhibition, typically signified by a linear 
decrease of fluorescence intensity, in this case after the 
initial phase of fast fluorescence quenching (i.e., photoin-
hibition most likely occurred between ~100 s and 260 s;). 
In addition, the involvement of state transitions, the 
mechanisms balancing excitation rates between the two 
photosystems in response to light treatment, could likely 
be excluded because the quenching was induced by 
strong blue light preceded by the dim blue light illumina-
tion (up to 50 s) that set the cells in a given state (Fig. 5, 
inset). We therefore conclude that the fluorescence de-
crease displayed in Fig. 5 is related to quenching mecha-
nism(s) within PB and not in chlorophyll-containing 
complexes, in agreement with the previously reported 
spectrally resolved light-activated fluorescence decrease 
in Synechocystis PB.31 Furthermore, the trend in Fig. 4 
extending across a broad range of excitation intensities 
shows no indication of an additional energy-dissipation 
process being switched on at higher excitation intensities 
but instead points to an equilibrium shift favoring 
quenched states as the incident light intensity increases. 
It is therefore reasonable to assume that the mechanism 
responsible for light-activated fluorescence quenching 
described in the present study is the same mechanism 
that is activated in vivo. 

 

 
Figure 5. Two representative Fm’ quenching and recovery 

traces of Synechocystis OCP-depleted mutant. 
Traces extracted from two independent PAM measure-

ments. An example corresponding to the squares is shown in 
the inset. Horizontal black and white bars indicate illumina-
tion at 80 and 740 µmol photons m-2 s-1, respectively.  



 

The observation that nearly 3/4 of the strongly red-
shifted states of PB were preceded by blue-shifted 
quenched states suggests some relationship in their un-
derlying molecular mechanisms. In the chlorophyll-
containing photosynthetic complexes, the considerably 
red-shifted emission arises from charge-transfer (CT) 
states mixing with the lowest excitonic states.32,33 By anal-
ogy, a significant charge redistribution may explain the 
substantially red-shifted emission from PB complexes 
(Fig. 2c, top spectrum, peak at ~712 nm, and Fig. S1, peak 
at ~727 nm); however, the formation of a CT state be-
tween two phycobilins in PB is unlikely because of their 
large spatial separation (the smallest distance being 2.1 
nm).34 Instead, we propose the energy trap to involve an 
intramolecular CT state within a phycobilin, possibly re-
sulting from a configurational change, as evidenced for 
bilins in phytochromes.35,36 Alternatively, a local structur-
al defect, such as a charge in a hydrophobic pocket, could 
alter the CT character of a pigment. Although local heat 
could partially trigger the recovery from a quenched state, 
thermally induced quenching seems improbable, as indi-
cated in the Supporting Calculations. Other possible 
mechanisms can be ruled out based on insufficiently 
short lifetimes or insensitivity to the excitation flux. For 
example, non-emissive, radical states have lifetimes of 
only 10 µs,37 and for the range of excitation intensities 
used in this study the yield of intersystem crossing was 
negligible (see Fig. S3, where the data points follow the 
calculations assuming the absence of triplet states). Fur-
thermore, rotation of a complex occurs typically on a 
timescale of tens of µs and corresponds only to small in-
tensity fluctuations. Finally, diffusion of free fractions of 
complexes through the excitation focal volume would 
result in intensity spikes due to ms diffusion times 
through the focal volume. Such intensity spikes were not 
observed. 

If the PB fluorescence quenching described in this 
study is activated in the intact cells with a similar light 
dependence, this mechanism belongs to a novel class of 
light-activated mechanisms and is most suitable to pro-
vide immediate photoprotection when an organism is 
exposed to strong sunlight. It is likely that the ~2% fast 
quenching at the particular conditions used for Fig. 5 
would be sufficient for the organism until OCP-
dependent mechanisms are switched on. In the naturally 
occurring OCP-depleted strains of cyanobacteria or in red 
algae, this mechanism could serve as even more critical 
photoprotection and the extent of light-induced quench-
ing may therefore be more pronounced. Since the energy 
quenching mechanism described in this study is derived 
from fundamental properties of phycobilins embedded in 
protein matrices we expect PBs of other organisms to ex-
hibit a very similar behavior, despite differences in archi-
tecture and composition between the hemidiscoidal PBs 
of cyanobacteria and the phycoerythrin-rich hemiellip-
soidal PBs of red algae. The presence of phycoerythrin in 
red algae may contribute to additional regulation of exci-
tation energy flow, such as light-induced energetic de-
coupling proposed in an intensity-dependent photo-

bleaching study conducted under extreme light intensi-
ties.38  

It is worth noting that the energy quenching rates of 
(30–40 ps)-1, derived from the shortest fluorescence life-
times measured in this study for individual PB, compete 
well with the excitation energy transfer rate of (63 ps)-1 
from PB to the photosystems in vivo21 and that the excita-
tion will reside a considerably longer time in the antenna 
when the reaction center is closed.  

 
CONCLUSION 
The size of PB not only enables more efficient absorp-

tion under low light conditions but it also lends the or-
ganism a more efficient response to rapidly changing light 
conditions by providing room for numerous quenching 
centers. From this study we conclude that the probability 
of accessing one or more of these quenching centers is 
governed by the conformational dynamics, which in turn 
is subtly controlled by the mere photon flux. As such, we 
demonstrated that cyanobacterial antennae have an in-
trinsic, fast, light-controlled, and highly sensitive and 
effective regulatory mechanism, and it is very likely that 
other photosynthetic organisms use a similar strategy for 
self-protection against large and rapid intensity fluctua-
tions. The ability of a system to modulate non-radiative 
energy dissipation using only light is a property of great 
potential for solar energy and food technologies. For ex-
ample, precise regulation of the excitation energy flow in 
bioinspired devices is required for the effective conver-
sion of solar energy. 

 
EXPERIMENTAL SECTION SUMMARY  
Isolation of PB. Intact PB as well as PB cores and cores 

with short rods, and rod fractions were purified from WT 
Synechocystis and CK,29 CB,28 and ∆AB27 mutants as re-
ported before in Ref. 19, The samples were prepared for 
the single molecule experiments by a means of serial dilu-
tion and immobilization on a microscope cover glass (see 
SI for details). For the experiment with the cross-linker, 
Glutaraldehyde (Sigma) was added once the complexes 
were immobilized on a microscope cover glass.    

Single molecule spectroscopy and data analysis. 
The measurements were performed as previously de-
scribed in Ref. 33, with some sample- and experiment-
specific modifications. See SI for the details as well as for 
information on data analysis and modeling.  

Pulse-amplitude modulation (PAM) measurement. 
PAM measurements on Synechocystis OCP-depleted mu-
tant16 were repeated 6 times and performed as described 
in Ref. 16 (with two repetitions shown in Fig. 5).  Low blue 
light intensity used in the measurement before and after 
the quenching was at 80 µmol photons m-2 s-1, while the 
high blue light intensity inducing quenching was at 740 
µmol photons m-2 s-1. 
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