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Abstract: The rising potential for the release of engineered nanoparticles (ENPs) into aquatic
environments requires evaluation of risks in order to protect ecological health. The present
review examines knowledge pertaining to the interactions of metal-based ENPs with aquatic
higher plants, identifies information gaps, and raises considerations for future research to
advance knowledge on the subject. The discussion focuses on ENPs’ bioaccessibility; uptake,
adsorption, translocation, and bioaccumulation; and toxicity effects on aquatic higher plants. An
information deficit surrounds the uptake of ENPs and associated dynamics, because the influence
of ENP characteristics and water quality conditions has not been well documented. Dissolution
appears to be a key mechanism driving bioaccumulation of ENPs, whereas nanoparticulates
often adsorb to plant surfaces with minimal internalization. However, few reports document the
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internalization of ENPs by plants; thus, the role of nanoparticulates’ internalization in
bioaccumulation and toxicity remains unclear, requiring further investigation. The toxicities of
metal-based ENPs mainly have been associated with dissolution as a predominant mechanism,
although nano toxicity has also been reported. To advance knowledge in this domain, future
investigations need to integrate the influence of ENP characteristics and water physicochemical
parameters, as their interplay determines ENP bioaccessibility and influences their risk to health
of aquatic higher plants. Furthermore, harmonization of test protocols is recommended for fast
tracking the generation of comparable data.
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INTRODUCTION
Concerns about the environmental health and safety of engineered nanomaterials (ENMs)
emerged in the early 2000s as a result of uncertainties surrounding interactions with organisms
and reports of enhanced toxicity potential at nano scale [1–4]. For example, as a result of nanoscale dimensions, ENMs exhibit special physicochemical properties, such as large surface area to
mass ratio, high surface energy, and high reactivity [5,6], that distinguish them from bulk-scale
counterparts. Classes of ENMs are diverse and include carbon-based, quantum dots, metal, and
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metal oxide nanoparticles. The focus of the present review is specific to metal-based engineered
nanoparticles (ENPs). Herein the term ―metal-based ENPs‖ collectively refers to both metals and
metal oxide counterparts. This category of ENPs is the exclusive focus of the present review
because of their distinctive characteristics, such as magnetism, catalytic capacity, and
optoelectronic properties. Another important property is dissolution potential, or the potential to
release soluble metal species as free ions or metal complexes. The useful properties of metalbased ENPs mean that they are widely produced and incorporated into consumer products and
industrial applications [7,8], and they are consequently increasingly being released into humanmade [9–11] and natural [12] aquatic systems.
The unique nano-scale properties of ENPs mean that their environmental fate, behavior,
and toxicity may differ from those of bulk-scale pollutants [13] such that traditional hazard and
risk assessment models are no longer adequate. Research efforts to date have concentrated on
gaining insight into the environmental implications of nanotechnology—for example, with
respect to fate, transport, and toxicological effects of ENPs—which currently lag behind
production and application efforts [14]. Thus, the rapid increase in production of ENPs and
ultimate incorporation into nano-enabled products have triggered a need for information on the
potential environmental effects of nano scale pollutants. Such information is essential for the
development of a sound risk-assessment framework and, in turn, can inform the adoption of safeby-design approaches for future nano-enabled products.
Insufficient data and knowledge on the biological effects of ENMs has fostered the birth
of nanotoxicology [3,15], which initially focused on establishing the effects of ENMs on humans
[3,4,16–18]. Later, concerns emerged about the potential environmental effects of ENMs [2,19–
21], leading to the development of nanoecotoxicology [22] as a branch of nanotoxicology that
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chiefly focuses on the ecological health aspects of ENMs [22–24]. Fewer than 50 open peerreviewed nanoecotoxicity studies had been reported by 2008 [17], when Klaine et al. [25]
published a comprehensive review of nanoecotoxicology research. Since then, the number of
published nanoecotoxicology studies has increased rapidly [14,22], and numerous excellent
reviews focusing on the fate, behavior, and toxic effects of ENPs have been published. Reviews
cover the toxicity of ENPs to bacteria [26–29], algae [26,29–31], invertebrates [26,32–35], and
fish [24,36–38], as well as the fate and behavior of ENPs in aquatic systems (see the
Bioaccessibility section). To the knowledge of the authors, no nanoecotoxicology review is
available for aquatic higher plants, hence the focus of the present article on the interactions of
metal-based ENPs with aquatic higher plants.
Aquatic higher plants, also known as aquatic vascular plants, include free-floating or
rooted and emergent or submerged plants. Aquatic higher plants occupy a key position in
ecological energy metabolism as producers and food sources, and they shelter a variety of
invertebrates [39]. Little nanoecotoxicity information is available for aquatic higher plants as
opposed to microalgal species and terrestrial higher plants, including agricultural crops [25,40–
44]. The possibility exists that aquatic plants have the potential to bioaccumulate ENPs and
transfer them between trophic levels in aquatic ecosystems [45]. Assessment of the risk posed by
ENPs in aquatic environments therefore requires data at different trophic levels [46]. Overall, the
present review on the interaction of ENPs with aquatic higher plants deals with aspects of
bioavailability; uptake, translocation, and accumulation; and toxicity effects. The review
generates an information portfolio on current knowledge about the interactions of metal-based
ENPs with aquatic higher plants. Furthermore, it makes recommendations for future research
directions that will help strategize and prioritize knowledge generation, through screening of
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patterns or commonalities in the current reported information.

BIOACCESSIBILITY
The interactions of ENPs with aquatic higher plants are complex and dynamic. Several
key physicochemical processes influence the amount and form of ENPs that interact with aquatic
organisms including plants, as summarized here. Note that the concept of ―bioaccessible
proportion‖ used in the present article refers to the proportion of ENPs available for interacting
with the plant surface and potentially available for uptake [47].
The behavior, fate, and transport of ENPs in aquatic systems are influenced by their
physical and chemical traits, such as size, shape, surface charge potential, crystal structure,
composition, and surface coating. In aquatic systems, ENPs undergo numerous transformations
as a result of biotic and abiotic factors, which consequently determine ENP bioaccessibility,
uptake, bioavailability, and toxicity potential upon interaction with aquatic biota [48,49].
Therefore, aquatic biota encounter or interact with transformed, rather than pristine, ENPs after
their release into aquatic environments [50,51]. Metal-based ENPs undergo a number of
transformations in aqueous media (Figure 1). The present review highlights the relevance of
interactions of ENPs with aquatic plants, as the environmental behavior of ENPs has been
addressed in detail elsewhere [29,49,50,52,53].
For metal-based ENPs, a key determinant of their environmental fate is dissolution
potential. The release of dissolved metallic forms or ions from metal-based ENPs is a chemical
trait often enhanced with diminishing nano-scale size, which in turn increases their reactivity
[52]. Thus, the following forms of metal-based ENPs interact with biota: dissolved metals, new
chemical substances formed after interacting with biotic and abiotic aquatic factors, and

5

Figure 1. Schematic presentation of transformations that metal-based engineered nanoparticles (ENPs) undergo in
aqueous environments. These are among key processes that determine the behavior (chemical and physical) and
bioavailability of metal-based ENPs in aquatic ecosystems

particulates [43]. Therefore, each study needs to pay attention to the bioaccessible fractions of
metal-based ENPs as a result of associated implications for uptake and toxicity. Already there
are suggestions that uptake [42,45,54–56] and toxicity [44,53,57,58] of metal-based ENPs are
dependent on their physicochemical characteristics.
In aqueous suspension, metal-based ENPs often agglomerate, where gravitational forces
may overcome buoyancy, causing sedimentation of particles and thereby reducing exposure
concentration [29,44]. However, often overlooked is the opposite effect of deagglomeration, as
the transformation of ENPs is dynamic and multidimensional. Chemical processes such as
reduction of metal cations (e.g., Ag+) can result in the formation of smaller secondary particles in
suspension [59], thereby introducing new bioaccessible size states. Changes in the size of ENPs
are important for determining exposure size (bioaccessible size) and persistence in aqueous
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systems.
The interplay of agglomeration, deagglomeration, sedimentation, and resuspension of
ENPs (Figure 1) has implications for free-floating and rooted aquatic plants, causing spatial and
temporal variation of exposure scenarios. Settling of ENPs onto sediments may purify aquatic
systems of such contaminants [60], but this argument overlooks the fact that aquatic systems are
not 1-dimensional. For instance, ENPs can dissolve or deagglomerate during resuspension and
still interact with pelagic biota. These and other case studies are discussed below (see the
Adsorption, Uptake, and Bioaccumulation and Toxicity Effects sections), regarding their
influence on uptake and toxicity. The physicochemical properties of aquatic environments—such
as pH, ionic strength, inorganic constituents, total organic matter—are important in the
transformation of ENPs. These properties may alter bioaccessible size and surface properties or
influence dissolution rate. Transformations such as these exert influence on the bioaccessible
state of ENPs to aquatic biota in general. Detailed accounts of the aquatic fate and behavior of
ENPs have been reported elsewhere [25,40,49,52,53,61–64] and are outside the scope of the
present article. Generally, the dissolution rate of metal-based ENPs is pH-dependent [64,65],
suggesting that varying pH regimes will present different bioaccessibility of ENPs to aquatic
plants as well.
The toxicity of metals in aquatic environments is largely related to free metal activity or
soluble metallic species [66]. Analysis of trace metal speciation involves the determination of
metal chemical forms, including free metal ions, inorganic and organic complexes, and
organometallic compounds. For example, electrolytes and organic matter control the stability of
ENPs as they interact with ENP surfaces, thereby altering surface characteristics such as surface
charge potential and coating. When ENPs interact with aquatic higher plants, dissolved organic
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carbon (DOC) can increase their bioaccessible size [42], as in the case of gold nanoparticles
(AuNPs), where the resultant AuNP–DOC complexes were larger than AuNP and its
homoagglomerates, hence limiting uptake potential. Whether in particulate or dissolved form,
ENPs interact with higher plants through processes such as adsorption, deposition, and
internalization. The fate and toxicity implications have been discussed [49,67–71].
The above information suggests that the bioaccessibility and bioavailability of metalbased ENPs to aquatic higher plants are underpinned by a complex interplay of ENPs and
exposure water characteristics. Therefore, integrating ENP characteristics and aqueous properties
is necessary when investigating the environmental behavior of ENPs, rather than treating each
component separately. Ultimately, the bioavailability of ENPs in aquatic systems is determined
by the complex interplay of processes highlighted earlier in this section, which are temporally
and spatially dynamic. Factors influencing the bioaccessibility of ENPs are fundamental because,
in turn, they determine bioavailability, bioaccumulation, and toxicity toward aquatic higher
plants.

ADSORPTION, UPTAKE, AND BIOACCUMULATION
Aquatic plants obtain essential nutrients from the surrounding aquatic matrices, so uptake
of ENPs could arise from similar mechanisms [45]. Variability in ENP uptake mechanisms is
likely because of physiological, anatomical, and morphological diversity among aquatic higher
plants. For example, different uptake mechanisms can result from morphological differences in
root [45] and vascular [72] systems between plant species. In the present review, the term
―uptake‖ broadly refers to processes by which ENPs and their derivatives reach the inside of
plant tissues or cells through active and passive mechanisms. The term excludes adsorption onto
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Table 1. Summary of metal-based ENP accumulation pathways by aquatic higher plants

Uptake pathway
Internalization

ENP

Uptake detection

type

method

ENP characteristics

Exposure water

Plant

Ref.

AuNP

TEM; STEM and

4 nm; spherical; ζ –14.1 mV;

Well/borehole water; pH 7.1; TOC

Myriophyllum simulans

[45]

SEM; and EDX

250 g/L

8.56 mg/L; CaCO3 107 mg/L;

Azolla caroliniana

[45]

Egeria densa

[45]

Lemna minor

[74]

Schoenoplectus

[75]

(tissue)

conductivity 210 µS/cm
Internalization

AuNP

(cellular)

TEM; STEM and

4 nm; 18 nm; spherical;

Well/borehole water; pH 7.1; TOC

SEM; and EDX

ζ –14.1 mV; ζ –9.73 mV

8.56 mg/L; CaCO3 107 mg/L;
conductivity 210 µS/cm

Adsorption

AuNP

(no internalization)

TEM; STEM and

4 nm; 18 nm; spherical;

Well/borehole water; pH 7.1; TOC

SEM; and EDX

ζ –14.1 mV; ζ –9.73 mV

8.56 mg/L; CaCO3 107 mg/L;
conductivity 210 µS/cm

Adsorption

TiO2NP

SEM; TEM

(no internalization)
Adsorption (roots)

CdS QDs

TEM

275–2398 nm; SSA 50 m2/g;

Steinburg growth medium;

0.01–10 mg/L

pH 5.5; CaCO3 166 mg/L

4.3 nm;

Hoagland’s medium

ζ –9.8 mV
Adsorption (roots)

CuONP

TEM

tabernaemontani

38 nm; SSA 12.84 m2/g;

Hoagland’s medium

S. tabernaemontani

[75]

Hoagland’s medium

S. tabernaemontani

[75]

ζ –2.8 mV
Tissue and cellular

CdS QDs

TEM

4.3 nm; ζ –9.8 mV
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internalization
Tissue and cellular

CuONP

TEM

Hoagland’s medium

S. tabernaemontani

[75]

25 nm; uncoated; SSA 90

OECD growth medium;

Salvinia natans

[58]

m2/g; 1–10 mg/L

pH 6.5

ζ –2.8 mV

internalization
Adsorption

38 ± 7 nm; SSA 12.84 m2/g;

ZnONP

ICP-OES

ENP = engineered nanoparticle; AuNP = gold nanoparticle; TiO2NP = titanium oxide nanoparticle; CdS QDs = cadmium sulfide quantum dots; CuONP = copper oxide
nanoparticle; ZnOP = zinc oxide nanoparticle; TEM = transmission electron microscopy; STEM = scanning transmission electron microscopy; SEM = scanning electron
microscopy; EDX = energy dispersive X-ray spectroscopy; TOC = total organic carbon; SSA = specific surface area; ICP-OES = inductively coupled plasma optical emission
spectrometry; OECD = Organisation for Economic Co-operation and Development; ζ = zeta potential
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plant surfaces. Therefore, bioaccumulation in this context can occur from internalized (uptake) or
adsorbed ENPs and resultant dissolved metallic forms. The mechanisms reported in the context
of ENPs’ association with aquatic higher plants are summarized in Table 1, excluding the
bioaccumulation of dissolved metal forms. Bioaccumulation constitutes an important process
during interactions of ENPs with plants because it can be a precursor to toxicological effects if
the pollutant’s concentration exceeds a certain threshold. Knowledge of the uptake kinetics of
ENPs by aquatic plants is incomplete, despite earlier research [41,43,72,73], although it is a key
aspect that determines the bioavailability, bioaccumulation, and toxicity of ENPs.

Adsorption
Adsorption is a plausible mechanism for the accumulation of ENPs by aquatic higher
plants [45,58,74,75]. For example, electron microscopy techniques (transmission electron
microscopy, scanning transmission electron microscopy, and scanning electron microscopy)
together with energy-dispersive X-ray spectroscopy, showed the presence of AuNPs adsorbed on
root tissue surfaces [45]. For Egeria densa, no internalization of AuNPs was observed, which
suggested that adsorption was likely the dominant accumulation mechanism; for Azolla
caroliniana and Myriophyllum simulans, however, internalization of AuNPs also occurred. The
uptake of AuNPs was higher in A. caroliniana than in M. simulans. This was attributed to the
presence of stomata on both sides of fronds, as well as root hairs, which increase the surface area
for uptake, whereas the other 2 species possess limited root hairs. The suggestion that uptake
mechanisms differ between species [72] was supported by the findings of Glenn et al. [45].
Using electron microscopy techniques, Li et al. [74] found agglomerates of titanium
dioxide nanoparticles (TiO2NPs) adsorbed onto Lemna minor fronds, but no internalization was
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evident; they concluded that adsorption was the dominant accumulation mechanism in that
investigation. The lack of TiO2NP internalization by L. minor was attributed to the sieving nature
of the cell wall pores and the sorption of ENPs to cell surface exudates, which in turn promoted
agglomeration. Various epidermal structures and exudate forms (e.g., amino acids, enzymes, or
sugars) lining plant cell walls present a layer capable of further transforming ENPs (on
interaction) and thus facilitate the uptake of ENPs or even their rejection [76,77]. In addition,
ENP internalization through cell wall pores can be regulated by bioaccessible size [78]. Cell wall
pores in plants are known to vary in size from about 10 nm to 50 nm [79–81]. Such size ranges
raise the possibility that cell wall pores are capable of controlling entry, dependent on the
exposure size and other characteristics [78]. In certain cases, however, ENPs can penetrate cells
even when they are larger than cell wall pore size, and these mechanisms are discussed below
(see Internalization section).
Adsorption to the root epidermis as well as tissue and cellular internalization were both
found to result in the accumulation of copper oxide nanoparticles (CuONPs) and cadmium
sulfide quantum dots (CdS QDs) by Schoenoplectus tabernaemontani [75]. However, the
predominant driver of the 2 processes was not determined. Furthermore, the contribution of
dissolved metal forms to bioaccumulation was not investigated, and therefore, the authors may
have incorrectly associated bioaccumulation only with uptake of nano forms. Results indicated
that accumulation of CuONPs was rapid compared with CdS QDs, and hence uptake potential
was ENP type–dependent, as suggested previously [73,82]. However, Zhang et al. [75] did not
account for the reported relatively higher CuONP accumulation compared to CdS QDs. We
postulate that accumulation variability probably resulted from preferential assimilation of Cu
released from CuONPs since Cu is an essential element in numerous physiological processes
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[83,84]. Dissolution analysis could provide more insight into this hypothesis. Internalization of
the ENPs was possibly facilitated by endocytosis [85,86] or carrier proteins [73,82,87].
Endocytosis is the active cellular internalization of substances through engulfing by the
membrane forming a vacuole. Following exposure of Salvinia natans to zinc oxide nanoparticles
(ZnONPs), adsorption of ZnONPs/Zn to roots was observed; but internalization was not
investigated [58]. Inductively coupled plasma-optical emission spectrometry was used to
quantify Zn accumulated in unrinsed and rinsed roots, where it was observed that rinsing resulted
in Zn loss. Such findings provided confirmation of ZnONPs/Zn adsorbed to root surfaces.
Adsorption of ENPs to plant surfaces appears to be a key mechanism for their
phytoextraction from surrounding water. For instance, some reports [45,58,74] have attributed
accumulation of ENPs solely to adsorption, while in other cases adsorption coupled with
internalization of nano and dissolved metal forms has been observed [45,75]. Adsorption can
drive the accumulation of particulates and dissolved metallic forms from solution; although such
a scenario has not been reported, it remains highly probable. This is not unexpected considering
that accumulation of metallic species in any physicochemical form will arise initially from
physical contact with the plant surface, thus rendering adsorption highly likely. The findings of
Glenn et al. [45] and Zhang et al. [75] support this suggestion, as ENPs were shown to be both
inside (internalized) and outside (adsorbed) plant tissues.

Internalization
Glenn et al. [45] reported AuNP internalization into the roots of A. caroliniana, and M.
simulans, while no uptake occurred in E. densa. Internalization was found to vary with particle
size and plant species. In A. caroliniana, for example, 4-nm AuNPs were detected at a higher

13

frequency than 18-nm AuNPs, whereas no internalization of 18-nm AuNPs was detected in M.
simulans, thus illustrating size-dependent internalization, possibly attributable to cell wall pore
size discrimination. Furthermore, relatively higher bioaccumulation of Au was observed in A.
caroliniana, whereas no uptake was detected in E. densa. Using transmission electron
microscopy, Glenn et al. [45] demonstrated that changes in root tissue density explained the
differences in uptake among the 3 plants. They suggested that the enhanced uptake of AuNPs by
A. caroliniana was the result of the presence of stomata on both sides of fronds as well as root
hairs, which in turn increased the surface area for AuNPs uptake, unlike other species without
root hairs. Secondly, higher uptake by A caroliniana was also associated with its salt intolerance
compared with the salt-tolerant M. simulans and E. densa, where the latter species have the
ability to efficiently control and limit uptake of substances from the surrounding water, including
AuNPs in this instance. Higher AuNP internalization by the salt-intolerant A. caroliniana can be
linked to carrier protein–mediated internalization [73,82], as carrier proteins in plants are active
in osmoregulation. The differences in ENP uptake between species observed by Glenn et al. [45]
illustrate the role of distinctive morphological and physiological characteristics between species,
supporting earlier suggestions by Ma et al. [72].
Zhang et al. [75] investigated the internalization of CuONPs and CdS QDs in the roots of
S. tabernaemontani. Presence of ENPs in epidermal tissue and within the plant cells was
confirmed using electron microscopy techniques coupled with energy-dispersive X-ray
spectroscopy. The internalization of ENPs was partly ascribed to endocytosis, considering that
CuONPs had a large size of 38 nm but was still detected inside the plant cells. Few reports have
documented ENP internalization by aquatic higher plants (Table 1); nonetheless, mechanisms
underpinning internalization of ENPs in plants remain poorly understood [41,81,88,89], a data
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gap that needs to be addressed in future investigations. Notably, there are suggestions that
internalization is mainly facilitated by processes similar to those for nutrients and moisture
absorption from the surrounding environment [90,91]. Others [78,90,92,93] have indicated that
internalization is facilitated by cell wall pores as they are semipermeable and, therefore, ENPs
can pass into the cytoplasm. The cell wall pores are approximately 10 nm to 50 nm in diameter
[79–81] and, as such, can permit entry of substances from the environment, including ENPs, into
the plant cells depending on bioaccessible size. However, small ENP size alone does not
translate into cell wall pore internalization [45,74,81], which points to other mechanisms
facilitating internalization.
For example, endocytosis has been suggested to aid the transfer of ENPs into plant cells
[85,86], similar to facilitation of other substances into cells. This implies that endocytosis can
also facilitate internalization of ENPs larger than cell wall pores, depending on particle
properties and orientation [41,93]. However, the selectivity criteria are yet to be established [89].
Finally, binding of ENPs onto carrier proteins and organic chemicals also has been proposed
[73,82,87]. For instance, metallothioneins can facilitate assimilation of metal-based ENPs [89].
The size of ENPs is a key determinant for their internalization by aquatic higher plants [45]—
smaller forms tend to be internalized rapidly. Size is the only characteristic that has so far been
reported to influence the internalization of ENPs in nano form by aquatic higher plants.
However, caution is raised against the general assumption of higher internalization rate for
smaller ENPs solely based on their size. Rather, a complex set of plant characteristics, water
physicochemical parameters, and ENP properties interactively determine internalization
potential. Internalization kinetics is therefore a topic warranting further research.
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Bioaccumulation and translocation
Bioaccumulation analysis is among the methods used in determining the bioavailability
of metal-based ENPs to aquatic biota by quantifying biomass metal content. An example is the
quantification of total Zn in plants after exposure to ZnONPs. Besides being an indicator of ENP
bioavailability, bioaccumulation is a measure of the potential for bioconcentration and trophic
transfer [45,94]. Bioaccumulation is also a potential method for phytoextraction of nano
pollutants in wastewater treatment systems [75], an application commonly used for
bioremediation of metal-contaminated waters [95,96]. Bioaccumulation remains a valuable
indicator of metal contamination. Reports of metal bioaccumulation by aquatic higher plants
exposed to metal-based ENPs are listed in Table 2. Importantly, bioaccumulation analysis will
not normally reveal the underlying driving processes (uptake vs adsorption), but assumptions can
be derived from characterization of ENPs, water chemistry, and knowledge of plant species
physiology. Furthermore, discrimination between accumulation of dissolved metal forms and
ENPs is often challenging, though dissolution analysis of the exposure water can provide insights
into this aspect.
ZnONPs. In the study by Hu et al. [55], the duckweed Spirodela polyrhiza was exposed
to ZnONPs (1 mg/L, 10 mg/L, and 50 mg/L) and ZnSO4 (3.5 mg/L) for 96 h. Zinc
bioaccumulation in plants exposed to ZnONPs was directly related to exposure concentration.
Whole-plant Zn concentrations were approximately 2 mg/g to 4.5 mg/g from ZnONP exposures
and 4.5 mg/g from soluble Zn exposure (ZnSO4). Therefore, Zn bioaccumulation was rapid in
soluble Zn exposures compared to nano counterparts. Dissolution analysis of ZnONPs indicated
that Zn was predominantly bioaccessible in the dissolved form, as the ENPs rapidly
agglomerated up to approximately 4 µm (average 130 nm). The larger particles were deemed too

16

Table 2. Summary findings on the bioaccumulation of ENPs by aquatic higher plants
Exposure

Exposure

ENP

ENP characteristics

concentration

Exposure water

duration

Bioaccumulation

Plant

Ref.

ZnONP

25 nm; SSA 90 m2/g

1–50 mg/L

Hoagland’s medium; pH 6.5

96 h

2–4.5 mg/g (whole plants) (est.)

Spirdoela polyrhiza

[55]

ZnONP

25 nm; SSA 90 m2/g

1–50 mg/L

Hoagland’s medium; pH 6.5

7d

0.45–3.65 mg/g (leaves)

Salvinia natans

[58]

0.33–2.97 mg/g (roots rinsed)
0.49–8.18 mg/g (roots unrinsed)
TiO2NP

275–2398 nm; SSA 50

0.01–10 mg/L

m2/g; ζ

Steinburg growth medium; pH

7d

1–70 mg/kg (whole plant) (est.)

Lemna minor

[74]

17 d

424.4 µg/g (root); 64.7 µg/g (stem)

Oenanthe javanica

[56]

54.5 µg/g (whole plant)

Isoetes japonia

[56]

73.6 µg/g (root)

O. javanica

[56]

155.2 µg/g (whole plant)

I. japonica

[56]

800 µg/g (roots) (est.)

Landoltia punctata

[101]

5.5; CaCO3 166 mg/L

–20 to –25 mV (est.)
TiO2NP

5–10 nm; rhombic and

1.8 mg/L

Mesocosm

spherical; ζ –33.83 mV

TiO2NP
(nanotube)

7–9 nm (width); 2 nm

1.8 mg/L

Freshwater mesocosm

17 d

(thick); 6 nm

5.9 µg/g (stem)

(diameter); tubular; ζ –
41.5 mV

CuONP

10–15 nm (TEM); 43

1 mg/L

Hoagland’s medium; pH 6

nm (SMPS); 6.7 nm

700 µg/g (fronds) (est.)

(BET); 9 (7 d) ζ –80

17

nm; SSA 141 m2/g
CuONP

318 nm

0.68–4.51 g/L

Freshwater culture medium; pH

48 h

0.001–0.1 mg/mg (whole plant) (est.)

Lemna gibba

[94]

48 h

0.005–0.025 mg/mg (whole plant) (est.)

L. gibba

[99]

48 h

0.006–0.01 mg/mg (whole plant) (est.)

L. gibba

[99]

21 d

14–4057 µg/g (roots)

Schoenoplectus

[75]

0.8–17.7 µg/g (shoots)

tabernaemontani

9–1518 µg/g (roots)

S. tabernaemontani

[75]

6.5; IS 12.7 mM
CuONP

97 nm; poly(styrene-co-

0.25–1.24 g/L

butyl acrylate) coating;

Freshwater culture medium; pH
6.5; IS 12.7 mM

ζ –40 mV
CuONP

523 nm; ζ –40 mV

0.68–4.51 g/L

Freshwater culture medium; pH
6.5; IS 12.7 mM

CuONP

38 nm; SSA 12.84

0.5–50 mg/L

Hoagland’s medium

m2/g; ζ –2.8 mV
CdS

4.3 nm; ζ –9.8 mV

0.5–50 mg/L

Hoagland’s medium

21 d

0.8–8.7 µg/g (shoots)
AuNP

65  15 nm; rods

7.08  108

Estuarine mesocosm; pH 7.7–8.5

particles/mL

(est.); salinity 16.5–18 g/L; DOC

12 d

3.45 µg/kg (whole plant)

Spartina alterniflora

[102]

11 d

117 (roots); 4.42 (stems); 1.17 μg/kg

S. alterniflora

[103]

100 mg/kg (est.); <60 mg/kg (whole

Myriophyllum

[45]

plant) (est.)

simulans

120 mg/kg (est.); <60 mg/kg (whole

Azolla caroliniana

5–12 mg/L (est.)
48.3  9.8 nm; rods; ζ –

3.42  107

Estuarine mesocosm; salinity 20

53.5 mV

particles/mL

g/L; pH 8 (est.)

AuNP (4

4 nm; 18 nm; spherical;

250 µg/L

Well/borehole water; pH 7.1;

nm, 18 nm)

–14.1 mV; ζ –9.73 mV

AuNP

(shoots)
24 h

DOC 8.56 mg/L; CaCO3 107
mg/L; conductivity 210 µS/cm

AuNP (4

4 nm; 18 nm; spherical;

250 µg/L

Well/borehole water; pH 7.1;

18

24 h

[45]

nm, 18 nm)

AuNP (4
nm, 18 nm)

ζ –14.1 mV; ζ –9.73

TOC 8.56 mg/L; CaCO3 107

mV

mg/L; conductivity 210 µS/cm

4 nm; 18 nm; spherical;

250 µg/L

–14.1 mV; –9.73 mV

Well/borehole water; pH 7.1;

plant) (est.)

24 h

TOC 8.56 mg/L; CaCO3 107

40 mg/kg (est.); <60 mg/kg (whole

Egeria densa

[45]

A. caroliniana

[42]

A. caroliniana

[42]

E. densa

[42]

E. densa

[42]

M. simulans

[42]

M. simulans

[42]

plant) (est.)

mg/L; conductivity 210 µs/cm
AuNP (4
nm, 18 nm,
30 nm)
AuNP (4
nm, 18 nm,
30 nm)
AuNP (4

8 nm; 17.5 nm; 25 nm;
ζ –16.7 mV; ζ –17.8

8 nm; 17.5 nm; 25 nm;

8 nm; 17.5 nm; 25 ± 7

17.8 mV; ζ –23.7 mV

AuNP (4

8 nm; 17.5 nm; 25 nm;

nm, 18 nm,
30 nm)
AuNP (4

50–150 mg/kg (whole plant) (est.);
<50 mg/kg (shoots)

250 µg/L

Well/borehole water+DOC; pH

24 h

6.8; DOC 2 ± 0.4 mg/L

<50 mg/kg (whole plant: 4 nm);
50 mg/kg (whole plant: 18 nm, 30 nm)

mV; ζ –23.7 mV

30 nm)

AuNP (4

24 h

DOC 0.1 mg/L

ζ –16.7 mV; ζ –17.8

nm; ζ –16.7 mV; ζ –

30 nm)

Well/borehole water; pH 6.8;

mV; ζ –23.7 mV

nm, 18 nm,

nm, 18 nm,

250 µg/L

(est.); <50 mg/kg (shoots)
250 µg/L

Well/borehole water; pH 6.8;

24 h

DOC 0.1 mg/L

250 µg/L

ζ –16.7 mV; ζ –17.8

<50 mg/kg (whole plant); <50 mg/kg
(shoots)

Well/borehole water+DOC; pH

24 h

6.8; DOC 2 ± 0.4 mg/L

<50 mg/kg (whole plant); <50 mg/kg
(shoots)

mV; ζ –23.7 mV
8 nm; 17.5 nm; 25 nm;

250 µg/L

ζ –16.7 mV; ζ –17.8

Well/borehole water; pH 6.8;

24 h

DOC 0.1 mg/L

<50 mg/kg (whole plant);
<50 mg/kg (shoots)

mV; ζ –23.7 mV
8 nm; 17.5 nm; 25 nm;

250 µg/L

Well/borehole water+DOC; pH
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24 h

<50 mg/kg (whole plant);

nm, 18 nm,

ζ –16.7 mV; ζ –17.8

30 nm)

mV; ζ –23.7 mV

AgNP

7.8 nm; gum arabic

6.8; DOC 2 mg/L

<50 mg/kg (shoots)

0.5–10 mg/L

10% Hoagland’s medium

72 h

2.81 mg/g (whole plant)

S. polyrhiza

[54]

0.01–10 mg/L

Inorganic growth culture

7d

7.72–17.75 µg/mg (whole plant)

L. gibba

[106]

coating; SSA 100 m2/g;
ζ –49 mV to –44 mV
AgNP

240 nm; spherical; SSA
5–10 m2/g; ζ –31.49

medium; pH 6.5; IS 4.25 mM

mV
ENP = engineered nanoparticle; ZnOP = zinc oxide nanoparticle; TiO2NP = titanium oxide nanoparticle; CuONP = copper oxide nanoparticle; AuNP = gold nanoparticle; AgNP = silver
nanoparticle; SSA = specific surface area; TEM = transmission electron microscopy; SMPS = scanning mobility particle sizer; BET = Brunauer–Emmett–Teller method; IS = ionic strength;
DOC = dissolved organic carbon; ζ = zeta potential.
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large for internalization. Translocation assessment was not done because bioaccumulation
analysis was performed on the whole plant [55].
Salvinia natans was exposed to 1 mg/L, 10 mg/L, 20 mg/L, and 50 mg/L ZnONPs as well
as 44 mg/L ZnSO4 for 7 d [58]. From ZnONP exposures, Zn accumulation in leaves ranged from
0.45 mg/g to 3.65 mg/g, rinsed roots from 0.33 mg/g to 2.97 mg/g, and unrinsed roots from 0.49
mg/g to 8.18 mg/g. After ZnSO4 exposure, Zn bioaccumulation was 4.28 mg/g in the leaves, 3.82
mg/g in the rinsed roots, and 3.64 mg/g in the unrinsed roots. The results indicated higher
bioaccumulation from ZnSO4 than ZnONPs when compared with 50 mg/L ZnONP exposure. In
the case of unrinsed roots, bioaccumulation was higher from exposure to ZnONPs than to
ZnSO4, and this pointed to the contribution of adsorbed ENPs. Large differences in
bioaccumulation between rinsed and unrinsed roots exposed to ZnONPs are indicative of ENP
adsorption onto root surfaces. After 7 d, no suspended ZnONPs were detected in suspension of
the testing medium because ZnONPs agglomerates sedimented to the bottom of the test vessel.
Adsorption to root surfaces also contributed to the removal of ZnONPs in suspension. However,
dissolution analysis confirmed the presence of dissolved Zn in the suspension of ZnONPs
exposures. Therefore, Zn accumulation was likely the result of the adsorption of ZnONPs and the
adsorption and internalization of dissolved Zn forms, with the latter process probably being
predominant. Notably, internalization of ZnONPs was unlikely because of the formation of large
agglomerates up to 1.6 µm in size, too large for cellular internalization. Zinc content in the
leaves and rinsed roots did not differ much, although on average it was higher in the leaves. Such
findings can erroneously be interpreted as indicative of active translocation of Zn from the roots
to the leaves. This is because Salvinia spp. can absorb substances from water through their leaves
as well as through their roots [97,98].
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The reports on Zn bioaccumulation suggest that the process is directly related to exposure
concentration and that the uptake rate for dissolved Zn is higher than that for the nano
counterparts. The uptake of ZnONPs is inhibited by transformations such as agglomeration.
TiO2NPs. Concentration-dependent accumulation of Ti was reported after 7-d exposure
of L. minor to 0.01 mg/L to 5 mg/L TiO2NPs [74]. An average of approximately 70 mg/kg
whole-plant Ti was recorded at the highest exposure concentration compared with 0.37 mg/kg at
the lowest exposure concentration. Electron microscopy analysis detected no internalized
TiO2NPs, pointing to adsorption as the main accumulation mechanism. Formation of larger
TiO2NP agglomerates (100–1000 nm) probably contributed to the lack of TiO2NP
internalization. Translocation was not assessed because bioaccumulation analysis was
undertaken for whole plants.
Oenanthe javanica and Isoetes japonica were exposed to 1.8 mg/L TiO2NPs and
nanotube TiO2 (TiO2NT) forms over 17 d [56] (illumination not reported). Bioaccumulation of
Ti was analyzed for the whole body. After 17 d, the total accumulated Ti in O. javanica was
489.1 μg/g under TiO2NP exposure and 78.9 μg/g under TiO2NT exposure. For I. japonica,
whole-body Ti was 54.5 μg/g for TiO2NP exposure and 155.2 μg/g for exposure to TiO2NT. No
explanation was given to account for differences in accumulation of TiO2NP and TiO2NT, but
the difference may lie in their distinctive morphologies, where orientation of TiO2NT at sites of
contact limited the chance of internalization. Translocation of Ti to the shoot system of O.
javanica occurred, with Ti accumulation being 424.4 μg/g in the roots and 64.7 μg/g in the
shoots under TiO2NP exposure. In exposures to TiO2NT, however, Ti concentrations were lower:
73.6 μg/g in the roots and 5.9 μg/g in the shoots.
Because TiO2NPs compounds are poorly soluble, researchers have considered interaction
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and bioaccumulation of TiO2NPs to be primarily driven by nano forms and have not performed
dissolution analyses [56,74]. These studies also highlighted the role of ENP morphology [56]
and exposure concentration [74] as factors influencing bioaccumulation by aquatic higher plants.
CuONPs. Perreault et al. [94] compared Cu bioaccumulation in Lemna gibba exposed to
CuONPs (0.68–4.51 g/L) and CuSO4 (0.004–0.032 g/L) for 48 h. The rate of Cu accumulation
was higher from CuSO4 exposure compared with CuONP exposure, and in both regimes it
increased with increasing exposure dosage. It was hypothesized that Cu accumulation from
CuONP exposure was mainly in dissolved form, as CuONPs agglomerated rapidly in suspension.
The same research group also investigated the influence of coating, concentration, and Cu form
(particulate or dissolved) on the bioaccumulation of Cu by L. gibba [99]. Lemna gibba was
exposed to noncoated CuONPs, styrene-co-butyl acrylate–coated CuONPs, and CuSO4 for 48 h.
In all exposures, whole-body Cu increased with increasing exposure concentration. Furthermore,
bioaccumulation concentration was established in descending order as CuSO4 > coated CuONPs
> uncoated CuONPs. These findings [100] suggested that dissolved Cu forms were rapidly
accumulated compared with nano counterparts. Dissolution of both CuONPs forms was largely
negligible, which pointed to accumulation arising from the particulate forms.
The coating of CuONPs improved their uptake because of enhanced stability (retention of
smaller sizes as coating inhibited aggregation) compared with uncoated forms that largely
agglomerated (probably exhibiting a higher settling rate), which limited their uptake. Polymercoated CuONPs were more toxic to microalgal species compared with uncoated CuONPs [100],
chiefly because the smaller coated CuONPs were more able to interact with and penetrate the
cells than uncoated CuONPs. Similarly, higher uptake of smaller-sized AuNPs by aquatic higher
plants as a result of natural organic matter steric stabilization has also been reported [45]. Thus,
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the surface coating of ENPs appears to influence their accumulation by aquatic plants, although
this is subject to the activity of other water quality parameters. Studies on the exposure of S.
tabernaemontani to CuONPs (0.5 mg/L, 5 mg/L, and 50 mg/L) showed that Cu accumulation
was dependent on both exposure concentration and duration [75]. After 21 d, at 50 mg/L, the
roots accumulated Cu to more than 4000 µg/g and the shoots less than 20 µg/g, an indication of
limited translocation from the roots to shoots. Internalized CuONPs were detected in the
epidermis and inside cells; hence, Cu bioaccumulation probably resulted from adsorption and
internalization of both the CuONP particulates and dissolved Cu species.
Shi et al. [101] reported that Landoltia punctata accumulated approximately 700 µg/g Cu
in the fronds and 800 µg/g Cu in the roots after exposure to 1 mg/L CuONPs for 14 d. In the
same study, the plants were exposed to 0.2 mg/L or 0.6 mg/L dissolved Cu (CuCl2).
Bioaccumulation of Cu was approximately <100 µg/g (fronds) and 300 µg/g (roots) from the
0.2-mg/L exposure, whereas the 0.6-mg/L exposure yielded 500 µg/g (fronds) and 700 µg/g
(roots). Although the findings appear to suggest a higher assimilation rate of CuONPs, the
exposure concentrations of CuONPs and CuCl2 differed, making comparisons difficult.
Bioaccumulation from CuONP exposures probably resulted from uptake of soluble Cu (based on
dissolution findings), adsorption of CuONPs, and maybe their internalization. The findings
further suggested transportation of Cu+/Cu2+/Cux/CuONPs from roots to leaves, but there is need
for caution, as leaves of this plant type are capable of absorbing nutrients from the surrounding
environment.
Overall, the uptake of dissolved Cu appears to be the main driver of CuONP
bioaccumulation, based on the findings of Perreault et al. [94,99]. Moreover, it can also result
from the accumulation of both dissolved and particulate Cu forms [75]. Interestingly, the

24

findings of Shi et al. [101] differ from those of Perreault et al. [94,99]. This is because
accumulation of CuONPs was reported to be higher than CuCl2 exposures in Shi et al. [103].
However, the exposure concentrations of CuCl2 (0.2 mg/L, 0.6 mg/L) and CuONPs (1 mg/L)
differed [101], which may have led to underestimation of soluble Cu accumulation potential and
prohibits any meaningful comparison between accumulation of soluble Cu and CuONPs.
AuNPs. Ferry et al. [102] demonstrated that Spartina alterniflora exposed to AuNP rods
for 12 d in an estuarine mesocosm had a whole-plant Au concentration of 3.45 μg/kg. The
observed bioaccumulation was ascribed to adsorption of the insoluble AuNP rods, which formed
agglomerates that were deemed too large for internalization. However, much higher Au
accumulation by S. alterniflora occurred during 11-d exposure to AuNP rods under similar
estuarine mesocosm conditions [103]. Bioaccumulation of Au was 117 μg/kg in roots (more than
30 times that reported by Ferry et al. [102]), 4.42 μg/kg in stems, and 11.3 μg/kg in aerial parts.
Exposure concentrations were 7.08  108 particles/mL in Ferry et al. [102] and 3.42  107
particles/mL in Burns et al. [103]; the cause of the much higher bioaccumulation is unclear.
The higher Au accumulation in the roots was associated with adherence of sediment
particles to the roots, even though the roots were washed to remove sediment particles [103].
Bioaccumulation analysis also indicated probable active translocation of Au from roots as sites
of uptake through stems, where accumulation was less, to aerial parts, where deposition was
more than double that in the stems. As a member of the Poaceae family, absorption of nutrients
in S. alterniflora is primarily a function of the roots because a thick cuticle to reduce water loss
in stems and shoots inhibits this function [45]. Bioaccumulation rates of AuNPs may be
dependent on ENP size and the plant species [42,45]. For example, higher Au accumulation was
observed from 4-nm AuNPs compared with 18-nm AuNPs across all plant species [45]. Azolla
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caroliniana accumulated in excess of 120 mg/kg Au from 4-nm AuNPs exposure and less than
60 mg/kg from 18-nm AuNPs exposure. Similar trends were observed in other experiments,
where less Au bioaccumulation was found in plants exposed to 30-nm AuNPs than to 4-nm or
18-nm AuNPs [42]. Such AuNPs accumulation patterns were ascribed to relatively higher
internalization rates of smaller AuNPs particulate forms, for instance, by M. simulans and A.
caroliniana [45].
Conversely, no AuNPs internalization was found in E. densa, so the observed
bioaccumulation was wholly attributed to adsorption of ENPs because dissolution was
insufficient for appreciable internalization of soluble Au. In both studies [42,45], Au
accumulation was highest in A. caroliniana, moderate in M. simulans, and lowest in E. densa.
The interspecies differences were attributed to varying morphological and physiological
characteristics between the species. Moreover, bioaccumulation of Au was found to be
influenced by water chemistry (namely, natural organic matter concentration) [42]. Addition of
natural organic matter inhibited accumulation caused by the formation of AuNP–DOC
complexes that were larger than the cell wall pores, resulting in reduced potential for AuNP
uptake. Although no uptake was observed because of AuNPs–DOC complex formation, AuNPs
stability was enhanced, an effect that could extend their persistence in the environment.
Generally, poor solubility of AuNPs suggests that their bioaccumulation by aquatic
higher plants is mainly through accumulation of nano particulates. This means it is mostly
influenced by characteristics of AuNPs and exposure media properties. For instance, the role of
bioaccessible size is evident in reports from Glenn and Klaine [42] and Glenn et al. [45] but
varies between plant species and physicochemical conditions of the exposure medium. The role
of roots in nutrient absorption also facilitates accumulation of AuNPs because the Au content in
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roots was high. Depending on the plant species, AuNPs can be translocated to aerial tissues as
well.
Silver nanoparticles. Spirodela polyrhiza was exposed to silver nanoparticles (AgNPs)
and AgNO3 (0.5–10 mg/L) for 72 h in a study by Jiang et al. [54]. The bioaccumulation of Ag
from both Ag forms was dependent on exposure concentration and was much higher in plants
exposed to AgNO3. After 72 h at 10 mg/L exposure dosage, the average Ag bioaccumulation
from AgNPs was below 4 mg/g but above 10 mg/g from AgNO3 [54]. The findings suggest that
bioaccumulation of soluble Ag was rapid compared with that of AgNPs, similar to other ENPs
(see the sections ZnONPs and CuONPs, above). Other reports on Ag have associated interactions
with aquatic biota with the formation of soluble Ag species [104,105], so adding dissolution
analysis to the procedure of Jiang et al. [54] would help elucidate probable mechanisms for
AgNP bioaccumulation. Higher accumulation of Ag from AgNO3 exposures may be linked to its
higher solubility, thus enhancing internalization, unlike AgNPs, which have low solubility
[44,106]. This hypothesis appears plausible based on the generally low solubility of AgNPs
[44,106,107]. No translocation data are available because whole-plant Ag accumulation was
undertaken in the studies of Jiang et al. [54].
Lemna gibba exposed to AgNPs for 7 d accumulated Ag dependent on exposure
concentration, ranging from 7.72 µg/mg to 17.5 µg/mg under exposure to AgNPs concentrations
of 0.01 mg/L to 10 mg/L [106]. Bioaccumulation was mainly associated with internalized
AgNPs, since the plants were washed with chelating ethylenediaminetetraacetic acid (EDTA)
and dissolution was approximately1% of nominal dose. However, no plant cross sections were
examined with electron microscopy to assess internalization of AgNPs. Based on the AgNPs
hydrodynamic size distribution (159–447 nm), the agglomerates appeared too large for Ag
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bioaccumulation to be largely attributed to AgNPs internalization. Therefore, it is likely that the
adsorbed AgNPs and dissolved Ag forms accounted for the reported bioaccumulation, since no
evidence was presented suggesting complete removal of adsorbed AgNPs/soluble Ag after
washing with EDTA. Thus, the analysis of plant cross sections with electron microscopy would
have offered useful insights into the hypothesis of AgNP internalization suggested by HundRinke et al. [13].
The reports on Ag bioaccumulation following AgNP exposure suggest that the process is
dependent on exposure concentration and that accumulation of dissolved Ag forms is rapid
relative to nano counterparts. Other than the release of soluble forms, other mechanisms for
AgNP bioaccumulation are yet to be explored in detail. For example, adsorption and
internalization of AgNPs are yet to be reported, including the ENP characteristics that can
influence such bioaccumulation mechanisms. Bioaccumulation of AgNPs is likely to be sizedependent, being greater at smaller sizes as a result of raised potential for dissolution,
internalization, and adsorption.
CdS QDs. The bioaccumulation of Cd by S. tabernaemontani depended on exposure
duration and concentration in plant roots and shoots following 21-d exposure to 0.5 mg/L, 5
mg/L, and 50 mg/L CdS QDs [75]. Bioaccumulation of Cd in the roots (~1500 µg/g) was 190fold higher than that in the shoots (~8 µg/g), which indicated limited translocation from roots to
shoots. Both adsorption and internalization of CdS QDs were evidently accumulation drivers,
with the former being dominant because of the association of nanoparticles with the roots.
Summary: Bioaccumulation and translocation. Accumulation of ENPs by aquatic higher
plants is complex, with environmental parameters and ENP transformations interacting to
influence the uptake process (Tables 1 and 2). Reports of ENP internalization were few (Table
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1), probably because of the difficulty associated with tissue sample preparation and the
specialized analytical equipment required. Differentiating between internalization and adsorption
of ENPs provides useful information for hazard and bioavailability assessment exercises. For
trophic transfer and phytoextraction evaluation, however, such discrimination is of limited value.
Total metal bioaccumulation has been utilized predominantly as an indicator of ENP
accumulation (Table 2), most likely because of the simpler analytical protocol and more
accessible analytical equipment required, such as inductively coupled plasma optical emission
spectroscopy or inductively coupled plasma mass spectroscopy. Generally, bioaccumulation
depended on exposure concentration and ENP size, influenced by ENP surface
chemistry/coating. Bioaccumulation of soluble metal forms was higher than that of nano
particulates. Furthermore, adsorption of both the dissolved and nano metallic derivatives
contributed notably to bioaccumulation. The bioaccumulation of bulk-scale metals by aquatic
biota is apparently related to exposure concentration, but the bioconcentration factor is inversely
related to exposure concentration for chronic exposures [108]. Therefore, metal bioaccumulation
resulting from the metal-based ENPs reviewed in the present study is in agreement with trends
for bulk-scale counterparts. Predictions about the predominant driver of bioaccumulation
between metallic particles and soluble metallic forms were mostly founded on dissolution
analysis of the exposure water. The solubility of ENPs appears to influence bioaccumulation, as
enhanced bioaccumulation tended to be associated with higher solubility, suggesting lower
uptake potential for ENPs relative to soluble metal derivatives.

TOXICITY EFFECTS
A growing body of scientific literature describes the toxicity of different classes of ENPs,
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such as metals [44,54,104,107], metal oxides [44,55,58,109], and quantum dots [75], to aquatic
higher plants. For simplicity, in the present review, the toxicological endpoints are categorized as
subcellular (oxidative stress and damage), photosynthetic (chlorophyll pigments and
photosynthetic activity), and growth (biomass and growth rate) effects.

Subcellular
The subcellular category of effects consists of endpoints such as activity of antioxidants,
oxidative damage, and protein content. Findings on subcellular effects of metal-based ENPs to
aquatic higher plants and relative exposure conditions are summarized in Table 3.
CuONPs. A 48-h exposure of L. gibba to CuSO4 (0.004–0.032 g/L), polymer-coated
CuONPs (0.25–1.24 g/L), and bare CuONPs (0.68–4.51 g/L) inhibited esterase enzyme activity
and enhanced generation of reactive oxygen species (ROS). The effects were dependent on
exposure concentration [99]. The ROS generation per viable biomass was in the order CuSO4 >
coated CuONPs > uncoated CuONPs. However, ROS formation based on soluble Cu fractions
and Cu bioaccumulation was coated CuONPs > uncoated CuONPs > CuSO4. The findings
suggested that for CuONP ROS generation, the basis was nano driven compared with soluble Cu,
because the latter was less oxidative, and such findings were attributed to rapid uptake of the
coated and more stable CuONPs. On the activity of esterase enzyme, the effect was CuSO4 >
uncoated CuONPs > coated CuONPs. The findings for the esterase enzyme indicated that soluble
Cu was highly toxic to the nano counterparts. The investigation [99] suggested that toxicity of
CuONPs is dependent on the endpoint being assessed and solubility potential. Further studies
will improve our understanding of the difference in toxicological potency between CuONPs and
soluble Cu.
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Table 3. Summary of subcellular effects in aquatic higher plants exposed to metal-based ENPs
Exposure
ENP

ENP characteristics

Exposure water

concentration

Duration

Endpoint

Effect/response

Plant

Ref.

CuONP

523 nm; ζ –40 mV

Freshwater culture

0.7–4.5 g/L

48 h

Esterase

Decreased

Lemna gibba

[99]

ROS

Increased

Esterase

Decreased

L. gibba

[99]

ROS

Increased

POD

Activated

Lemna minor

[109]

[55]

medium; pH 6.5;
IS 12.7 mM
CuONP

TiO2NP

ZnONP

ZnONP

AgNP

97 nm; poly(styrene-co-

Freshwater culture

butyl acrylate) coating; ζ

medium; pH 6.5;

–40 mV

IS 12.7 mM

10 nm; ζ –15 mV to 25

10% Steinberg

mV (est.); SSA 120 m2/g

medium; irradiance 72

CAT

Activated

µmol/m2/s

SOD

Activated then inhibited

MDA

Increased

CAT

Activated (50 mg/L)

Spirodela

POD

Inhibited (50 mg/L)

polyrhiza

SOD

Activated (≥10 mg/L)

Na+K+ATPase

Uniform

SOD

Activated (50 mg/L)

CAT

Activated (50 mg/L)

POD

Inhibited (50 mg/L)

Cell viability

Reduced from 0.1 mg/L

25 nm; uncoated; 90

Hoagland’s medium;

m2/g; spherical

pH 6.5

25 nm; uncoated; 90

OECD growth

m2/g; 1–10 mg/L

medium; pH 6.5

240 nm; spherical; SSA

Inorganic growth

0.3–1.2 g/L

10–2000 mg/L

1–50 mg/L

1–50 mg/L

0.01–10 mg/L

48 h

7d

96 h

7d

7d
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Salvinia natans

[58]

L. gibba

[106]

ZnONP

5–10 m2/g; ζ –31.49 ±

culture medium; pH

2.16 mV

6.5; IS 4.25 mM

326–1350 nm; ζ –4.9 mV

Hoagland’s medium

0.01–1000 mg/L

14 d

ROS formation

Increased from 1 mg/L

ROS/RNS

Increased then stabilized (4 d)

Spirodela

Increased (14 d)

punctata

to 11 mV; SSA 11.4
m2/g; spheres;

H2O2

polydispersed

[44]

Uniform (4 d) then increased at
highest exposure dose (14 d)

morphology

TAC

Increased at lowest exposure dose
(4 d)

SOD

Inhibited (14 d); only activated at
highest dosage (14 d)

AgNP

352–1313 nm; ζ –3.6 mV

Hoagland’s medium

0.01–1000 mg/L

14 d

ROS/RNS

Uniform (4-14 d)

to 11.6 mV; SSA 3.4

H2O2

Increased

m2/g; polydispersed

TAC

Uniform

morphology

SOD

Inhibited and activated (4 d);

S. punctata

[44]

S. polyrhiza

[54]

inhibited (14 d)
AgNP

7.8 nm; gum arabic

10% Hoagland’s

coating; SSA 100 m2/g; ζ

medium

0.5–10 mg/L

72 h

–49 mV to –44 mV

Nitrate-nitrogen

Reduced (≥5 mg/L)

Phosphate-

Uniform

phosphorus
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Carbohydrate

Uniform (5 mg/L)

Proline

Increased (≥5m g/L)

AgNP

AgNP

7.8 nm; gum arabic

10% Hoagland’s

ROS content

Increased (≥1 mg/L)

coating; SSA 100 m2/g; ζ

medium

SOD

Activated

–49 mV to –44 mV;

POD

Activated (≥5 mg/L)

spherical

CAT

Activated ( 5 mg/L)

Protein content

Increased (1 mg/L, 5 mg/L)

MDA

Increased (5 mg/L)

GSH

Increased (5 mg/L)

ROS content

Increase

SOD

Increase

POD

Increase

CAT

No significant effect

Protein content

Increase

MDA

No significant effect

GSH

Increase

22.9 nm; PVP coating;

10% Hoagland’s

spherical

medium

0.5–10 mg/L

10 mg/L

72 h

72 h

S. polyrhiza

[107]

S. polyrhiza

[107]

ENP = engineered nanoparticle; CuONP = copper oxide nanoparticle; TiO2NP = titanium oxide nanoparticle; ZnOP = zinc oxide nanoparticle; AgNP = silver nanoparticle; IS = ionic strength;
ROS = reactive oxygen species; SSA = specific surface area; POD = peroxidase; CAT = catalase; SOD = superoxide dismutase; MDA = malondialdehyde; OECD = Organisation for Economic
Co-operation and Development; GSH = glutathione; RNS = reactive nitrogen species; TAC = total antioxidative capacity; PVP = polyvinylpyrrolidone; ζ = zeta potential
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TiO2NPs. Song et al. [109] investigated the induction of oxidative stress to L. minor
following exposure to bulk and nano forms of TiO2 (10–2000 mg/L). There was activation of
peroxidase (POD), catalase (CAT), and malondialdehyde (MDA) in plants exposed to TiO2NPs
across exposure concentrations. Bulk TiO2 was generally toxic at high exposure concentrations;
for example, it only activated POD and superoxide dismutase (SOD) at 2 g/L and CAT at 1 g/L
to 2 g/L. The results pointed to higher toxicity of TiO2NPs compared with bulk counterparts, a
size-dependent phenomenon. It can be assumed that there was better uptake of TiO2NPs but also
that bulk TiO2 rapidly settled out of suspension because of its size. The investigators did not
account for possible differences between the toxicity of TiO2NPs and bulk TiO2. However, it
also is plausible that photo-activation of TiO2NPs was enhanced compared with larger
counterparts.
ZnONPs. The activities of CAT, POD, SOD, and sodium/potassium adenosine 5triphosphatase (Na+K+-ATPase) were assayed in S. polyrhiza following 96-h exposure to
ZnONPs (1–50 mg/L) and ZnSO4 (3.5 mg/L) [55]. All endpoints were significantly altered by
ZnSO4; it stimulated CAT and SOD but inhibited POD and Na+K+-ATPase. For ZnONPs,
Na+K+-ATPase was insignificantly influenced, and SOD activity increased by ≥10 mg/L,
whereas both CAT and POD were only significantly stimulated at the highest exposure
concentration. Both SOD and CAT activities were stimulated by 10 mg/L to 50 mg/L of ZnONPs
as well as exposure to ZnSO4. Conversely, ZnSO4 inhibited the POD and Na+K+ATPase, but
ZnONPs only inhibited POD at the highest concentration. When comparing similar exposure
concentrations, dissolved Zn (ZnSO4) was more toxic than ZnONPs. Because of the
agglomeration of ZnONPs, the dissolved Zn derivatives were postulated to be the underlying
cause of the observed toxicological effects following ZnONP exposures. Immediate
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agglomeration (average of ~0.3 µm) at 0 h occurred, leading to sedimentation. No ZnONPs were
detected in suspension after 12 h. Similarly, in a study by Hu et al. [58], dissolved Zn was raised
as the dominant cause of toxicity to S. natans exposed to ZnONPs (1–50 mg/L) and ZnSO4 (44
mg/L) for 7 d. Zinc oxide nanoparticles activated SOD at 10 mg/L to 50 mg/L and CAT at 50
mg/L, inhibited POD at 50 mg/L, and were not toxic to Na+K+-ATPase. Also, ZnSO4 activated
SOD and CAT, but inhibited POD and Na+K+-ATPase [58].
Thwala et al. [44] exposed Spirodela punctata to ZnONPs (0.01–1000 mg/L) for 14 d,
and the results revealed induction of various forms of oxidative imbalances. The observed effects
exhibited both temporal and dose dependence. For example, the production of reactive oxygen
and nitrogen species (ROS/RNS) evaluated by the 2,7-dichlorodihydrofluorescein method at the
highest exposure concentration was below 1.5 nM after 4 d but reached 175 nM after 14 d.
Furthermore, minimum ROS/RNS production of approximately 25 nM was observed at 0.01
mg/L ZnONPs and increased to 175 nM at 1000 mg/L ZnONPs, indicating that free radical
production was dose-dependent. Similarly, hydrogen peroxide (H2O2) and total antioxidant
capacity were much higher after 14 d than after 4 d of exposure. However, similar SOD activity
was observed at the highest exposure concentration regardless of exposure duration. The effects
were associated with the dissolved Zn based on the dissolution data: at the highest exposure
concentration, the dissolved Zn concentration was 12 mg/L after 4 d and 13 mg/L after 14 d,
which may account for the similarity in SOD activity irrespective of the exposure period. The
nano counterparts underwent rapid agglomeration, reaching sizes of up to 1350 nm, and settled
out of suspension.
AgNPs. Jiang et al. [54] reported that Spirodela punctata experienced significant
reduction of total nitrate-nitrogen, phosphate-phosphorus, and carbohydrate after exposure to 0.5
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mg/L to 10 mg/L of AgNPs and AgNO3. The effects were exposure concentration-dependent.
Similarly, proline production, an indicator of stress, increased with increasing exposure
concentration. The Silver nitrate had greater toxic effects than AgNPs, suggesting that the
toxicological potency of dissolved Ag is higher than that of the nano forms. Dissolution analysis
would be required to accurately establish whether the underlying driver of AgNP toxicity was
dissolved or nano Ag. However, AgNPs exhibit slow dissolution [44,106,107]; therefore, their
toxicity was probably a nano effect. Free radical production in S. punctata was AgNP dosedependent [44] and declined at higher concentrations because of the reduction in biomass, with
100% mortality at the highest exposure concentration. The observed SOD activity inhibition
attributable to AgNPs was postulated to be a result of protein denaturation after oxidative
damage. The dissolution of AgNPs was virtually negligible (below detection after 14 d at the
highest concentration), so dissolved Ag species had very little influence on the observed toxicity
[44]. Lemna gibba exposed to 0.01 mg/L to 10 mg/L AgNPs for 7 d [106] showed free radical
activity assayed by 2,7-dichlorodihydrofluorescein fluorescence, which increased with
increasing exposure concentration. Cell viability was also affected by AgNPs, where the
percentage of viable cells initially increased at the lowest dosage but significantly decreased at
all other exposure dosages. Based on low solubility of AgNPs, the dissolution of internalized
AgNPs was most likely the main driver of the toxic effects [106].
Jiang et al. [107] reported size-dependent toxicity of AgNPs on S. polyrhiza following
exposure to average 6-nm AgNPs (0.5–10 mg/L), 20-nm AgNPs (10 mg/L), and >1-µm Ag (10
mg/L) for 72 h. The endpoints assayed were ROS, SOD, CAT, POD, MDA, reduced glutathione
(GSH), and protein content. The ROS content was raised by 6-nm AgNPs (≥0.5 mg/L) and 20nm AgNPs but not by bulk Ag. All AgNPs forms increased SOD activity, but this was not the
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case with bulk Ag. Catalase activity and MDA content were raised only by 5 mg/L with
exposure to 6-nm AgNPs. Exposure to 5 mg/L to 10 mg/L of 6-nm AgNPs and 20-m AgNPs
increased POD activity. Protein content was elevated by 1 mg/L to 5 mg/L of both the 6-nm and
20-nm AgNPs. Lastly, the GSH content was increased by 6-nm AgNPs (≥1 mg/L), 20-nm
AgNPs, and bulk Ag. Therefore, bulk Ag was toxic to GSH only and not to any of the other
endpoints. Dissolution of AgNPs was slower than that of bulk Ag, which suggested that AgNPs
toxicity was mainly nano driven. The contradiction between the 2 studies [54,107] results from
the fact that AgNO3 was used in the former [54], whereas micron-sized Ag was used in the latter
[107]; hence, the Ag derivatives were chemically different.

Photosynthetic effects
Grouped under photosynthetic effects were endpoints associated with the functioning of
the photosynthetic pathway. Table 4 provides a summary of findings on the photosynthetic
effects of metal-based ENPs to aquatic higher plants.
CuONPs. The effects of CuONPs (0.7–4.5 g/L) and CuSO4 (0.004–0.032 g/L) on the
photosynthetic system of L. gibba were reported by Perreault et al. [94]. Both CuONPs and
CuSO4 inhibited photosystem II activity, and the toxicity of the Cu salt was greater than that of
its nano counterparts. Various endpoints were assayed to assess the effects on the energy fluxes
in the photosynthetic membrane. Both Cu forms reduced the number of active photosystem II
reaction centers per chlorophyll unit and further affected photosystem II yield similarly. The
toxicity of CuONPs was mainly associated with the release of dissolved Cu forms. Lemna gibba
exposed to bare CuONPs (0.68–4.51 g/L), polymer-coated CuONPs (0.25–1.24 g/L), and CuSO4
(0.004–0.032 g/L) [100] had photosystem II inhibited in all exposures, and toxicity was shown to

37

Table 4. Summary findings of photosynthetic effects in aquatic higher plants exposed to metal-based ENPs
Exposure
ENP
CuONP

ENP characteristics

Exposure water

concentration

Duration

End point

Effect/response

Plant

Ref.

109–523 nm

Freshwater culture

0.68–4.5 g/L

48 h

PSII activity

Decreased

Lemna gibba

[94]

PSII yield

Decreased

PSII performance

Inhibited

L. gibba

[99]

Inhibited

L. gibba

[99]

Chl a

Decreased

Landoltia

[101]

Chl b

Decreased

Chl a+Chl b

Decreased

medium; pH 6.5; IS
12.7 mM
CuONP

523 nm; ζ –40 mV

Freshwater culture

0.7–4.5 g/L

48 h

medium; pH 6.5; IS

index

12.7 mM
CuONP

CuONP

97 nm; poly(styrene-co-

Freshwater culture

butyl acrylate) coating; ζ –

medium; pH 6.5; IS

40 mV

12.7 mM

10–15 nm (TEM); 43 nm

Hoagland’s medium;

(SMPS); 6.7 nm (BET); 9

pH 6

0.3–1.2 g/L

48 h

PSII performance
index

1 mg/L

14 d

punctata

(7 d) –80 nm; SSA 141
m2/g
TiO2NP

10 nm; ζ –15 mV to –25

10% Steinberg medium;

mV (est.)

pH 6.5; irradiance 72

10–2000 mg/L

7d

Chlorophyll content

Increased (≤200 mg/L)

Lemna minor

[109]

0.01–10 mg/L

7d

Chl a

No significant effects

L. minor

[74]

µmol/m2/s
TiO2NP

275–2398 nm; SSA 50

Steinburg growth

m2/g

medium; pH 5.5;
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CaCO3 166 mg/L;
irradiance 5000 lx
Al2O3NP

9.01 nm (TEM); 165–189

50% Hutner’s medium;

nm (NTA); SSA 200 m2/g;

pH 5.3

10–1000 mg/L

7d

PSII yield

Increased (100 mg/L)

Photochemical

Increased (100 mg/L)

L. minor

[111]

Spirodela

[55]

spherical to void; ζ 5.3 mV
quench

ZnONP

25 nm; SSA 90 m2/g

Hoagland’s medium;

1–50 mg/L

96 h

Non-photo quench

No significant effects

Chl:pheophytin

Reduced (50 mg/L)

pH 6.5
ZnONP

25 nm; SSA 90 m2/g

polyrhiza

Hoagland’s medium;

1–50 mg/L

7d

pH 6.5

AgNP

7.8 nm; gum arabic

10% Hoagland’s

coating; SSA 100 m2/g; ζ –

medium

0.5–10 mg/L

72 h

49 mV to -44 mV

Chl a

Increased (50 mg/L)

Salvinia

Chl b

No effects

natans

Carotenoid

Increased (50 mg/L)

Chl a

Decreased

Chl a/b

Decreased (≥5 mg/L)

Chl total

Decreased

Photochemical

Decreased

S. polyrhiza

[58]

[54]

efficiency
ENP = engineered nanoparticle; CuONP = copper oxide nanoparticle; TiO2NP = titanium oxide nanoparticle; Al2O3NP = aluminium oxide nanoparticle; ZnOP = zinc oxide nanoparticle; AgNP
= silver nanoparticle; PSII = photosynthetic system II; TEM = transmission electron microscopy; SMPS = scanning mobility particle sizer; BET = Brunauer–Emmett–Teller method; SSA =
specific surface area; NTA = nanoparticle tracking analysis; ζ = zeta potential.
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be exposure concentration-dependent. Soluble Cu was more toxic than either nano form, and the
bare CuONPs were the less toxic nano form. The findings were attributed to a rapid uptake rate
of soluble Cu and to coated CuONPs being more stable than uncoated CuONPs, which were
observed to agglomerate rapidly.
Shi et al. [101] exposed L. punctata to CuONPs (1 mg/L) and CuCl2 (0.2 mg/L and 0.6
mg/L) for 14 d. The Cu salt reduced chlorophyll content (a, b, a+b) in a concentration-dependent
manner. It was unclear which of the 2 Cu derivatives was more toxic, since the exposure
concentrations differed. The solubility of CuONPs was 0.16 mg/L, which suggested that its
toxicity was mainly nano driven. From the CuCl2 exposures, the dissolved Cu was determined to
be 0.2 mg/L and 0.6 mg/L. Although Cu is an essential element in plant physiology, when in
excess it inhibits photosynthesis, especially photosystem II [110].
TiO2NPs. Exposure of L. minor to TiO2NPs (10–2000 mg/L) caused an increase of
chlorophyll content in a dose-dependent trend, but no effects were observed following exposure
to bulk-TiO2 [109]. Such findings were suggestive of size-influenced toxicity of TiO2. The 200
mg/L to 2000 mg/L concentrations of TiO2NPs significantly increased chlorophyll content. The
effect on TiO2NPs of increasing chlorophyll content appeared to enhance photosynthesis,
whereas an inhibition effect would generally be expected. This was puzzling because growth
inhibition was observed at similar exposure concentrations. The reason for such observations
was not investigated. The chlorophyll content in L. minor exposed to 0.01 mg/L to 5 mg/L
TiO2NPs remained similar to that of control samples [74]. The lack of negative effects on
chlorophyll a was attributed to the lack of TiO2NP internalization, suggesting it was not
bioavailable to the plants. In summary, both studies [74,109] appear to suggest that the negative
effect on chlorophyll a in L. minor would occur only at very high concentrations, which are not
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environmentally realistic.
Aluminium oxide nanoparticles. Aluminium oxide nanoparticles (Al2O3NPs) increased
the photosynthetic efficiency of L. minor [111], but the effect was not exposure concentration–
dependent. The photosynthetic efficiency measured as photosystem II quantum yield and
photochemical quenching increased as the exposure concentrations increased and was more
significant at higher exposure concentrations. However, nonphotochemical quenching was least
at higher concentrations.
ZnONPs. Spirodela polyrhiza was exposed to ZnONPs (1–50 mg/L) and ZnSO4 (3.5
mg/L) for 96 h [55]. Only the 50 mg/L ZnONP exposure reduced the chlorophyll a to pheophytin
ratio, whereas ZnSO4 was inhibitive at 3.5 mg/L. Thus, soluble Zn (ZnSO4) was highly toxic
compared to the nano derivatives. The toxicity of ZnONPs was associated with its dissolution
because it underwent aggregation under the exposure conditions. Hu et al. [58] exposed S. natans
to 1 mg/L to 50 mg/L ZnONPs and 44 mg/L ZnSO4. Assay results for chlorophyll a, b, and
carotenoid indicated that ZnSO4 inhibited all the endpoints; however, ZnONPs only inhibited the
chlorophylls at the highest exposure concentration. Similar to the findings of Hu et al. [55],
ZnSO4 was more toxic than ZnONPs to S. polyrhiza when compared at similar exposure
concentrations. Therefore, the 2 studies [55,58] collectively point to dissolution driven toxicity
of ZnONPs.
AgNPs. Exposure of S. polyrhiza to AgNPs and AgNO3 (0.5–10 mg/L) for 96 h reduced
chlorophyll a, chlorophyll a/chlorophyll b, and photochemical efficiency ratio. The effect was
exposure concentration–dependent [54]. Although AgNO3 seemed relatively more toxic, the
authors argued that the toxicity of the 2 Ag forms was generally similar; however, sensitivity
varied between toxicity endpoints. Following low Ag bioaccumulation in AgNP exposures [54],
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it can be hypothesized that if uptake of AgNPs was increased likewise, the toxicity of AgNPs
would likely be higher than that of AgNO3 based on mass/volume exposure concentrations. This
case further indicates the need for more detailed information on the uptake kinetics of ENPs by
aquatic higher plants. Future studies need to consider whether linkages exist between the toxicity
effects and accumulation of ENPs.

Growth effects
The effects on plant growth parameters are presented in the present section. Table 5
summarizes findings from investigations of metal-based effects on aquatic higher plants.
CuONPs. Lemna gibba exposed to CuSO4, bare CuONPs, and polymer-coated CuONPs
for 48 h experienced growth inhibition from all the Cu exposures [99]. The toxicity was ranked
as CuSO4 > polymer-coated CuONPs > bare CuONPs, where the latter caused the least growth
inhibition. The results indicated higher toxicity of soluble Cu compared with nano particulates,
and the former demonstrated a higher accumulation rate. The polymer-coated CuONPs were
more inhibiting compared with bare CuONPs, and the effect was suggested to be the result of
polymer alteration of cellular interaction and higher stability, which in turn enhanced uptake and
toxicity. Also in the findings of Perreault et al. [94], soluble Cu (CuSO4) was more growthinhibiting than CuONPs toward L. gibba following a 48-h exposure. The toxicity of CuONPs
was attributed to the release of soluble Cu, considering that CuONPs rapidly agglomerated and
settled at the bottom of the test vessel at a higher rate.
In another study, the growth effects of CuCl2, CuONPs, and bulk CuO in L. punctata
were studied for 96 h [101]. Frond numbers were most reduced by the Cu salt and CuONPs, and
bulk CuO was the least toxic form. Bulk CuO was less toxic than CuONPs, as the latter was
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Table 5. Summary findings on growth effects in aquatic higher plants exposed to metal-based ENPs
Exposure
ENP
CuONP

CdS QDs

ENP characteristics

Exposure water

concentration

Duration

End point

Effect/response

Plant

Ref.

38 nm; SSA 12.84 m2/g; ζ –

25% Hoagland’s

0.5–50 mg/L

21 d

Biomass

No significant

Schoenoplectus

[75]

2.8 mV

medium

effects

tabernaemontani

4.3 nm; –9.8 mV

25% Hoagland’s

0.5–50 mg/L

21 d

Biomass

Reduction ≥5 mg/L

S. tabernaemontani

[75]

0.4–4.5 g/L

48 h

Growth rate

Growth reduction

Lemna gibba

[94]

medium
CuONP

109–523 nm

Freshwater culture
medium; pH 6.5;

>0.1 Cu g/L

IS 12.7 M
CuONP

97 nm; poly(styrene-co-butyl

Freshwater culture

acrylate) coating; ζ –40 mV

medium; pH 6.5;

0.3–1.2 g/L

48 h

Growth rate

Inhibited

L. gibba

[99]

0.7–4.5 g/L

48 h

Growth rate

Inhibited

L. gibba

[99]

0.0158–4 mg/L

96 h

Frond number

Reduced

Landoltia punctata

[101]

1 mg/L

9d

Frond number

Reduced

L. punctata

[101]

IS 12.7 M
CuONP

523 nm; ζ –40 mV

Freshwater culture
medium; pH 6.5;
IS 12.7 M

CuONP

10–15 nm (TEM); 43 nm

Hoagland’s

(SMPS); 6.7 nm (BET); 9 (7

medium; pH 6.5 ±

d) 80 nm; SSA 141 m2/g

0.2

43

1 mg/L

9d

Frond

Reduced

L. punctata

[101]

Decreased (≥20

Lemna minor

[112]

L. minor

[112]

Spirodela polyrhiza

[54]

doublings
AgNP

93.52 nm (TEM); citrate

OECD 221

coating; ζ –7.87 mV

medium; pH 5.5

5–160 µg/L

14 d

Frond number

µg/L)
Growth rate

Decreased (≥10
µg/L)

Dry weight

Decreased (≥10
µg/L)

Growth

Increased

inhibition
AgNP

29.2 nm (TEM); citrate

OECD 221

coating; ζ –7.87 mV

medium; pH 5.5

5–160 µg/L

14 d

Frond number

Decreased (≥80
µg/L)

Growth rate

Decreased (≥20
µg/L)

Dry weight

Decreased (≥20
µg/L)

Growth

Increased

inhibition
AgNP

7.8 nm; gum arabic coating;

10% Hoagland’s

SSA 100 m2/g; –49 mV to –

medium

0.5–10 mg/L

72 h

Fresh weight

Decreased (≥5
µg/L)

44

44 mV

Dry weight

Decreased (≥5
µg/L)

AgNP

240 nm; spherical; SSA 5–10

Inorganic growth

m2/g; ζ –31.49 mV

culture medium;

0.01–10 mg/L

7d

Frond number

Reduced

Growth

Reduced

Frond number

Decreased

Growth rate

Decreased

Total weight

Decreased

Total fronds

Decreased

Growth

Increased

L. gibba

[106]

L. minor

[113]

Lemna pausicostata

[114]

L. pausicostata

[114]

pH 6.5; IS 4.25
mM
AgNP

5–20 nm (TEM); 84.97 nm

Greenhouse water

8–128 µg/L

7d

(DLS); spherical; ζ –34.9 mV

inhibition
AgNP

50 nm

Algal assay

0.1–200 mg/L

7d

Growth rate

procedure medium;

Decreased (≥1
mg/L)

pH 7.5
TiO2NP

2–3 nm

Algal assay

31.25–500 mg/L

procedure medium;

7d

Growth rate

Decreased (≥250
mg/L)

pH 7.5; irradiance
6500–10 000 lx

45

TiO2NP

275–2398 nm; SSA 50 m2/g;

Steinburg growth

ζ –25 mV to –20 mV (est.)

medium; pH 5.5;

0.01–10 mg/L

7d

CaCO3 166 mg/L;

Frond number

No effects

Growth rate

No effects

Growth rate

All inhibited at 50

Frond number

mg/L

L. minor

[74]

Salvinia natans

[55]

irradiance 5000 lx
ZnONP

25 nm; SSA 90 m2/g

Hoagland’s

1–50 mg/L

7d

medium; pH 6.5

Relative frond
number
ZnONP

25 nm; SSA 90 m2/g

OECD medium; pH

1–50 mg/L

7d

Growth rate

No effects

S. natans

[58]

10–1000 mg/L

7d

Biomass

Stimulated

L. minor

[111]

6.5
Al2O3NP

9.01 nm (TEM); 165–189 nm

50% Hutner’s

(NTA); SSA 200 m2/g;

medium; pH 5.3

spherical to void; ζ 5.3 mV
ENP = engineered nanoparticle; CuONP = copper oxide nanoparticle; CdS QDs = cadmium sulfide quantum dots; AgNP = silver nanoparticle; TiO2NP = titanium oxide
nanoparticle; ZnOP = zinc oxide nanoparticle; Al2O3NP = aluminium oxide nanoparticle; SSA = specific surface area; TEM = transmission electron microscopy; SMPS =
scanning mobility particle sizer; BET = Brunauer–Emmett–Teller method; IS = ionic strength; OECD = Organisation for Economic Co-operation and Development; DLS
= dynamic light scattering; SSA = specific surface area; NTA = nanoparticle tracking analysis; ζ = zeta potential.
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approximately 14 times more soluble than the former. A comparative study [101] between CuCl2
(0.2 mg/L, 0.6 mg/L) and CuONPs (1 mg/L) on frond doublings and numbers indicated that
CuONPs had similar toxicity to 0.6 mg/L CuCl2. The toxicity of CuCl2 was observed to be
exposure concentration-dependent. The authors suggested that CuONPs were less soluble than
CuCl2 and that agglomerates were probably too large for internalization and, thus, adsorbed onto
plant surfaces, while dissolved Cu was likely released from adsorbed CuONPs fractions. Zhang
et al. [75] exposed S. tabernaemontani to CuONPs (0.5–50 mg/L) and Cu2+ (0.06 mg/L) for 21 d.
Plants exposed to 0.5 mg/L and 50 mg/L CuONPs had 9% and 18% biomass reduction,
respectively, after 21 d. However, exposure to either CuONPs or Cu2+ did not significantly
reduce biomass compared with the control population, but CuONPs appeared more growthinhibiting than Cu2+.
AgNPs. Gubbins et al. [112] investigated the growth effects of 2 sizes of AgNPs (29 nm,
93 nm) and AgNO3 using exposure concentrations of 5 µg/L to 160 µg/L for up to 14 d. Frond
number, biomass (dry weight), and relative growth were assayed in the investigation. The
toxicities of both AgNP forms and AgNO3 on L. minor were dependent on exposure
concentration and duration. The toxicity of soluble silver (AgNO3) was higher compared with the
29-nm and 93-nm AgNP counterparts. The relatively higher toxicity of AgNO3 was linked to
predominating soluble Ag compared with AgNP exposures, where solubility was found to be
<1% of exposure dosage. Hence, it was suggested that the uptake rate of dissolved Ag forms was
higher than that of AgNPs, which accounted for the higher toxicity potential. Notably, no sizeinduced toxicity differences were reported between AgNPs batches averaging 29 nm and 93 nm
[112].
Similarly, AgNO3 was more growth-inhibiting than AgNPs to S. polyrhiza following 72-

47

h exposure at 0.5 mg/L to 10 mg/L concentrations [54]. The observation was attributed to higher
uptake and accumulation of dissolved Ag from AgNO3 exposure, whereas the dissolution of
AgNPs was <3% of the initial dose. Another investigation [113] similarly reported growth
effects of AgNPs on L. minor as exposure concentration–dependent and duration-dependent in 8
µg/L to 128 µg/L for 7 d. Frond numbers and growth rate were assayed in their study. However,
no elaboration on underlying mechanisms for the toxicity observed was provided. Kim et al.
[114] also reported exposure concentration-dependent growth inhibition of Lemna paucicostata
exposed to 0.1 mg/L to 200 mg/L AgNPs for 7 d. At test end, AgNP concentrations in the range
of 1 mg/L to 50 mg/L significantly reduced L. paucicostata growth rate, with complete inhibition
at ≥100 mg/L. In their study [114], there were no attempts to define the mechanistic drivers of
the observed AgNP effects. However, a loss of total Ag in suspension after prolonged exposure
was reported and hypothetically linked to AgNP agglomeration. In the investigation by
Oukarroum et al. [106], where L. gibba was exposed to AgNPs (0.01–10 mg/L) for 7 d, frond
number and growth were inhibited in a concentration-dependent manner. The results indicated
that AgNPs reduced both growth and number of fronds as a result of cellular solubilization of
internalized AgNPs, which in turn increased free radical activity and decreased free cellular
viability. Dissolution of AgNPs appeared insignificant. After 24 h at 10 mg/L, soluble Ag was
recorded at a mere 0.15 mg/L, although more soluble Ag could be released as the study
progressed. Therefore, AgNP toxicity was probably mostly nano driven.
TiO2NPs. Lemna minor exposed to 0.1 mg/L to 5 mg/L TiO2NPs for 7 d did not exhibit
growth effects when assayed for growth rate and frond number [74]. Agglomeration and loss of
TiO2NPs in suspension were argued as the basis for reduced bioavailability and probably toxicity
reduction. The authors [74] suggested that the lack of toxicity effects (photosynthetic and
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growth-related) was a result of poor TiO2NP uptake as evidenced by electron microscopy–based
results, indicating no internalized TiO2NP. Because TiO2NPs are poorly soluble, their effects are
probably caused by nano particulate activity. The results of Kim et al. [114] showed that
TiO2NPs at 250 mg/L and 500 mg/L significantly inhibited the L. paucicostata growth rate after
7 d. The induction of toxicity effects with increasing exposure dosage was suggested to be a
result of an increasing accumulation rate of TiO2NPs. Although ENPs tend to agglomerate with
increasing concentration, leading to precipitation and sedimentation, in some instances
increasing exposure concentration can promote adsorption of ENPs onto plant surfaces.
Al2O3NPs. Juhel et al. [111] exposed L. minor to up to 10 mg/L Al2O3NPs for 7 d and
observed growth stimulation. The effect was linked to a nano effect after assessment of bulk
aluminium, which was found not to be growth-inhibiting. The growth stimulation was not
associated with Al3+ ions released because of Al2O3NP dissolution but partly as a result of
enhancement of photosynthetic efficiency and root length, probably a counter-stress mechanism.
The details on the mechanistic growth stimulation by nano alumina remain unclear and require
further investigation.
ZnONPs. Overall toxicity of ZnSO4 (3.5 mg/L) on S. polyrhiza was found to be higher
than that of ZnONPs (1–50 mg/L) because of its elevated inhibition of growth rate, frond
number, and biomass [55]. The higher solubility of ZnSO4 than ZnONPs, allowing more rapid
uptake, was put forward as the reason for the former being more toxic. It was suggested that
agglomeration led to a reduction of ZnONP bioavailability in suspension, consequently
suppressing bioavailability and toxicity. Higher growth effects of ZnSO4 relative to ZnONPs
have also been reported by others [58]. No significant growth effects were observed in S. natans
exposed to ZnONPs, whereas ZnSO4 caused growth inhibition [58]. Both studies suggested that
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ZnSO4 was more soluble than ZnONPs; hence, the former was more bioavailable and toxic
[55,58]. Note that the studies used different exposure media.
CdS QDs. Following 21-d exposure to CdS QDs (0.5–50 mg/L), S. tabernaemontani
experienced biomass reduction, and the effect was found to be dosage-dependent [75]. The
plants had 31% biomass reduction at an exposure concentration of 5 mg/L and 44% at 50 mg/L.
The toxicity of CdS QDs was hypothesized to arise from interactions with CdS QDs and
dissolved Cd, but it is unclear which was predominant.
Summary: Toxicity effects. The toxicity literature reviewed points to the toxicity of metalbased ENPs as a result of soluble metallic forms, nano forms, or even both. When compared at
similar exposure concentrations, soluble metallic forms are rapidly accumulated and therefore
more toxic than nano forms. Notably for both forms, the toxicity is directly related to exposure
concentration. As a key discriminator between metal-based ENPs and other types of ENMs,
solubility seems to be an important regulator of their toxicity. Therefore, relatively soluble ENPs
(e.g., ZnONPs) tend to be more toxic than poorly soluble forms (e.g., TiO2NPs). However, one
should treat such generalizations with caution. When it comes to oxidative stress endpoints, for
example, the toxicity of nano forms tends to be higher than that of their soluble counterparts,
especially for poorly soluble ENPs such as AgNPs and TiO2NPs. It is also important to factor in
persistent and slow release of soluble forms by ENPs when assessing the hazard of nano versus
soluble metal forms. Furthermore, size, surface chemistry, and other characteristics of ENPs may
influence their toxicity potential.
No reports investigated the additional influences of exposure and environmental water
physicochemical conditions. The effect of photoactivity of TiO2NPs on aquatic higher plants is
another gap in the literature, requiring attention because of its effects on the photosynthetic
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pathway.

SUMMARY AND FUTURE PERSPECTIVES
The present review suggests that the interactions of ENPs with aquatic higher plants are
influenced by the interplay of numerous parameters under 3 broad categories: characteristics of
ENPs, environmental water properties, and plant characteristics (physiological and anatomical).
Diverse experimental protocols and instrumentation were adopted in the reviewed investigation
(Tables 1–5), and commonalities among the protocols were rare. This raises challenges regarding
data comparability, uniformity, and usability. Therefore, we recommend the development and
adoption of standardized testing protocols to identify key focus parameters and improve data
comparability to enhance the quality of data that support risk assessment of ENPs detrimental to
aquatic higher plants. Despite these misgivings, we provide the following salient perspectives of
the current information portfolio, with the hope that they will also contribute toward
harmonization of test protocols.
Smaller ENPs tend to possess higher uptake potential by plants and in turn higher toxicity
than their larger counterparts do, as demonstrated in numerous studies reviewed. The main
controlling factors are the complex dynamics of bioavailability linked to ENP size and exposure
media chemistry. The bioavailable size at the site of interaction matters more than the ENP
primary size. Small ENP bioavailable size alone does not imply effective uptake because plant
physiological and phenotypic characteristics may also influence uptake. Collectively, the
findings suggest a higher risk potential toward aquatic plants from smaller ENPs as a result of
enhanced bioaccumulation and toxic effects. Besides the size of ENPs, their morphological and
surface properties (e.g., coating) can significantly influence their interactions with aquatic higher
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plants. However, details of these aspects are still required for an understanding of the
physicochemical basis for the effects of surface coating and morphology. For instance, electron
microscopy images can better illustrate the dynamics of interaction at the plant surface and tissue
or cellular internalization as a factor of ENP morphology. Therefore, investigations on the role of
ENP morphology in the uptake by plants are encouraged.
Current data suggest that exposure concentration influences ENP bioaccumulation and
toxicity effects, generally in a direct proportional relationship. However, reporting of actual
exposure concentrations as total or dissolved metal per volume or particle number per volume
was often poor. This aspect is important for hazard evaluation and determination because
dissolution and agglomeration of ENPs can alter exposure concentration. Therefore, future
studies should carefully evaluate ENP dissolution to improve data quality and, in turn, the nature
and extent of conclusions drawn. For example, dissolution of metal-based ENPs regulates their
interaction with aquatic plants as internalization and accumulation rates from exposure to soluble
metallic forms are often higher than from exposure to colloidal nano forms. Even when higher
accumulation resulted from ENP exposure, this was ascribed to the higher dissolution rate of
nano forms. Hence, nanotoxicity was often accounted for based on dissolved metal content, with
little evidence provided for ―nano‖ induced toxicity. Perhaps the bias toward interpreting toxicity
effects as a consequence of dissolution could be ascribed to the current limited analytical ability
to detect, characterize, and quantify ENPs in complex environmental matrices. A further benefit
would be the systematic classification of ENPs into categories under which observed effects are
the result of either solutes, particulates, or both. This will become a reality as the analytical
ability to detect, characterize, and quantify ENPs in complex environmental matrices improves.
Overall, based on the literature reviewed, we conclude that the uptake dynamics of ENPs
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are poorly understood. To date, very few studies have investigated the uptake of ENPs by plants,
which is an important factor providing evidence of adsorption or internalization (Table 1).
Rather, many studies used the bioaccumulated metal proportion, which is an indirect indicator
that cannot distinguish between adsorbed and internalized ENP fractions. Bioaccumulation
reports showed that aquatic higher plants can serve as reservoirs of ENPs and released soluble
metals and potentially transfer such contaminants between trophic levels in aquatic ecosystems.
This is independent of the accumulation pathway (adsorption/uptake). However, the
bioaccumulation potential can be manipulated for phytoextraction of nano pollutants in water
resources.
The current data provide a good basis for evaluating the potential risks of ENPs to
aquatic higher plants. However, justification exists for additional research aimed at addressing
the gaps identified to undertake risk evaluation under more realistic environmental exposure
scenarios.
The wide range of testing protocols and species makes it difficult to draw meaningful
conclusions about toxicity effects such as species sensitivity or endpoint sensitivity. In general,
however, highly soluble ENPs appear likely to possess elevated toxicity effects, based on rapid
uptake of dissolved metal forms. But nano driven toxicity cannot simply be overlooked, as
shown by the high oxidative toxicity of AgNPs compared with soluble Ag. For ENPs known to
be photoactive, the influence of exposure light intensity needs to be further studied and
considered when interpreting findings. Furthermore, to harmonize future studies, a focus on
photosynthetic and growth effects would be useful because studies in these areas tend to be more
cost-effective than investigations of subcellular effects, which often require costly reagents.
Subcellular studies could then be a component of higher-tier testing, following the assessment of
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growth and photosynthetic effects.
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