Author's personal copy
A.J. Guthrie et al. / Journal of Virological Methods 189 (2013) 30–35

of AHSV. It is proposed that this assay be used internationally for
the following purposes: (1) to demonstrate freedom from AHSV
infection in a deﬁned population of horses; (2) for certiﬁcation of
freedom from infection or presence of AHSV in individual horses
for trade/movement purposes; and (3) as conﬁrmation of diagnosis
of suspect or clinical AHS cases using whole blood samples collected from horses, following the guidelines for reporting studies
of diagnostic accuracy (Standards for Reporting of Diagnostic
Accuracy, STARD) (Bossuyt et al., 2003; Gardner et al., 2011). The
diagnostic sensitivity and speciﬁcity of this AHSV RT-qPCR assay
and that of conventional virus isolation were estimated using a
2-test 2-population Bayesian latent class model, which made no
assumptions about the true infection status of the tested animals.
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exceeded a 0.1 threshold within 33 PCR cycles and if the normalised
ﬂuorescence for the AHSV assay did not exceed a 0.1 threshold
within 40 PCR cycles in both replicates of each sample. Samples in
which there was discordance in interpretation between the replicates were retested. The quantiﬁcation cycle (Cq) was deﬁned as
the cycle number during which the ﬂuorescence threshold was
reached. Virus isolation (VI), which is considered the reference
method for conﬁrmation of infection of horses with AHSV, was
performed on BHK21 cells as recommended in the OIE Terrestrial
Manual (Anon, 2012b) and described previously (Quan et al., 2008,
2010).
2.2. Determination of assay linear range, efﬁciency, limit of
detection, intra- and inter-run variability and
cross-contamination

2. Materials and methods
2.1. AHSV RT-qPCR group speciﬁc assay and virus isolation
A previously published group-speciﬁc RT-qPCR assay developed
and optimised in our laboratory using VP7-speciﬁc primers and
probe and ﬁeld and laboratory strains of the 9 serotypes of AHSV
(Quan et al., 2010) was adapted for use in this study. In addition, proprietary Xeno4 primers and probe to target XenoRNA were
included as a synthetic external control (EC) for all samples (Fang
et al., 2007). The concentrations of primers were limited; for the
AHSV assay the forward (AGA GCT CTT GTG CTA GCA GCC T) and
reverse (GAA CCG ACG CGA CAC TAA TGA) primer concentrations
were 200 nM and the probe (FAM-TGC ACG GTC ACC GCT-MGB)
concentration was 120 nM, whilst for the Xeno4 (EC) assay the concentration of both primers was 250 nM and the probe (labelled with
VIC) concentration was 200 nM. The primer–probe mixture was
supplied by the manufacturer (Applied Biosystems part number
4445067) at a 25× concentration.
All extractions were performed on a Kingﬁsher 96 magnetic particle processor (Thermo Fisher Scientiﬁc Inc.) using the MagMAXTM
pathogen RNA/DNA kit (Applied Biosystems part number 4462359)
according to the manufacturer’s recommendations with slight
modiﬁcations. Brieﬂy, 100 l of blood were added to 20 l of magnetic bead mix in a 96-well (deep well) plate and then vortexed
at 1000 rpm for 60 s. A volume of 400 l of lysis buffer (which
included 20,000 copies of XenoRNA which is supplied as part of
the VetMaxTM -Plus one-step RT-PCR Kit (Applied Biosystems part
number 4415328) was then added to each well and the plate
was again vortexed. The plate was then transferred to the magnetic particle processor and processed using a modiﬁcation of the
4462359 DW HV script in which the ﬁnal 3 min step of the elution
of nucleic acid into 90 l of elution buffer was performed at 95 ◦ C in
order to denature dsRNA in the eluate. The plate was immediately
sealed using foil and frozen at −20 ◦ C for 5 min. Forty-four samples
were processed in duplicate on each plate. Blood from an AHSV
uninfected, unvaccinated horse was placed in 5 randomly placed
wells on each plate to serve as negative controls.
RT-qPCR was performed by adding 20 l of VetMaxTM -Plus onestep RT-PCR mastermix, including primers and probes, to each well
on a 96-well PCR plate. Five microliters of the denatured eluate
was transferred from the elution plate to the PCR plate. An AHSVnegative template and low- and high-positive AHSV controls were
then added to wells F12, G12 and H12, respectively, of each plate.
The plate was then sealed with a transparent plate sealer and
the RT-qPCR was performed following the manufacturer’s recommendations on a StepOnePlusTM Real-Time PCR System (Applied
Biosystems). Samples were classiﬁed as positive if the normalised
ﬂuorescence for the AHSV assay exceeded a 0.1 threshold within 40
PCR cycles in both replicates of each sample. Samples were classiﬁed as negative if the normalised ﬂuorescence for the Xeno4 assay

The linear range of the entire assay (i.e. nucleic acid extraction and AHSV RT-qPCR) was determined using undiluted horse
blood obtained from an experimental case of AHS and a series (7)
of 10-fold (1:10; v:v) dilutions using blood obtained from the same
horse prior to infection. Each dilution was tested 5 times in a single
run. PCR efﬁciencies were determined by the formula: PCR efﬁciency (%) = 100 × (101/slope −1). Furthermore, a twofold dilution
series consisting of 15 separate dilutions was made using the 10−3
dilution of AHSV-positive blood prepared above and which covered
the non-linear range was extracted 5 times in each of 5 independent runs and tested by AHSV RT-qPCR analysis. The results of
these analyses were used to calculate the limit of detection (i.e.
input concentration giving a positive RT-qPCR result in 95% of the
repeats (Burns and Valdivia, 2008)). The inter-run, intra-run and
total standard deviations (SD) were calculated by the formulas:
inter-run SD, standard deviation of the means of all runs; intra-run
SD, mean of the standard deviations of all runs; total SD, standard
deviation of all replicates. The total coefﬁcient of variation (CV) was
calculated by the formula: total CV = total SD/(mean Cq-value of all
replicates).
To conﬁrm the absence of cross-contamination in the assay, 24
AHSV positive and 72 negative horse blood samples were arranged
in a chequerboard pattern (Fang et al., 2007). The samples were
extracted automatically and evaluated for cross-contamination by
AHSV RT-qPCR analysis on two different days.
2.3. Study design
A total of 503 equine blood samples collected from AHS suspect
cases submitted to our laboratory between 1 January 2011 and 31
May 2012 were used to validate the assay. Only blood samples from
pyrexic horses with one or more signs typical of AHS (Guthrie and
Quan, 2009) were included. On receipt in the laboratory, two 1 ml
aliquots of the original sample were transferred to cryotubes and
stored at −80 ◦ C prior to AHSV RT-qPCR during May–July, 2012.
Virus isolation was performed by the same individual (CWL) on the
remainder of the original sample as soon after receipt as possible.
Individuals performing and interpreting the virus isolation and RTqPCR assays were blinded as to the origin of the samples and the
results of the other test. The outcomes of the independent tests
were entered into a database and decoded by a third person who
was not responsible for performing either test.
Blood samples were also collected from two separate healthy
populations of horses that were not vaccinated against AHS and
were highly unlikely to have been exposed to natural infection
with AHSV. Whole blood samples were collected in EDTA in January
2012 from 1707 Thoroughbred foals born and resident since birth
in the AHS-controlled area in the Western Cape Province of South
Africa. These foals were all born between July 2011 and December
2011 and had not been vaccinated against AHS prior to sample
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Table 1
Inter- and intra-run variation for 15 twofold dilutions of AHSV-infected horse blood.
Samples

Results (Cq)

Log10 dilution

Mean

Inter-run SD

Intra-run SD

Total SD

Total CV %

−3.30
−3.60
−3.90
−4.20
−4.51
−4.81
−5.11
−5.41

28.97
29.59
30.36
31.15
31.99
32.85
33.68
34.70

0.88
0.39
0.19
0.10
0.20
0.10
0.20
0.34

0.37
0.16
0.16
0.11
0.22
0.30
0.33
0.78

0.93
0.39
0.24
0.14
0.28
0.29
0.37
0.79

3.2
1.3
0.8
0.5
0.9
0.9
1.1
2.3

−5.71
−6.01
−6.31
−6.61
−6.91
−7.21
−7.52

36.07
37.49
39.02
39.46
39.15
39.63
40.00

0.66
1.11
0.69
0.46
0.80
0.39
0.00

1.66
1.43
1.04
0.91
1.10
0.56
0.00

1.77
1.70
1.19
1.13
1.45
0.77
0.00

4.9
4.5
3.1
2.9
3.7
1.9
0.0

The line between the −5.41 and −5.71 log10 dilution represents the limit of detection.

collection. Of these foals, 445 were resident within the AHS Surveillance Zone of South Africa and the remaining 1262 were resident
within the AHS Protection Zone of South Africa. All 445 samples
from the horses within the AHS Surveillance Zone were tested
whilst a total of 58 samples were randomly selected from foals
resident within the AHS Protection Zone. An on-going surveillance
programme for AHS is in place in the AHS-controlled area of South
Africa and there was no evidence of AHSV circulation in the area for
at least 60 days prior to, or since the birth of any of the foals. The
second population included 98 whole blood samples collected in
EDTA from horses that were randomly selected from samples provided by the Central Veterinary Research Laboratory (CVRL), Dubai,
United Arab Emirates. The horses were of various ages, breeds and
sexes and had all been resident in Dubai, United Arab Emirates for
at least 60 days prior to collection. These two groups of samples
were processed as described above and were designated as the
South African and CVRL healthy horse populations, respectively.
Reporting of study ﬁndings was done in accordance with STARD
guidelines (Gardner et al., 2011) (see Supplemental data S1).
Supplementary data associated with this article can be found,
in the online version, at http://dx.doi.org/10.1016/j.jviromet.
2012.12.014.

priors, which allowed all values between 0 and 1 to have equal
probability, were used for all other parameters. A sensitivity analysis was done using a simpler conditional independence model
in which beta (1,1) priors were used for all parameters. Models were run in WinBUGS 1.4.3 (Lunn et al., 2000) (available
at http://www.mrc-bsu.cam.ac.uk/bugs/winbugs/contents.shtml)
with the ﬁrst 5000 iterations discarded and the next 50,000 iterations used for posterior inferences (medians and 95% probability
intervals for sensitivity, speciﬁcity and prevalence). Model convergence was assessed by visual inspection of trace plots of iterated
values and running multiple chains from dispersed initial values.
3. Results
3.1. Assay linear range, efﬁciency, limit of detection and intraand inter-run variability
Linear regression analysis indicated that the AHSV RT-qPCR
assay had a linear range extending from the 10−6 dilution to the
100 dilution of the positive control sample with an R2 > 0.99. Based
on the slope, the efﬁciency of the assay was calculated to be 102%
(Fig. 1). The limit of detection (i.e. input concentration giving a

2.4. Statistical analyses
The sensitivity and speciﬁcity of the AHSV RT-qPCR and virus
isolation for detection of AHSV nucleic acid and AHSV, respectively, in whole blood samples were estimated using a 2-test
2-population Bayesian latent class model that allowed for conditional dependence (correlation) among test results, as previously
described (Branscum et al., 2005; Georgiadis et al., 2003). Latent
class methods are accepted as a valid approach by the OIE for
estimation of sensitivity and speciﬁcity (Anon, 2012a). A Bayesian
model does not depend on a reference test (sometimes termed a
“gold standard”), although prior knowledge about the test accuracy can be readily incorporated into the analysis through the use
of informative priors. Because the 2-test 2-population dependence
model requires informative prior information on 2 parameters to
ensure identiﬁability, we used a highly informative beta (9999,1)
prior for the speciﬁcity of VI. This prior allowed for approximately 1 false-positive VI result (possible cross-contamination)
in 10,000 non-infected samples. The second informative prior
(beta (1,100)) was for AHSV infection prevalence in the assumed
AHSV-free population. This constrained prevalence to be low, if
AHSV was present but not detected. Non-informative (beta (1,1)

Fig. 1. Scatter plot with the regression line (solid line) and conﬁdence interval
(dashed line) of a 10-fold (v:v) dilution series of an AHSV-positive horse blood with
a viral load covering the linear range. Each dilution was tested 5 times in a single
run.
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Table 2
Data table for AHS-suspect horses included in the analysis of sensitivity and speciﬁcity of the AHSV RT-qPCR (PCR) and virus isolation (VI) assays for detection of AHSV
in blood samples.
Test results

VI+

VI−

Total

PCR+
PCR−

156
0

184
163

340
163

Total

156

347

503

Table 3
Data table for AHSV-uninfected horses included in the analysis of sensitivity and
speciﬁcity of the AHSV RT-qPCR (PCR) and virus isolation (VI) assays for detection
of AHSV in blood samples.

Fig. 2. Probit analysis of a twofold dilution series of an AHSV-positive horse blood
with a viral load covering the non-linear range. The extraction was repeated 25
times. The 95% limit of detection is indicated with dashed lines.

positive result in 95% of the replicates) was determined by probit
analysis to be at a dilution of 3.02 × 10−6 (Fig. 2), which corresponded to a Cq of 35.71. The mean results and the variations for
each dilution are summarised in Table 1. Both intra- and inter-run
standard deviations (SD) were low with maxima at 1.11 Cq and
1.66 Cq, respectively. The coefﬁcient of variation (CV) ranged from
0% to 4.9%, indicating low variation between different repetitions
and different runs. The CV increased towards and beyond the limit
of detection. The CV reached a minimum at the ﬁnal dilution as
all results were negative. The mean Cq for the XenoRNA EC assay
was 29.28 ± 0.57 over the 25 separate runs of the 15 dilutions of
positive blood. The positive samples on the chequerboard plate
gave mean Cq values of 26.75 ± 0.18. The XenoRNA EC assay gave a
mean Cq of 29.58 ± 0.43. No viral RNA was detected in the negative
samples in each of the two runs, and no cross-contamination was
detected.
3.2. Diagnostic sensitivity and speciﬁcity
The results of the AHSV RT-qPCRs and VI for the AHS-suspect
(clinically suspicious) horses and the healthy horse populations
are summarised in Tables 2 and 3, respectively. The 156 samples that tested positive on AHSV RT-qPCR and VI included all
9 serotypes of AHSV with the number of individual isolates of
each serotype ranging from 4 for serotype 9 to 58 for serotype 8.

Test results

VI+

VI−

Total

PCR+
PCR−

0
0

0
503 (98)

0
503 (98)

Total

0

503 (98)

503 (98)

Numbers in parentheses represent samples received from CVRL, Dubai, UAE.

Estimates of the sensitivity and speciﬁcity of the AHSV RT-qPCR and
VI are summarised in Table 4. The median speciﬁcity of both assays
was >99.3%. The median sensitivity of the AHSV RT-qPCR in the
dependence model was >97.8% whereas the median sensitivity of
VI was approximately 44.2%. When the data were reanalysed using
the conditional independence model and non-informative priors,
speciﬁcity estimates only changed minimally but sensitivity estimates for both RT-qPCR and VI increased by about 2% (Table 4). In
all models, the true median prevalence of AHSV infection was consistently estimated to be >67% (clinically affected population) and
<0.3% (healthy population).
3.3. Throughput and time estimates
A maximum of 88 blood samples could be processed on a single extraction plate. The automated puriﬁcation of nucleic acids of
88 blood samples took approximately 1 h 40 min. The estimated
“hands-on” time was limited to the setting up of the various regent
plates and transferring of samples to the extraction plate and varied
between 30 min and 1 h. The automated nucleic acid extraction procedure took approximately 40 min and thus drastically increased
the capacity and simultaneously reduced the necessary labour time.
The AHSV RT-qPCR assay was completed in <2 h and therefore a
batch of samples could be processed within 4 h of arrival at the
laboratory.

Table 4
Sensitivity and speciﬁcity of the AHSV RT-qPCR (PCR) and virus isolation (VI) assays for detection of AHSV in horse blood samples estimated using 2-test 2-population
Bayesian latent class models.
Model and priors

Test parameter

Median

95% probability interval

1. Dependence model with informative priors on VI speciﬁcity and prevalence in assumed AHSV-free population
0.978
PCR sensitivity
South African horses only
0.999
PCR speciﬁcity
0.442
VI sensitivity
0.9999
VI speciﬁcity

0.708–0.9996
0.993–0.9999
0.325–0.504
0.9996–1.0

2. Dependence model with informative priors on VI speciﬁcity and prevalence in assumed AHSV-free population
0.966
PCR sensitivity
CVRL samples (n = 98) as healthy population
0.993
PCR speciﬁcity
0.437
VI sensitivity
0.9996
VI speciﬁcity

0.710–0.9996
0.963–0.9997
0.322–0.504
0.9996–1.0

3. Independence model with non-informative beta (1,1) priors
South African horses only

PCR sensitivity
PCR speciﬁcity
VI sensitivity
VI speciﬁcity

0.996
0.999
0.458
0.999

0.977–0.9998
0.993–0.9999
0.404–0.511
0.998–1.0
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4. Discussion
The AHSV RT-qPCR assay described is unique amongst published
assays in that it was designed using sequences from a wide variety
of currently circulating ﬁeld strains of AHSV (Quan et al., 2010). It
also incorporates a proprietary synthetic external control to verify proper functioning of the assay components. The linear range,
efﬁciency and limit of detection for this duplex assay were similar to that reported previously when the same primers and probes
were incorporated into a duplex assay that also targeted the S8
gene of AHSV (Quan et al., 2010). Our results are also similar to
those reported for other RT-qPCR’s for AHSV (Agüero et al., 2008;
Fernández-Pinero et al., 2008; Monaco et al., 2011). The intra- and
inter-run repeatability for the AHSV component of the duplex assay
was extremely good and were similar to those reported previously for a similar assay for the detection of Bluetongue virus (BTV)
(Vandemeulebroucke et al., 2010). The XenoRNA EC component of
the assay was also repeatable with CVs of less than 2% in positive
and negative samples. The automated extraction system used in
this study allowed the extraction and denaturing of dsRNA steps
of the protocol to be completed concurrently, which resulted in
a substantial increase in efﬁciency of sample processing as compared to the manual system used previously (Quan et al., 2010).
This approach also reduced the number of steps in the protocol,
thereby reducing opportunities for contamination. The incorporation of a robust automated nucleic acid extraction system into the
assay substantially reduced processing time for each sample, making this assay suitable for high-throughput screening of samples
from large groups of horses prior to movement or export or for
surveillance during an AHS outbreak. The assay is complementary
to new recombinant vaccines expressing outer capsid proteins of
AHSV (VP2 and VP5) (Guthrie et al., 2009). Speciﬁcally, as the assay
is speciﬁc for the AHSV S7 gene that encodes VP7, it can differentiate infected from vaccinated animals (DIVA), something that is
not possible with the currently used live-attenuated (modiﬁed live)
vaccines. The assay is also highly speciﬁc, detecting only AHSV and
no other orbiviruses (Quan et al., 2010).
The diagnostic sensitivity and speciﬁcity of the AHSV RT-qPCR
when it was applied to blood samples from AHS-suspect horses
were close to perfect. In contrast, the sensitivity of virus isolation was estimated to be approximately 44%. The results of this
study conﬁrm, therefore, that the sensitivity of the AHSV RTqPCR described is substantially greater than that of VI, which
is considered currently to be the reference test for detection of
AHSV. The severe nature of AHS and the implications of a falsenegative result necessitate the use of a diagnostic regulatory assay
with high accuracy. Similar results have been reported for BTV, a
virus closely related to AHSV, when RT-qPCR has been compared
to VI (Vandemeulebroucke et al., 2010). It previously has been
shown with BTV infection of ruminants that viral nucleic acid persists considerably longer in circulation than does infectious virus
(MacLachlan et al., 1994, 2009), as also appears to be the case with
AHSV in horses (Quan et al., 2010).
The latent class analysis approach was superior to speciﬁcation
of virus isolation as the reference test because the latter only allows
calculation of relative sensitivity and speciﬁcity and the conclusion using that approach would have been that AHSV RT-qPCR was
less speciﬁc than VI even though close to perfectly sensitive. Conclusions about the superiority of the sensitivity of AHSV RT-qPCR
compared to VI were robust to choice of model type (dependence
versus independence) and use of a smaller comparison population
of AHSV-free horses from Dubai.
In summary, a high-throughput, analytically and diagnostically
sensitive and speciﬁc RT-qPCR assay for the detection of AHSV is
described. This assay is potentially highly useful and appropriate
for demonstrating freedom or infection of horses with AHSV, thus

it is appropriate that its reproducibility be evaluated in other laboratories as a global standard for detection of AHSV.
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