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ABSTRACT:
Live-cell fluorescence light microscopy has emerged as an important tool in the study of cellular biology. The development of
fluorescent markers in parallel with super-resolution imaging systems has pushed light microscopy into the realm of molecular
visualization at the nanometer scale. Resolutions previously only attained with electron microscopes are now within the grasp of
light microscopes. However, until recently, live-cell imaging approaches have eluded super-resolution microscopy, hampering it
from reaching its full potential for revealing the dynamic interactions in biology occurring at the single molecule level. Here we
examine recent advances in the super-resolution imaging of living cells by reviewing recent breakthroughs in single molecule
localization microscopy methods such as PALM and STORM to achieve this important goal.
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INTRODUCTION
Modern cell biology depends extensively on fluorescence light microscopy to provide key insights into cellular structure and
molecular behavior. Inherent advantages, such as its non-invasive nature and the ability to use highly specific labeling tools,
have made fluorescence light microscopy the preferred strategy for imaging fixed and living cells. The maximum optical
resolution of this method is typically restricted to 200-nm laterally and 500-nm axially. This limitation constrains its
ability to provide high-resolution structural information on molecules that are central to the dogma of biology, namely DNA,
RNA, and protein, which exist as single molecules at scales of few nanometers. The physics-based resolution limit of light
microscopes imposed by their optical architecture and the wave nature of light was mathematically described in the 19th
century by Abbe.1
Electron microscopy (EM) has been able to surpass the resolution limit of optical microscopy and for several years was the
routine approach to resolve cellular architecture at the ultra-structural or atomic level. However, EM lacks the basic
advantages of fluorescence microscopy such as highly specific multi-color labeling, and live-cell imaging, both of which
remain altogether impossible with EM.
In response to this dilemma, recent developments in microscopy have aimed to create techniques able to retain the
advantages of fluorescence microscopy while approaching the resolving power of EM. Indeed recent advances in singlemolecule localization microscopy (SMLM) have shown resolution below the nanometer.2 Variants such as photo-activated
localization microscopy (PALM),3 fluorescence PALM (FPALM),4 stochastic optical reconstruction microscopy (STORM),5
direct STORM (dSTORM),6 and PALM with independent running acquisition (PALMIRA)7–9 have emerged at the forefront of the
new ‘‘super-resolution’’ methods retaining the labeling advantages of fluorescence imaging. However, these approaches are
also hampered by their inability to be robustly used for live-cell imaging.
Ideally to achieve ‘‘EM-like’’ resolution while preserving the inherent advantages of live-cell fluorescence microscopy, the
imaging needs to be carried out with minimal perturbation of the sample while acquiring multi-wavelength 2D or 3D data
rapidly enough to correctly reconstruct a time-lapse movie of the cell behavior, with nanoscopic resolution.10 Achieving this
remains elusive in live-cell SMLM and is currently a major focus in the field necessitating innovations in imaging, microscopy,
and sample preparation (termed ‘‘the hardware’’) and in computational techniques (termed ‘‘the software’’) that permit its
routine implementation. For the remainder of this review we will discuss a number of novel strategies to address these
goals.
Achieving Single-Molecule Localization
In optical microscopy, any point source of light smaller than the diffraction limit appears with a fixed size and shape represented by an airy disk pattern or otherwise known as the point-spread function (PSF). This spatial broadening effect is
dependent on the emission wavelength of the fluorophore and optical characteristics of the imaging apparatus such as the
numerical aperture of the objective used. Classically the resolution limit is then calculated by applying Rayleigh’s criterion—
where the resolution is equal to the minimum distance between observed points that can still be resolved as discrete objects.
Since individual elements of molecular assemblies such as DNA, RNA, and proteins exist at scales beyond this limit they
cannot be easily distinguished or precisely localized as individual molecules. Thus an important element in achieving single
molecule localization is the ‘‘hardware’’ challenge.
SMLM represents a suite of approaches able to achieve single molecule detection and localization in fluorescence
microscopy. Extremely high nanoscopy resolutions can be achieved either at the sub-nanometer level for few molecules2 or,
more commonly, in the range of tens of nanometers for structural reconstructions involving thousands to millions of
fluorescently-labeled objects. Such resolutions are typical of the techniques PALM, FPALM, STORM, dSTORM, and
PALMIRA.
Vital to these approaches is the knowledge that the center of the detected emission light from the fluorophores can be
localized analytically and computationally with sub-pixel accuracies beyond the classical resolution limit of optical
microscopes.11,12 To make this possible, three important criteria must be satisfied: (a) the number of photons detected for each
fluorophore needs to be high enough so as to clearly distinguish individual PSFs from the surrounding background; (b)
fluorophore mobility needs to be slow enough, as compared to the image acquisition time, so as to present well-defined PSFs
without considerable blur effects from motion; (c) particle PSFs cannot overlap extensively or they will lead to an increase in
the complexity of analytical segmentation and localization of neighboring fluorophores.
Meeting these criteria in live-cell imaging has proven to be a difficult challenge. Several factors can negatively influence
the ability to satisfy the above criteria. These include motion of cellular and sub-cellular components and light-induced
damage caused by laser illumination. The toxicity of aqueous solutions needed to manage the photo-dynamic behavior of
fluorophores further hinders live-cell imaging. Finally variable levels of density and detection of the objects due to biological
stochasticity complicate the localization of individual molecules. Thus the ‘‘hardware’’ challenges for live-cell SMLM span from
the optical setup and architecture of the microscope to the sample preparation and buffer conditions under which image

acquisition is achieved.
Super-Resolving Large Populations of Fluorophores
PALM, FPALM, STORM, and dSTORM present a solution for some of these dilemmas by combining the sequential acquisition of images with the stochastic switching-on and -off of fluorophores. By regulating the number of active fluorophores
in each time-instance through a light-induced environment it is possible to minimize the probability that in any given image
two or more particles spatially overlap, thus satisfying condition (c). A super-resolution dataset can then be reconstructed by
plotting the accumulation of the localized particles from a sequence of images. The final resolution of the reconstruction
depends only on the localization precision for each fluorophore, which in turn depends upon the particle’s observable signalto-noise ratio. Effectively, several hundred to thousands of images can be collected until enough detected molecules are
accumulated to accurately generate a super-resolution dataset where cellular ultra-structure can be highly resolved. The speed
of raw-data acquisition is thus dependent on the rate at which sufficient particles can be detected with enough photons to be
precisely localized (see Figure 1).
The concept of image and time-point becomes complex when dealing with these methods. Generally a single acquired image
does not fully illustrate a time-point as it contains too few detected molecules to resolve a biological structure, such as a
cytoskeletal framework, for example. As a solution, multiple images may need to be gathered (typically hundreds) in a
sufficiently short time, to represent the state of a structure for the duration of the time-point acquisition while preventing
unwanted cell motion artifacts. In these methods, fluorophore mobility has to be slow enough in order to retain the ability to
detect and localize moving objects so as not to violate aforementioned condition (b). As a result, published live-cell SMLM
experiments to date have only been able to study complexes that are slow in nature. Hess et al. used FPALM to study slow
moving membrane proteins in fibroblasts at 40-nm resolution,13 while Shroff et al. used PALM to study adhesion-complex
dynamics using 25–60 s per frame, at 60-nm resolution.14

Switching on the Lights
A cornerstone of SMLM is its use and control of the photo-activatable, photo-convertible, or photo-switchable (termed
photo-modulatable in this article) properties of certain organic fluorophores/dyes and fluorescent proteins. This feature is so
crucial to the functioning of the approach that it has become the principal reason behind the large suite of techniques
surrounding SMLM such as PALM, FPALM, STORM, dSTORM, and PALMIRA. These techniques all share the same
principle of stochastically switching-on fluorescent molecules to minimize their visual overlap in a sequence of images thus
permitting the precise localization of individual molecules. The imaging hardware and analysis algorithms vary only slightly for
each approach and are fairly simple to establish15 (see Figure 2). Where the methods diverge is in the various classes of
fluorophores used and the underlying protocol to either induce or control their photo-modulatable properties.
While PALM and FPALM have chosen genetically encoded fluorophores as their label of choice, STORM on the other hand,
exploits the photo-switching properties of fluorescent dyes (such as Cy5 or Alexa647) when in close proximity to a secondary
fluorescent dye label (such as Cy3) that functions as a fluorescence re-activator after bleaching. dSTORM16 has further simplified
the sample labeling (making it similar to that of classical immuno-fluorescence) by showing that similar photo-switching
properties can be induced in several fluorescent dyes without the necessity of a secondary reactivator fluorescent dye label. This
is accomplished by using a compatible high-intensity laser that sufficiently stimulates bleached fluorophores to return to a
fluorescent state.
Both PALM, FPALM, STORM, and dSTORM experiments are typically divided into three distinct steps (see Figure 1).
PALMIRA demonstrated that both the activation and readout steps can be taken simultaneously while independently
acquiring a sequence of images.8 Given the correct illumination conditions of both the activation and excitation light-sources,
it is possible to obtain a time-lapse dataset, in which only a few fluorophores in a fluorescent on-state are captured per raw frame
before they are immediately pushed into a non-detectable off-state. This procedure permits the acceleration of the acquisition
by merging the two previously distinct activation and readout steps, and removes the need for the pulsing of the activation
laser, which is incompatible with most acquisition software available.
Live cell SMLM is thus far almost only compatible with PALM or its sister techniques, which use genetically-encoded
fluorophores. STORM and dSTORM use synthetic fluorescent dyes and special buffers able to maintain photo-switching.
These buffers are, in general, highly toxic to cells. Later in this review we will examine emerging approaches that seek to
overcome these limitations.
Switching on the Lights: Genetically Encoded Fluorophores
Perhaps the greatest advantage of genetically-encoded fluorescent proteins is the capacity to specifically label molecules in a
non-invasive and live-cell compatible manner when compared to other methods such as immuno-fluorescence staining.

Furthermore, cell-friendly mediums can be applied as opposed to the photo-switching buffers commonly used in STORM
and dSTORM.
Interestingly, it has been known for many years that GFP itself switches between a fluorescent state and a dark state in
response to light.17 However, it was the engineering of proteins to change their spectral properties upon illumination with light
of specific wavelengths that allowed for the possibility of SMLM to become a widely used tool in cell biology. There are now
numerous examples of these proteins, each with slightly different photo-physical characteristics. Photo-activatable proteins,
such as PA-GFP, undergo a single transition from a non-fluorescent to a fluorescent state upon light-induced activation;
reversible photo-switchable fluorophores are capable of multiple cycles of activation from a dark to a fluorescent state and
return to a dark state, as in the case of Dronpa; photo-shiftable proteins, exemplified by mEos2, can be stimulated to convert
between two spectrally distinct fluorescent forms (colors) by activating irradiation. These switching processes are
manipulated by careful control of the imaging environment in tandem to the activation and excitation light intensities. This
procedure permits for small subsets of fluorophores to be activated and rapidly bleach while captured in a sequence of
images.
Most of the published literature on live-cell SMLM has utilized genetically-encoded fluorophores. Yet care needs to be
taken when approaching these methods. Most photo-modulatable fluorophores require activation by near-UV light, which is
toxic to the majority of cells. The Dendra2 fluorophore is a minor exception, since it can be activated at wavelengths close
to a 488 nm wavelength (reviewed in Ref. 18). In most experiments it is also desirable that fluoro-phores immediately bleach
following activation in order to eliminate their presence from multiple acquired images where they would augment the
probability of particle spatial-overlap. A strong excitation light is then applied to bleach the fluorophores but the penalty is
increased photo-toxicity.
For live-cell imaging in SMLM the ‘‘hardware’’ challenge can be partially overcome by using lower excitation intensities.
This can be used to analyze the motility of the activated portion of fluorophores over a small sequence of images until the
population is bleached, a process that can be repeated several times. If the fluorophores are confined to a specific cellular
structure or location and motility is sufficiently slow so as not to cause blur artifacts (which degrade particle localization), then
it becomes possible to reconstruct the domains where the fluorophores have been captured. This process uses each
fluorophore multiple times to landmark their enclosing territory and causes less cell damage due to the reduction in the
illumination intensity. Similarly, this strategy can also be used to study and map single-molecule motion as demonstrated by
the single particle tracking PALM (sptPALM) technique that combines single-particle tracking with PALM microscopy19 (see
Figure 1).
The emergence of proteins with different emission spectra, such as rsCherry, a monomeric red photo-swichable fluorescent
protein,20 has made multi-color time-lapse SMLM imaging possible. Further, the development of new fluorescent proteins
coupling photo-activatable and photo-shiftable properties, such as mIrisFP, introduces the possibility of using a pulsechase approach in conjunction with super-resolution imaging for single particle tracking in dynamic processes, such as
monomer turnover in macromolecules.21
Switching on the Lights: Synthetic Fluorophores
The two most important photophysical factors determining the spatial resolution are the brightness of the molecules in the
fluorescent state used for localization, and the ratio between this state and the brightness of the molecules in the
inactivated state. The former determines the number of photons that can be detected, which in turn determines the
localization precision. The latter factor—the contrast ratio— contribute to the background, which again directly affects the
localization precision. It should also be noted that the contrast ratio affects the resolution in a slightly more subtle way: low
contrast ratios limit the ability of the system to localize molecules at high molecular densities, which is crucial for achieving
high Nyquist-limited resolution.14 Consequently, it is important to choose fluorescent labels that have both high brightness and
high contrast ratios. Many of the most commonly used photo-modulatable fluorescent proteins have high contrast ratios but
with a smaller photon output than many small-molecule fluorescent dyes (6000 photons per Cy5 molecule have been detected
versus 490 photons per mEos molecule).18 Therefore, small-molecule dyes may be attractive candidates as probes for livecell SMLM. Yet, the impossibility of genetically encoding such labels leaves researchers with the difficult task of devising
appropriate strategies for specific and sensitive targeting of fluorophores to biological molecules of interest, in a living cell.
Cell membrane impermeability to many dyes and dye-conjugates, not least of all conventionally-labeled antibodies, stands as
the greatest barrier to labeling intracellular targets under live-cell conditions, where the membrane should stay intact.
Currently available strategies fit into two broad categories—those that target fluorophores to peptide sequences or proteins
fused to the target protein, and those that use enzymes to label the target sequence with the fluorescent tag (see Table I).
The small labeling systems used by peptide-targeting labeling strategies, such as TetraCys,22 HexaHis,24 and PolyAsp,23 cause
minimal protein or cell perturbation. Thus far, however, only the TetraCys system has been successfully used in live-cell or intracellular labeling.24 Protein-directed labeling, such as SNAP/CLIP tags,26 Halo Tags,27 and Dihydrofolate reductase (DHFR)
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by their dependence on the specific fluorophore’s inherent single-state return rate for establishment of an appropriate rate of
blinking, while oxygen depletion and toxic reducing agents make this setup incompatible with most live-cell experiments.
By approaching the photobleaching and triplet state recovery processes as a redox system, the Sauer and Tinnefeld groups
have determined a simple, live-cell adaptable imaging setup to allow the fine-tuning of the rate of singlet-state return relative
to triplet state formation. In this system, the reactive triplet state is rapidly depleted, either by oxidation to a radical cation, or
by reduction to a radical anion. These ions can be recovered by the addition of a reducing or oxidizing agent, respectively,
returning the fluorophore to the singlet state. Thus a buffering system with both reducing and oxidizing agents (termed ROXS)
recovers reactive triplet state intermediates, repopulating the ground state and avoiding photobleaching.45 By adjusting the
relative ROXS buffer concentrations as required, the rate of photoswitching can be directly controlled to ensure sufficient
fluorophores are in a dark state at each time point and that fluorescent lifetimes are sufficient to yield photons for accurate
localization.16,45
The toxicity of ROXS reagents has had to be addressed in order to adapt the system for live-cell imaging (see Table II).
Typically, thiol-reagents such as β-mercaptoethanol or β-mercaptoethylamine have been used as reducing agents in SMLM
buffers.16,41,44 Recently, glutathione and ascorbic acid have proven to be appropriate live-cell compatible alternatives to these
reducing agents.16,44,45 Despite its toxicity methylvialogen remains the primary oxidizing agent used.45,48 By taking advantage
of the oxidizing potential of oxygen itself, and using the molecular oxygen present in the cellular environment to fulfill the role
of the oxidant in ROXS16,48 the challenge of oxidant toxicity, as well as the need for oxygen-depletion in SMLM, has been
neatly sidestepped. Although the presence of oxygen slightly restricts the experimentor’s capacity to modulate the dyes’
photophysics, this nevertheless greatly simplifies the application of ROXS for use in live-cell SMLM.
Essentially any desired fluorophore labeled with suitable photo-physical properties can be used in a biologically compatible
ROXS imaging buffer, without the need for oxygen depletion. The ATTO dyes, such as ATTO520, ATTO565, ATTO655,
ATTO680, and ATTO700, have proven particularly well suited for use in ‘‘blink microscopy’’ with ROXS.16,48 Investigations
are extending into the suitability of more water-soluble dyes, such as perylene dicarboximide fluorphores,49 specifically for use in
live-cell imaging.
ROXS provides a dye and buffer system that gives us prime choice of multi-color dyes to use in live-cell SMLM with
minimal perturbation to the cell.
Breaking Through the Technological Limits
SMLM of a large population of fluorophores typically demands that hundreds to thousands of diffraction-limited images
be acquired and processed in order to reconstruct a super-resolution dataset, the central ‘‘software’’ challenge. What is the
relationship between localization precision and resolution? It is clear that the resolution of an SMLM image cannot be higher than
the precision to which the molecules are localized. However, the Nyquist theorem, as applied here, requires that a structuraldynamics be sampled at twice the finest spatio-temporal resolution one βwants to detect. This is especially relevant in live-cell
SMLM. In this case, a series of raw data frames are taken and subsequently parsed into SMLM time-points. For instance, if
1000 raw data frames are taken, one might parse these into 10 time-points of 100 raw data-frames or 100 time-points of 10 raw
data frames. While the precision at which the molecules are localized does not change in either of these examples, the sparseness
of detected particles will be far greater in the latter case than in the former case, and the underlying sample structure may be
unrecognizable. Consequently, there is a fundamental trade-off between spatial and temporal resolution.
Additionally in order to obtain a reliable super-resolution reconstruction, algorithms have to analytically detect and localize each
individual sub-diffraction particle present in each acquired frame. This is generally a major setback because visualization of the sample
in parallel to the acquisition is crucial for making decisions on how to best adjust imaging conditions. Raw unprocessed images can be
partially used to observe the sample but these are corrupted by the technique itself—each raw-image is generally composed of few
emitting molecules not permitting a complete understanding of underlying cellular structures.
Recently several algorithms have been published allowing for processing speeds concurrent with the acquisition itself.15,50–53
QuickPALM,15 an ImageJ-based algorithm, in conjunction with lManager,54 an open-source software for hardware control is able to
both acquire and process 3D and 4D SMLM providing the super-resolution reconstruction in real-time as images are
streamed from the camera (see Figure 2). This feature allows for data-driven algorithmic decisions on how to optimally adapt the
acquisition and provides the user a reconstructed view of the sample being acquired.
A dominant challenge in SMLM is minimizing light-induced cell damage55,56 as super-resolution techniques tend to
dramatically increase the photo-damage caused to the cell by either increasing or prolonging the amount of light needed for
imaging when compared to classical fluorescence microscopy. Conventionally in fluorescence imaging the entire field of view
is illuminated uniformly, both light-excitation and acquisition time are adjusted so as to obtain a high enough signal-to-noise
ratio (SNR) to resolve cellular structures of interest. Yet, fluorophore concentrations within cells vary, leaving researchers with
the decision of how to best set the illumination characteristics at the cost of either under-exposing or over-exposing subregions of the image.

Controlled light-exposure microscopy (CLEM) introduces the concept of applying a non-uniform illumination to the
imaging area in laser scanning systems where on a pixel-by-pixel basis the light-exposure is interrupted if a sufficient SNR has
been achieved.55 As a combination of ‘‘hardware’’ and ‘‘software’’ approaches, this method improves image-quality and severely
reduces photo-toxicity.55 Problematically, SMLM uses cameras that only permit the parallel acquisition of all the pixels composing an
image theoretically preventing the implementation of CLEM. Non-uniform illumination in time has been previously applied to
SMLM in the work of Betzig et al.3 where the sample activation is incrementally increased over time to compensate for
fluorophore depletion. This concept can be further adapted by modulating the illumination both in the spatial and temporal
domain with the help of a spatial-light-modulator (SLM). In SMLM two light beams are used: a low-intensity activation beam to
induce fluorophores into an on-state and a high-intensity readout beam to excite and bleach the fluorophore. By definition, the
images acquired in SMLM have a sparse concentration of fluorophores. This means that most of the area subjected to
illumination is not occupied by active fluorophores. By concentrating the readout illumination to the areas where only actively
emitting fluoro-phores are present, a drastic reduction in the amount of light used for imaging is achieved therefore minimizing cell
damage. A major focus of the QuickPALM16 development team is to bring this feature forward by combining the power of realtime processing with the capacity for both SLM and acquisition hardware control brought by µManager.54
The authors thank members of the Mhlanga and Zimmer Lab for comments. They especially thank C. von Middendorff, C. Zimmer, and T.
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