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Abstract 

 

Introduction 

South Africa is ranked the third most obese country after the United States of America and 

Great Britain. According to a study conducted by the South African Medical Research Council, 

61% of the South African population is overweight, obese, or severely obese. Research into 

obesity and its contributing factors has increased as the problem continues to increase on a 

global scale. Adipose-derived stromal/stem cells (ASCs), formerly known as mesenchymal 

stem cells (MSCs), are obtained from adipose tissue and have self-renewal properties and 

multipotential capabilities. A subpopulation of these cells with stem cell characteristics has 

the potential to differentiate down the adipogenic lineage. This provides a human primary 

cell model to study the mechanisms of adipogenesis including hyperplasia (cell number 

proliferation and/or differentiation) and hypertrophy (cell size increase due to lipid droplet 

accumulation). The stromal/stem cells are said to reside in hypoxic niches where the 

physiological O2 tension is lower than ambient O2 tension (21% O2) and thus oxidative stress 

may be reduced. Obesity is correlated with increased oxidative stress and chronic 

inflammation. Inflammation is associated with the generation of ROS and the accumulation 

of ROS leads to oxidative stress. ROS is also important in signal transduction pathways. 

Adipogenesis is triggered by signaling molecules leading to the conversion of a 

subpopulation of ASCs to preadipocytes, which further differentiate into mature adipocytes. 

Differentiation down specific lineages coincides with the migration of these stromal/stem 

cells out of the hypoxic niche. This motivated the assessment of the effect of oxidative stress 

and a hypoxic mimetic, Dimethyloxalylglycine (DMOG) on adipogenesis in vitro. 

Methods 

ASCs were induced to differentiate into adipocytes using adipogenic-inducing medium. The 

use of the pro-oxidant, H2O2, and the antioxidants, Trolox and CoQ10 allowed for the 

modulation of ROS in the ASC cultures. Hypoxia was mimicked by the addition of DMOG to 

ASCs that were induced to differentiate into adipocytes. The adipogenic differentiation was 

quantitatively detected using flow cytometry and the emission profiles of Nile Red. 

Results 

It was demonstrated that ROS added exogenously to adipogenic-induced ASCs enhanced 

adipogenesis. It was also observed that H2O2 added to non-induced ASCs caused lipid 

accumulation. Trolox and CoQ10 attenuated the increase in ROS and thus a decrease in 

adipogenesis was seen. Removal of pyruvate, a ROS scavenger, was necessary to see these 
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effects. The addition of DMOG resulted in a trend towards the reduction in adipogenesis over 

the 14 and 21-day induction periods. 

Conclusion 

ASCs provide a primary cell model for investigating adipogenesis and the effects of oxidative 

stress and hypoxia on this process. This is relevant for many diseases and therapeutic 

options. The study also showed that flow cytometry is a powerful technique that can aid in 

the quantitative detection of adipogenesis and the cell sub-populations that make up this 

process. This research underscores the importance of assessing the effects of both oxidative 

stress and hypoxia on adipogenesis at a gene and protein level in the future.  
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Adipose derived-stromal cells (ASCs); Reactive oxygen species (ROS); Hydrogen peroxide 

(H2O2); Coenzyme Q10 (CoQ10); Trolox; Artificial hypoxia; Dimethyloxalylglycine (DMOG); 

Adipogenic differentiation; Flow cytometry; Nile red 
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Chapter 1 

 

Literature review 

 

An introduction to stem cells 

Stem cells have gained attention because of the potential benefits to human health. These 

cells can become different cell types and this is exciting because developmental processes, 

disease models, and drug discovery can be studied. There are also great expectations posed 

by the prospects of using these cells for therapeutic purposes. The reason stem cells have 

become so popular is their potential in the regeneration of tissues. The idea that stem cells 

could be manipulated to specialize (differentiate) into other cell types that are needed and 

are immunologically matched to a patient is a great source of hope for treating a wide range 

of diseases. The term “stem cell” elicits debate of an ethical nature. There has even been 

fraudulent research published due to the popular and competitive nature of this field (1-3). 

The South Korean and more recent Japanese debacle renewed the public’s ethical concerns 

about stem cell research. However, most of this stem cell sensationalism surrounds 

embryonic stem cell (ESC) research. Stem cells have been identified from a myriad of 

regions within the body and are not just produced from preimplantation-stage embryos (the 

commonly associated ESCs).  

 

Stem cells are difficult to describe morphologically and phenotypically. However, a few stem 

cell definitions have emerged. Stem cells are defined by an ability to extensively self-renew, 

and the capacity to undergo multi-lineage differentiation and generate terminally 

differentiated cells (4, 5). A third definition of stem cells is their capability of repopulating a 

tissue in vivo (6). The ability to self-renew and expand cell numbers is a process known as 

symmetrical cell division. Another division process, asymmetric cell division, generates one 

daughter cell and another daughter cell that undergoes differentiation. As the basic definition 

of a stem cell suggests, stem cells can undergo both types of cell division (7). Differences 

are found between stem cells, which can be ascribed to their tissue of origin, their bias in 

differentiation potential, and their gene expression patterns. Despite the existence of said 

differences there must be an overlap in the properties of different stem cells, which has led 

to the concept of “stemness”. Stemness, now a key term in stem cell biology, describes the 
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ability of the stem cells to self-renew but still retain the capability to differentiate. A number 

of studies attempting to identify common stem cell markers and define stemness more 

stringently were unsuccessful, resulting in the finding of only the expression of one common 

gene, integrin alpha-6 (ITGA6 or CD49f) (8-10).  

 

There are two main categories of stem cells, pluripotent stem cells and adult or somatic 

stem cells. A zygote can also be considered a type of stem cell, totipotent in nature, which 

has the ability to create all the cells of the human body and the extraembryonic tissues. 

Pluripotency pertains to the ability to produce any somatic cell lineage of the body. 

Pluripotent stem cells include ESCs, induced pluripotent stem (iPS) cells, and nuclear transfer 

(NT)-ESCs. Embryonic stem cells are cultured from a group of cells termed the epiblast 

contained within the inner cell mass of the blastocyst of a preimplantation-stage embryo 

(11). The epiblast gives rise to the three germ layers. Embryonic stem cells are capable of 

differentiating into the cells of the three germ layers, the ectoderm, mesoderm, and 

endoderm. Induced pluripotent stem cells are differentiated somatic cells that have been 

genetically reprogrammed to an embryonic-like state. The 2012 Nobel Laureate, Shinya 

Yamanaka, illustrated the successful derivation of iPS cells from embryonic and adult mouse 

fibroblasts through the ectopic co-expression of four genes, which produce the transcription 

factors octamer-binding transcription factor 4 (OCT4), SRY (sex determining region Y)-box 

(SOX2), Kruppel-like factor 4 (KLF4) and cellular-myelocytomatosis (c-MYC) (12). 

 

Induced pluripotent stem cells are similar to ESCs in morphology and their ability to form 

teratomas, which are tumours that can contain cells of all three germ layers (12). Yet, iPS 

cells cannot be considered the same as embryonic stem cells as there are numerous 

epigenetic differences. An example of the epigenetic differences was demonstrated by Bar-

Nur and colleagues (13). The researchers reprogrammed human pancreatic islet beta cells. 

These cells acquired pluripotency markers and differentiated into the three germ layers but 

interestingly maintained an open chromatin structure at important beta-cell genes. It is 

thought that somatic DNA that is reprogramed to an embryonic-like state maintains a unique 

DNA methylation signature characteristic of the somatic tissue of origin. This favours the 

differentiation of a cell along the lineages related to the donor cell (14). Forced expression of 

the gene, Nanog, resulted in iPS cells with similar DNA methylation patterns to ESCs (15). 

Conditions that contribute to the formation of stem cells more primal in nature, that have the 
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plasticity to differentiate into any somatic cell lineage, constitute one of the main goals in 

stem cell research. 

 

Nuclear transfer (NT)-ESCs are an area of recent endeavor (16). Infamously associated with 

the fabricated results of Woo Suk Hwang in the years 2004 and 2005, this research involves 

transferring a somatic cell nucleus into an enucleated oocyte. What follows is the 

reprograming of the somatic DNA to an embryonic-like state and the oocyte divides until the 

blastocyst stage is reached. The cells from the inner cell mass are isolated and cultured 

resulting in the generation of NT-ESCs. The afore-mentioned stem cells are all pluripotent in 

nature but there are a few pitfalls. They produce teratomas, which is a defining 

characteristic of ESCs but is detrimental in terms of their transplantation potential (17). 

These stem cells are technically difficult to isolate or generate and culture. Embryonic stem 

cells and NT-ESCs are shrouded in ethical controversy due to the belief by some that this 

constitutes the destruction of potential life, which is overcome with the use of iPS cells. 

These concerns do not apply to adult stem cells, thus, encouraging research in this area (18, 

19). 

 

Adult stem cells are present in multiple tissues and are generally considered as either 

multipotent stem cells or unipotent stem cells. Unipotent stem cells are in all probability 

better known as progenitor cells, however this is not well defined. Numerous adult stem cells 

have been identified, such as neural stem cells (NSCs) of ectodermal origin (20-22), 

pancreatic islet stem cells of endodermal origin (23) as well as hematopoietic stem cells 

(HSCs) (24, 25) and mesenchymal stem cells (MSCs), both of mesodermal origin (26). These 

stem cells are all classified as multipotent stem cells and are considered to be more limited in 

their differentiation potential than pluripotent stem cells. Multipotent stem cells are classified 

as antecedents of specialized cells in particular tissues and are supposedly limited to 

generating cells of the specific germ layer of their origin. Adult stem cells such as 

spermatogonial, corneal and endothelial stem cells have been identified as unipotent stem 

cells because they only differentiate along one cell lineage to produce one cell type (27). A 

schematic depicting the above-mentioned ESCs, iPS cells, NT-ESCs and adult stem cells is 

presented in Figure 1.1. Adult stem cells, particularly MSCs, have come to center stage in 

light of the fact that they can undergo a rather unorthodox differentiation or 

transdifferentiation into cells that are not of the same lineage. This discovered plasticity has 

generated much excitement over possible uses in treating multiple pathological conditions 
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such as Parkinson’s disease and cardiovascular disease, for rejuvenation of tissues that the 

body cannot repair naturally such as in age-related osteoporosis, and even possibly for use 

in anti-aging (28-30). 

 

 

Figure 1.1. Pluripotent and adult stem cells. Schematic diagram depicting human embryonic 

stem cells (ESCs), induced pluripotent stem (iPS) cells, nuclear transfer (NT)-ESCs, and adult stem 

cells. 

 

Defining stromal cells; their procurement and characterization 

Mesenchymal stromal cells (31) are a population of heterogeneous multipotential cells. 

Caplan coined the term “mesenchymal stem cell”. The choice between the terms 

“mesenchymal stem cell” and “mesenchymal stromal cell” is an important one. Use of the 

term “stromal cell” instead of “stem cell” is more appropriate. It is now consensus that only a 

minor proportion of the heterogeneous population constitutes true stem cells. The 

International Society for Cytotherapy (ISCT) suggested the following name: multipotent 

mesenchymal stromal cells (31, 32). Literature originally stated that these adult stromal cells 

were commonly found in several adult and neonatal tissues. These sources included bone 
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marrow, Wharton’s jelly of the umbilical cord as well as the umbilical cord blood and adipose 

tissue. Adherent cells isolated from adipose tissue are an important source of MSCs (33). 

The adult stromal cells isolated from adipose tissue were originally termed processed 

lipoaspirate (PLA) cells and are still widely known as adipose-derived MSCs (AdMSCs) (34). 

In February of 2013 a joint statement of the ISCT and the International Federation for 

Adipose Therapeutics and Science (IFATS) was released. It was proposed that adherent cell 

populations isolated from adipose tissue should from now on be termed adipose-derived 

stromal cells (ASCs) and not considered AdMSCs or PLA cells (35). The ISCT defines MSCs as 

being isolated from bone marrow.  

 

A large proportion of adult stromal cell research has concentrated on bone marrow-derived 

MSCs. However, it was found that there was a strong resemblance between cultured stromal 

cells isolated from bone marrow and those isolated from adipose tissue. This is in terms of 

their differentiation capacity, growth kinetics, gene expression profiles, and surface markers 

(36). Human MSCs derived from bone marrow and human ASCs derived from adipose tissue 

thus far appear to be safe to use in patients and circumvent the ethical issues associated 

with ESCs. De Ugarte and colleagues as well as Kern and colleagues mentioned that cell 

yields are not significantly different when comparing the two different adult stem cells (36, 

37). Fraser and colleagues, however, suggested that adipose tissue yields a larger number of 

stem cells, around 500-fold more, than bone marrow (38). Adipose-derived stromal cells 

have shown similar morphology (37) and immunosuppressive capabilities to those of MSCs 

(39) and both MSCs and ASCs display common expression profiles for many cell-surface 

markers with some exceptions (40). However, both bone marrow aspiration and adipose 

tissue liposuction are invasive and painful procedures. 

 

Adipose tissue specifically, is becoming plentiful due the increased incidence of obesity, and 

liposuction procedures being the most popular cosmetic surgical procedure in the United 

States according to The American Society for Aesthetic Plastic Surgery (2014). This is 

apparently the trend that exists in South Africa as well; however, no official statistics have 

been released. Adipose tissue is derived from the mesenchyme and is composed mainly of 

mature adipocytes that contain lipid droplets and a supportive stroma. This stromal vascular 

fraction (SVF) contains an abundant heterogenous cell population. This heterogenous 

population consists of, amongst others, a minor proliferative, multipotential stem cell 

population (33, 41, 42). Similarly to ASCs, MSCs are isolated from the stroma within the 
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mononucleated fraction of the bone marrow, which is also derived from the mesenchyme. A 

number of scientists have reported that the existence of ASCs within adipose tissue is 

supported by the rare genetic disorder known as progressive osseous heteroplasia. This 

disorder presents with heterotopic bone and cartilage formation, found within lesions, in 

subcutaneous adipose and dermis layers of the skin (43). Spalding and colleagues showed 

that there was a high fat cell turnover in adults, which would require the presence of 

adipocyte precursor cells such a ASCs (44). This provides evidence that adipose tissue 

contains cells that have the potential to differentiate into multiple cell types, a main 

characterizing factor of multipotential stem cells. 

 

There are many ways of harvesting adipose tissue, from using different cannulas to using 

dry (45), wet, or ultrasound-assisted techniques. Excising abdominoplasty tissue is another 

option (46). The size of the adipose tissue fragments obtained depends on the diameter of 

the cannula. Tumescent liposuction, a wet-assisted technique, involves infusing the 

subcutaneous tissues with a saline solution containing anaesthetic and/or epinephrine and 

removing both the liquid and adipose tissue under suction. Conventional high-pressure 

liposuction, which is suction-assisted, causes most of the adipocytes to rupture upon removal 

(47). A gentler lipoaspiration method known as the Coleman technique, is a popular method 

used for the isolation of ASCs. Sydney Coleman developed the technique for obtaining fat 

grafts. Pu and colleagues compared the two methods of isolation and found that the 

Coleman method yielded a greater number of viable adipocytes (48). Although they were not 

looking at ASC viability, it is likely that if the adipocytes were viable, the ASCs would also 

remain viable. Ultrasound-assisted liposuction is the least favourable adipose tissue 

harvesting procedure, as the number of ASCs recovered is reduced (49). The standard 

protocol for ASC isolation involves collagenase digestion of isolated white adipose tissue 

(WAT). The common deposits of WAT are located around the abdomen, buttocks, and 

thighs. The most popular harvest site being the abdomen (50). Collagenase digestion of the 

lipoaspirate of WAT and centrifugation separates the mature adipocytes from the pelleted 

SVF. This isolation process involving digestion and centrifugation of the adipose tissue 

incorporates a method pioneered by Rodbell (51). However, this method was specialized for 

the isolation of ASCs by Zuk and colleagues in 2001 (33).  

 

The harvesting method, ASC isolation method, as well as the location of the adipose tissue 

could have an effect on the composition and heterogeneity of the ASC population. There is 
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insufficient data describing the outcome of the adipose tissue location and isolation 

procedures on the ASC properties, as there is no single characteristic that can be used to 

describe an ASC, or MSC for that matter. The initial steps of the standard procedure for 

characterizing MSCs and their adipose-derived counterparts are by their tendency to adhere 

to plastic upon seeding in culture and their fibroblast-like morphology (31, 35, 52). Another 

feature used to determine whether the obtained cells are ASCs, or similarly MSCs, is their 

ability to form colonies upon low-density seeding of the cells. The MSC colonies as described 

by Owen and Friedenstein are derived from a single colony-forming unit that is fibroblastic in 

nature (CFU-F) (53, 54). The CFU-F assay used for MSCs is also applicable to ASCs. A higher 

colony-forming efficiency, when larger colonies were produced, is said to be characteristic of 

a more prominent replicative potential of the cells (55). In contrast to embryonic stem cells, 

adult stem/stromal cells in general have a lower replicative/self-renewal capacity. Cultures 

expanded over longer periods begin to lose their multipotentiality. This should be kept in 

mind when expanding ASCs and for the use of ASCs in clinical trials.  

 

The phenotype of the stromal cell population is also used as a distinguishing characteristic. 

The phenotype of the human ASCs is generally similar to that of human bone marrow-

derived MSCs with the exception of a few surface markers. Isolated stromal cell populations 

in a heterogenous cell culture can be distinguished from other cell populations by selecting 

against the endothelial and hematopoietic characteristic markers, cluster of differentiation 14 

(CD14), CD31, CD34, and CD45 (leukocyte common antigen). Surface marker CD45 has 

been commonly used and is considered a classic marker to identify cells of the hematopoietic 

lineage. Surface marker CD34 has generally been used as a negative marker for MSC and 

ASC populations because HSCs and endothelial cells express it. However, there have been a 

few studies stating that it can be used to identify stromal cell precursors and ASCs and that 

a lack of CD34+ on MSCs and ASCs is the result of cell culturing (56-60). Surface marker 

CD31 is an endothelial marker and monocytes/macrophages and granulocytes express CD14. 

The marker STRO-1 is expressed on MSCs but ASCs can be STRO-1 negative (56, 61). 

 

The surface enzymes CD13 (aminopeptidase; APN) and CD73 (nucleotidase also known as 

lymphocyte-vascular adhesion protein-2; L-VAP-2), the integrin beta 1 (ITGB1) CD29, the 

glycoprotein CD90 (thymocyte antigen 1; Thy-1) and the adhesion molecules CD105 

(Endoglin), and CD166 (activated leukocyte cell adhesion molecule; ALCAM) are usually 

indicative of positive markers in the identification of stromal cells (62). Unfortunately there 
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are no MSC- or ASC-specific cell-surface markers, and even combinations of cell-surface 

markers that can define ASCs, are elusive. This is seen with the cell-surface markers CD73 

and CD105, which cannot definitively prove that the cultured cells are stromal cells because 

skin fibroblasts also express these markers (63). Surface marker CD90 has a similar situation 

and is also expressed on endothelial cells. Bourin and colleagues suggested using CD36 

(glycoprotein IIb; GPIIIb) and another adhesion molecule CD106 (vascular cell adhesion 

molecule 1; VCAM-1) as markers to distinguish ASCs from MSCs. The ASCs, interestingly, are 

said not to express CD106 but express CD36, which is in juxtaposition to MSCs. 

Discrepancies have arisen between ASC populations as well, with Gronthos and colleagues 

detecting CD106 expression on ASCs, while Zuk and colleagues did not detect positive 

expression of this marker on ASCs (61, 64). The integrin CD49d (ITGA4) has been 

considered a positive stromal cell marker. However, De Ugarte and colleagues found CD49d 

to be expressed on ASCs but not expressed and thus negative in MSC populations (62). 

Surface markers that can be considered positive stromal cell markers are the neutral 

endopeptidase CD10 (common acute lymphocytic leukemia antigen; CALLA) and CD54 

(intercellular adhesion molecule 1; ICAM-1) (65). It was observed that CD54 was highly 

expressed in ASCs but only minimally expressed in MSCs (62). Surface marker CD146 

(melanoma cell adhesion molecule; MCAM) is considered a positive stromal cell marker and 

pericyte marker. The present “gold standard” for identifying ASCs in a cell population still 

consists of greater than 95% of the cell population expressing CD105, CD90, CD73, and less 

than 2% of the cell population expressing CD14, CD34, and CD45 (31). 

 

A shared characteristic of both stromal cell types is their multilineage differentiation 

potential. Mesenchymal stromal cells have the potential to differentiate towards lineages of 

mesenchymal tissues, including osteogenic, adipogenic, chondrogenic and myogenic lineages 

in vitro (66-72). Adipose-derived stromal cells, similarly, have been shown to differentiate 

into the osteogenic (73) adipogenic, (33), and chondrogenic (74) lineages as well as the 

myogenic (75) lineages under in vitro differentiation conditions. The ISCT and IFATS have 

proposed a set of standards to define ASCs and MSCs (indicated in Table 1.1) and a main 

criterion is their ability to differentiate into bone, fat, and cartilage in vitro (31, 35). It has 

also been demonstrated that ASCs and MSCs have the potential to differentiate in vivo (76, 

77). 
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Table 1.1. Minimal criteria defining adipose tissue-derived stromal cells and mesenchymal 

stromal cells. 

Adapted from Dominici et al. and Bourin et al. The minimal criteria required to define ASC and MSC 

populations (31, 35).  

 

A paradigm shift also resulted from some studies suggesting that these stromal cells have 

the ability to transdifferentiate into cells of non-mesodermal origin giving rise to cells of the 

endoderm including hepatocytes and even ectoderm shown by the differentiation into 

neuronal cells (78-83). Planat-Bernard carried out a study in which ASCs where plated into 

methylcellulose and spontaneously beating cells, cardiomyocyte in nature, were eventually 

observed (84). Cardiovascular disease in particular has been one of the most studied 

applications for future stem cell therapy. There is a controversial therapeutic application 

involving type I diabetes regarding the ability of the MSCs to differentiate into insulin-

producing cells (IPCs) that are able to release insulin in a glucose-dependent manner (85). 

The differentiation potential of ASCs puts them on par with bone marrow-derived MSCs; 

however, it is thought that the proliferation of ASCs is less affected by age and multiple 

passages than MSCs (86). Another aspect is that ASCs appear to have a disposition to 

differentiate, more readily than the MSCs, into adipocytes (40). They also appear to be more 

prone to differentiating into the myogenic lineage compared to MSCs (87). Further evidence 

suggests that ASCs are of inferior osteogenic and chondrogenic differentiation potential 

when compared to MSCs (88).  
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The appearance of a broader differentiation capacity than previously expected has generated 

much excitement over the wider regenerative potential these cells may now present. The 

therapeutic potential of MSCs and now ASCs has been and is still being examined and as yet 

their clinical potential is still being assessed. To date, no ASC or MSC therapy is used 

routinely as a clinical therapy. Even with the discovered potency, MSCs and ASCs are not 

considered pluripotent cells, as they supposedly do not express any markers for pluripotency 

or “stemness” such as telomerase, CD133 also known as prominin-1 (PROM1), ATP-binding 

cassette sub-family G member 2 (ABCG2), and OCT4 (89). Only ESCs were thought to 

express OCT4 but interestingly, postembryonic stromal cells, such as those in second-

trimester amniotic fluid have also been shown to express OCT4 (90, 91). Thus neonatal 

stromal cells in humans may have a different growth potential to that of adult stromal cells 

(92). In two separate studies the stromal cells derived from umbilical cord blood and third-

trimester fetal bone marrow from primates were shown to have superior expansion 

capabilities and plasticity compared to adult MSCs (37, 93). The different growth potentials 

of the stromal cells may be relevant when considering the long-term aim, namely cell 

therapy. These cells can be isolated from numerous organisms and tissues and there are 

multiple isolation methods used to obtain them. To add to this variation there are different 

culture media used and multiple growth conditions. Thus, comparing related studies tends to 

be difficult. In the context of cellular therapies, ASCs will need to be expanded to obtain 

large-scale numbers and it will be important to use standardized isolation procedures and 

growth media, particularly without xenogeneic factors, such as fetal bovine serum (FBS) for 

expansion. 

 

Adipose tissue-derived stromal cells and MSCs are mainly classified by the above-mentioned 

in vitro characteristics. An interesting property of both stromal cell populations is that they 

are considered hypoimmunogenic because they have been shown to exhibit low major 

histocompatibility complex (MHC) class II and co-stimulatory molecule expression. The 

outcome is that a proliferative response from autologous or allogeneic (human leukocyte 

antigen (HLA)-mismatched individuals) T-lymphocytes (T-cells) is not elicited (94-97). 

Removing MSCs restores the T-cells’ proliferative response (98). The immune phenotype of 

MSCs is considered to be MHC class I+ and MHC class II-. However, MHC class II molecules 

have been found to be situated intracellularly (99). The MHC class I surface receptors may 

activate T-cells although the lack of the co-stimulatory molecules is thought to render the T-

cells anergic. Both sets of stromal cells have a low expression of HLA-ABC, a MHC class I 
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molecule, and lack the expression of HLA-DR, a MHC class II cell surface receptor, unless 

stimulated by interferon-γ (IFN-γ). Bone marrow-derived MSCs were found to have a higher 

expression of HLA-ABC by Rider and colleagues. This finding may make ASCs more 

favourable for allogeneic transplantation (100). Both ASCs and MSCs are able to actively 

inhibit mixed lymphocyte reactions (immune response), which is indicative of their 

immunosuppressive ability. The active inhibition is due to the cells producing soluble factors. 

Cui and colleagues discovered that ASCs increase their secretion of prostaglandin E2 (PGE2) 

upon co-culture with mixed lymphocyte reactions (101). Tryptophan depletion due to the 

expression of the enzyme, indoleamine 2,3-dioxygenase (IDO), was induced by IFN-γ 

stimulation. This has been shown to also inhibit T-cell proliferation. Mesenchymal stromal 

cells that were induced with IFN-γ, expressed IDO and thus, tryptophan depletion could be a 

mechanism of immune suppression used by MSCs (102). Mesenchymal stromal cells have 

also been shown to escape the lytic effects of cytotoxic T-cells (CTLs) and natural killer (NK)-

cells (103). These properties together may account for the low immunogenicity and safety 

demonstrated during allogeneic transplantation (104). Further evidence was provided when 

an infusion of allogeneic MSCs following donor bone marrow transplantation did not produce 

any graft-versus-host disease (GVHD) (105). Another study also demonstrated that 

allogeneic stem cell co-transplantation with MSCs resulted in the treatment of severe GVHD 

(106). The use of ASCs and MSCs could have a positive outcome in reducing the incidence of 

GVHD. 

 

The major limitation in using stromal cells in therapy is finding the least invasive approach to 

deliver these cells to the patient that will allow effective mobilization and homing of the cells 

to the appropriate tissue in need. Homing of MSCs or ASCs is not well defined but the term 

“homing” is associated with the egress of the cells from the vasculature by transmigration 

across the endothelium to target cells (107). Stem cell homing is an essential part of 

embryonic development of the blood cell lineage and immune systems. Hematopoietic stem 

cells originate within fetal liver and migrate to the bone marrow via peripheral blood (108). 

The cells can be mobilized as a result of inflammation and/or tissue injury (109, 110) and 

even during strenuous exercise (111). Chemotactic gradients or administered cytokines are 

suspected to be involved in MSC mobilization and homing to injured sites. There is evidence 

that this involves α-chemokine stromal-derived factor-1 (SDF-1), also known as CXCL12, and 

a seven-transmembrane-spanning GαI-protein-coupled receptor, CXCR4, that together form 
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an axis. The SDF-1/CXCR4 axis may have the primary function of retaining HSCs within bone 

marrow (112). A small sub-population of MSCs was shown to express cell surface CXCR4s. In 

a dose-dependent study using a transwell assay to assess migration, the cells that expressed 

the most CXCR4 migrated the furthest. Anti-CXCR4 antibodies inhibited MSC migration (113). 

Rat MSCs, transplanted into the cerebrospinal fluid in a hypoglossal nerve injury model, 

migrated to SDF-1 and fractalkine expressing regions of the brain. The rat MSCs that 

migrated to the injured region in the brain expressed cell surface CX3CR1, the receptor for 

fractalkine, and CXCR4, the receptor for SDF-1, suggesting that these receptors in all 

probability play a role in stromal cell migration (114). 

 

Looking at stromal cells as a tissue engineering option, they may themselves directly 

differentiate after transplantation to repair injured tissue. However, evidence is accumulating 

that during repair, MSCs display trophic activity by releasing paracrine factors and cytokines 

that, in fact, induce other cells to differentiate into tissue-specific cells (115-117). If one 

looks back at the clinical trial results published in 1999 by Horwitz and colleagues, only 1% 

of administered MSCs engrafted in patients. It was noted that there was still improvement in 

the patients’ functions. Paracrine activity was suggested from a study by Tang et al. who 

demonstrated increased expression of vascular endothelial growth factor (VEGF) by 

administered MSCs, which resulted in increased blood flow and vascular density in a 

myocardial infarction model (118). Both ASCs and MSCs secrete angiogenic factors including 

VEGF, transforming growth factor-β (TGF-β), basic fibroblast growth factor (bFGF), placental 

growth factor (PlGF), and monocyte chemoattractant protein-1 (MCP-1), leading to the 

stimulation of angiogenesis (119, 120). Another mode of repair by MSCs may be cell fusion. 

This was observed when MSCs labeled with green fluorescent protein (GFP) were co-cultured 

with heat-shocked human small airway epithelial cells (SAECs), which resulted in 14% of the 

MSCs having undergone cell fusion. Although much research on MSCs and ASCs has 

accumulated over many years and the myriad of proposed repair mechanisms has expanded, 

our understanding of these stromal cells is still in its infancy.  

 

ASCs can be maintained in an undifferentiated multipotent state and be expanded in culture 

with relative ease. This in itself opens up many new opportunities to evaluate these cells and 

the biology behind their use in tissue regeneration. Reviewing the available literature one 

can see that there is a lack in standardization of donor tissue used, isolation method, in vitro 

cultivation and expansion, immunophenotyping, differentiation along specific cell lineages, 
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and even in their nomenclature! This remains a major obstacle when comparing results and 

considering the applications of ASCs for cell therapy. A greater understanding of the complex 

and multifactorial differentiation pathways of ASCs may make it easier to manipulate ASCs in 

vivo. The potential of cellular therapy lies in its ability to repair damaged tissues in vivo as 

well as generating tissue in vitro for future transplantation and subsequent repair. Their 

attributes and ease of accessibility suggest that ASCs may become an effective therapeutic 

option for cell-based therapy.  

 

Influence of inflammation and oxidative stress on the therapeutic 

potential of stromal cells 

The therapeutic effect of stromal cells is being assessed globally in clinical trials for many 

disorders. Their potential use in cellular therapy in numerous human diseases is the driving 

factor behind most research involving MSCs and ASCs. However, all this on-going research 

would be thwarted if the survival of these cells after transplantation were compromised. 

Their survival is crucial for any therapeutic benefit. Following transplantation, MSCs come 

into contact with a complex milieu in vivo, being exposed to numerous factors that may lead 

to cellular loss. The factors influencing the outcome of MSC transplantation could include 

frictional loss in the vasculature, oxidative stress, hypoxia, serum and glucose deprivation 

and inflammation (121).  

 

Inflammation is a unifying mechanism in most diseases, ranging from obesity to myocardial 

infarction and arthritis. In most of the cases where ASCs will be used therapeutically, there 

will be underlying inflammation. The behavior of ASCs within a diseased microenvironment is 

not well understood, although the majority of the literature concentrates on the 

immunomodulatory effect of ASCs in this context. The events initiating an inflammatory 

response have been described in great detail. There are two separate known inflammatory 

triggers. These are infectious triggers, such as a microbial infection, and sterile triggers, 

which could be instigated by oxidative stress, necrosis (not apoptosis), and injury. The 

inflammatory response that is pertinent to ASC therapy research occurs during injury and 

diseased states. Thus, sterile inflammation will be looked at in more detail. Matzinger was 

the instigator behind what is known as sterile inflammation (122). Inflammation induced by 

a sterile trigger has been proposed to have numerous similarities to inflammation induced by 

an infectious trigger; however, the details are less known.  
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Sterile inflammation involves many innate or primary immune response mechanisms. Sterile 

inflammation when compared to infectious inflammation still results in the influx of immune 

cells, swelling, and tissue damage. Antigen-presenting cells (APCs), such as dendritic cells 

and macrophages, have different receptors collectively known as pattern-recognition 

receptors (PRRs) on their cell surface. The PRRs, such as the toll-like receptors (TLRs), 

recognize what is known as pathogen-associated molecular patterns (PAMPs) during an 

infection. The recognition between these conserved structures found on the surfaces of 

pathogens and the PRRs, triggers the activation of APCs, stimulating inflammation. Damage-

associated molecular patterns (DAMPs), also denoted as alarmins, are non-infectious 

molecules that are intracellularly located and therefore protected from immune recognition. 

Upon tissue injury, environmental stress and necrosis, these DAMPs can be released either 

through degradation of the cell membrane or enzymatic release, and can be recognized by 

the PRRs on the surface of APCs.  

 

In addition to DAMPs, injured and necrotic cells release pro-inflammatory cytokines and 

chemokines. These molecules do not have what are considered “molecular patterns”. This is 

how the term alarmin came into use, although many articles also refer to the cytokines and 

chemokines as DAMPs. To clarify the terminology, DAMPs will refer to any molecule which 

stimulates PRRs and ultimately produces an inflammatory response. It is also unclear which 

of the PRRs are specifically involved in the sterile inflammatory response. Evidence is 

accumulating that TLRs, and in particular heterodimers incorporating TLR4, are involved in 

sterile inflammation (123). It appears that signal transduction initiated through TLRs mainly 

involves the interaction of the Toll/interleukin-1 receptor (IL-1R) homologous region (TIR) of 

the receptor with TIR signaling adaptor proteins of the myeloid differentiation primary 

response gene 88 (MyD88)-adaptor family.  

 

To date, there have been 10 functional TLRs discovered in humans. The TLRs can be 

categorized into two groups. Toll-like receptor 1, TLR2, TLR4, TLR5, TLR6 and TLR11 are all 

expressed on cell surfaces and are grouped together. Toll-like receptor 3, TLR7, TLR8 and 

TLR9, which are expressed intracellularly comprise the second group (124). It was 

demonstrated that hASCs and hMSCs express the cell surface TLRs, TLR1, TLR2, TLR4, TLR5 

and TLR6 as well as the intracellular TLRs, TLR3 and TLR9. Human ASCs and hMSCs express 

particularly high levels of TLR3 and TLR4 (125, 126). The specific components that a 
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particular TLR recognizes and the pathways that are involved are extremely complicated. To 

simplify the situation, the binding of a ligand to most TLRs, except TLR3, activates the 

MyD88-dependent pathway. In the case of a ligand binding to TLR3, another pathway is 

activated, the TRIF-dependent pathway, which is also used by TLR4.  

 

The signal transduction that occurs following TLR activation, is mediated by the molecules 

MyD88, TIRAP, TRIF and TRAM. Stimulation of MyD88 in the MyD88-dependent pathway for 

example facilitates the phosphorylation of IL-1R-associated kinase (IRAK1) by the 

recruitment of IRAK4. Activation of IRAK1 results in the association and activation of tumor 

necrosis factor receptor (TNFR)-associated factor 6 (TRAF6). Protein kinase C and 

extracellular signal-regulated kinase (ERK)-1/2 are activated by TRAF6. A complex is formed 

consisting of TRAF6, transforming-growth-factor (TGF)-β-activated kinase (TAK1), TAK1-

binding protein 1 (TAB1) and TAB2 (with IRAK1 being degraded). The complex associates 

with ubiquitin ligases resulting in the subsequent ubiquitylation of TRAF6. This activates 

TAK1. Activated TAK1 phosphorylates mitogen-activated protein (MAP) kinases, c-Jun N-

terminal kinase (JNK), and I-κ kinase (IκK) complex. Activation of IκK complex leads to the 

phosphorylation, ubiquitylation and degradation of Iκβ. This mediates the nuclear 

translocation of the transcriptional regulator nuclear factor κβ (NF-κβ) and results in the 

expression of pro-inflammatory cytokines. The TRIF-dependent pathway, used by TLR3, 

involves the activation of IFN-regulatory factor (IRF3) and the production of IFN-β. This also 

results in the generation of pro-inflammatory cytokines. Findings suggest that TLR4 requires 

both the MyD88-dependent and MyD88-independent/TRIF-dependent pathways to induce 

the expression of pro-inflammatory cytokines (123, 127). 

 

Inflammation and oxidative stress are tightly interwoven. The influx of neutrophils and 

macrophages in response to an inflammatory trigger results in the production and release of 

reactive oxygen species (ROS), reactive nitrogen species (RNS) and elevated levels of 

cytokines by these activated immune cells. Excessive ROS or oxidative stress results in tissue 

destruction and the production of DAMPs. Injured and necrotic cells can also release pro-

inflammatory factors. This sets in motion a self-perpetuating series of events. Oxidative 

stress can activate NF-κβ resulting in the production of pro-inflammatory cytokines, which 

results in immune cell activation. Activated immune cells produce ROS which in excess cause 

oxidative stress exacerbating the cycle (128). Liu and colleagues have stated that 
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senescence is a major factor that negatively affects cell engraftment in vivo. The authors 

found that the senescence of cultured human umbilical cord MSCs was due to increased ROS 

and activation of the NF-κβ pathway (129). 

 

It is hypothesized that ASCs are able to modulate ROS production in instances of oxidative 

stress, inflammation, and disease. There are a variety of anti-inflammatory mechanisms 

produced by ASCs. DAMPs, RNS, and ROS can activate ASCs. An anti-inflammatory 

mechanism of activated MSCs is their ability to produce and express interleukin-1 receptor 

antagonist (IL-1RA). This protein antagonist binds to the interleukin-1 receptor (IL-1R) and 

inhibits the activities of IL-1α and IL-1β thus modulating numerous interleukin 1 cytokine 

related inflammatory and immune related responses. The activated MSCs also produce 

tumour necrosis factor (TNF) stimulated gene 6 protein (TSG-6). This protein decreases 

translocation of NF-κβ to the nucleus in macrophages thus decreasing signaling and 

impacting on the inflammatory cascade. Another known anti-inflammatory mechanism is 

PGE2 which in turn increases the secretion of IL-10 (130). The resultant anti-inflammatory 

effects are the induction of regulatory T-cells and inhibition of T-cell proliferation (131). 

Intriguingly, ASCs were shown to produce anti-inflammatory and immunomodulating factors 

in a more potent manner than bone marrow-derived MSCs (132).  

 

Another interesting observation is that MSCs in culture can directly transfer either the 

mitochondria or mitochondrial DNA (mtDNA) to cells with non-functional mitochondria (133). 

Wang et al. showed that transfer of functional mitochondria to UV-stressed cells via cell-cell 

connections reversed apoptotic cells in early stages of apoptosis (134). The cell-cell 

connections called tunneling nanotubes have been observed in multiple cell types (135-137). 

This is important because damaged mitochondria will be unable to provide the required 

electrons needed to reduce oxygen, which will result in the production of destructive ROS. A 

suspected anti-inflammatory and even anti-apoptotic factor that is secreted by MSCs is 

stanniocalcin-1. Stanniocalcin-1 reduces ROS by increasing the expression of uncoupling 

protein-2 (UCP2), reducing mitochondrial membrane potential and superoxide generation, 

and abolishing lipopolysaccharide (LPS)-induced superoxide (O2
-) generation in macrophages 

(138). Mitochondrial DNA mutations and mitochondrial dysfunction as well as oxidative stress 

contribute to disease pathogenesis. The immunosuppressive effect and anti-apoptotic 

property of these stromal cells, as well as their ability to transfer mtDNA to other cells makes 

them particularly attractive from a therapeutic perspective. 
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Reactive oxygen species and antioxidant mechanisms 

Inflammation is associated with excess production of ROS and high concentrations of ROS 

are hazardous for cellular constituents. Oxidative stress results when the generation of ROS 

exceeds the capacity of antioxidant defense mechanisms. These potentially toxic products 

are known as “reactive oxygen species”, due to their higher reactive states relative to 

molecular oxygen (O2). They are highly reactive due to the presence of unpaired outer 

valence shell electrons. The existence of one or more unpaired electrons in an orbital cloud 

could lead to electrons being stripped from other molecules in order for the reactive species 

to gain stability. Examples of ROS include the highly reactive hydroxyl radical (•OH), O2
-, 

hydrogen peroxide (H2O2), which does not contain a free radical, and nitric oxide (NO), 

which is also considered a reactive nitrogen species (RNS) (139, 140). Most of the ROS are 

labile and dissipate shortly after production. The exception is H2O2, which is relatively stable 

(longer half-life) and can diffuse across cell membranes. It is commonly used as a model of 

exogenous oxidative stress due to its biochemical properties (141, 142).  

 

Reactive oxygen species can be generated exogenously or intracellularly from a number of 

different sources such as the mitochondrial electron-transport system, nicotinamide adenine 

dinucleotide phosphate (NADPH) oxidase or Nox, xanthine oxidase, cytochrome p450, 

uncoupled NOS and myeloperoxidase. Reactive oxygen species mainly have a negative 

connotation but they are important secondary messengers in signal transduction pathways. 

Reactive oxygen species possess the ability to act as both intracellular and extracellular 

messengers in signal transduction. There have been a number of studies demonstrating that 

H2O2 is a popular candidate for relaying intracellular responses. Exogenously administered 

H2O2 activates kinase enzymes and inactivates phosphatase enzymes (143). The ERK1/2 and 

p38 MAPK pathways (ERK1/2 and p38 MAPK are kinases) are activated by growth factors 

and angiotensin II involving H2O2 as a messenger. The stimulation of cells by cytokines such 

as TGF-β1 (144), TNF-α and IL-1 (145) resulted in the production of ROS and once again 

confirmed their role, particularly H2O2, as signaling messengers. Hydrogen peroxide is 

frequently used as a standard to measure mitochondrial ROS production due to the fact that 

the mitochondrial electron transport chain produces O2
-, which is then converted to H2O2. 

 

The consensus is that ROS generated from mitochondria are the main source of subcellular 

ROS. The mitochondrial electron-transport chain consists of multi-enzyme complexes and 
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cofactors embedded within the inner mitochondrial membrane (Figure 1.2). There are five 

multi-enzyme complexes (I to V) as well as ubiquinone also known as coenzyme Q10 (CoQ) 

and cytochrome c. Complex I (NADH-ubiquinone reductase) accepts electrons from NADH. 

Complex II (succinate dehydrogenase) accepts electrons from reduced succinate, a substrate 

of the Krebs cycle, to produce fumarate. Ubiquinone, the oxidized form of CoQ10, comes 

into contact with either Complex I or Complex II by random collision as it is mobile within 

the hydrophobic region of the inner membrane and accepts an electron thus forming the 

reduced ubiquinol (CoQH2). Ubiquinol subsequently undergoes oxidation via two sequential 

electron transfers known as the Q cycle. During the Q cycle, the first electron is 

donated/transferred to a component of Complex III (ubiquinol-cytochrome c reductase also 

known as cytochrome bc1 complex), the iron-sulphur Rieske protein, while the second 

electron is donated to cytochrome b of Complex III. The unstable intermediate in the Q 

cycle, semiquinone, can lead to O2
- formation by transferring electrons directly to O2 (146). 

 

Electrons move down an electrochemical gradient through ubiquinone to Complex III. 

Another mobile electron carrier, cytochrome c, picks up electrons from Complex III. When 

the oxidized form of cytochrome c makes contact with Complex III through a random 

collision, its own heme group can accept an electron from the heme group of the 

cytochrome c1 subunit in Complex III. Cytochrome c then carries this electron until the 

carrier collides with the final protein carrier in the electron-transport chain, Complex IV 

(cytochrome oxidase). Complex IV accepts an electron from cytochrome c and passes it to 

O2, the final electron acceptor in this chain, to form water (H2O). Water is formed by the 

reduction of O2 with a series of four electrons, consecutively. Energy is released by electron 

transfer, which is used to pump protons (H+) out of the matrix, through Complex I, III, and 

IV into the intermembrane space, building up a significant H+-concentration gradient. The H+ 

gradient that is generated provides the energy needed to produce ATP (adenosine 

triphosphate) by ATP synthase (Complex V) (Figure 1.2). Leakage of electrons to O2 forming 

the one-electron reduction of O2 to O2
- and thus, its derivative ROS, occurs mainly at 

Complex I and III (146). 
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Figure 1.2. The mitochondrial electron transport chain. Electrons are transferred through 

Complex I to IV resulting in the leakage of electrons and finally the addition of electrons to oxygen 

(O2). The proton (H+) gradient generated by the electron transfer provides the energy needed to 

generate ATP (adenosine triphosphate) by the final Complex V or ATP synthase. CoQ = oxidised 

ubiquinone; CoQH2 = reduced ubiquinol. 

 

Superoxide appears to be the first reactive species produced by the electron transport chain. 

It has emerged from the literature that there are seven key sites within mitochondria that 

produce O2
-. The O2

- that is generated by the electron transport chain is mainly produced 

through Complex I’s ubiquinone-binding site and the flavin mononucleotide (FMN) group and 

is released into the mitochondrial matrix (147-149). The ubiquinone-binding site of Complex 

III produces O2
- and this complex is capable of generating ROS on both sides of the 

mitochondrial membrane (146, 150). It was discovered that Complex II can also produce 

ROS, but indirectly, through Complex I (147). It is stated that in the absence of ADP, 

electrons derived from succinate can instead now flow to Complex I, though the O2
- that is 

generated here, is minimal. The O2
- generated by Complex I and III can undergo 

dismutation to H2O2 by the antioxidant manganese superoxide dismutase (MnSOD) or 

copper-zinc superoxide dismutase (CuZnSOD) (148). Copper-zinc superoxide dismutase is 

localized within the mitochondrial intermembrane space and the cytosol. Manganese 
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superoxide dismutase is localized in the mitochondrial matrix (149). Hydrogen peroxide can 

be scavenged by another antioxidant, glutathione peroxidase (GPx), in the mitochondrial 

matrix. Glutathione peroxidase is essential for the conversion of glutathione to oxidized 

glutathione, resulting in H2O2 being converted to H2O. Hydrogen peroxide can move across 

the mitochondrial membrane into the cytosol and be scavenged by the antioxidant catalase 

(CAT) resulting in the production of H2O and O2. Superoxide is unable to cross cell 

membranes in contrast to H2O2 which can do this with ease. Hydroxyl radicals are highly 

reactive and are the result of the Fenton or Haber-Weiss reactions between H2O2 and O2
- 

(Figure 1.3) (151). 

 

Reactive oxygen species are produced through other mechanisms and not just through the 

mitochondrial electron transport chain. Mitochondria are not the only organelles to have an 

electron transport chain; the endoplasmic reticulum also has an electron transport chain. An 

endoplasmic reticulum NADPH-cytochrome P450 reductase can leak electrons to generate 

O2
- from O2. NADPH oxidase is a membrane associated enzyme complex including a special 

cytochrome, cytochrome b558 that catalyzes the reduction of O2 to O2
- and thus other ROS, 

using NADPH or NADH as an electron donor (152, 153). The Nox enzyme was first 

discovered in the membranes of phagosomes in neutrophils as the initiator of the respiratory 

burst, which is a key step in the immune defense against bacterial and fungal pathogens. It 

is now known that Nox homologs are present in virtually every tissue. In particular Nox2 and 

Nox4 are found in HSCs and MSCs (154-156). Park and Kim have published numerous 

articles in this field. They found that the expression levels of Nox4 and Nox5 in ASCs were 

high compared to Nox1, Nox2 and Nox3 (155). The Nox enzymes are reportedly one of the 

main sources of ROS in stem cells and are activated by growth factors, cytokines, and 

hypoxia (157). The ROS generated by Nox are said to play an important role in many redox 

signaling pathways that are involved in stem cell mobilization and proliferation. Kim et al. 

first demonstrated Nox-family-mediated ROS generation in ASCs by showing that the ROS 

level was reduced by diphenyleneiodonium (DPI), which is a potent Nox inhibitor (156).  
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Figure 1.3. An overview of the production of reactive oxygen species (ROS). Molecular O2 

may be reduced to superoxide anion radical, which can be further reduced to hydrogen peroxide 

either spontaneously, or through the action of superoxide dismutase enzymes, for example MnSOD 

and Cu/ZnSOD. The transition metals such as Fe2+ and Cu+ catalyze the conversion of hydrogen 

peroxide to the hydroxyl radical via the Fenton or Harber–Weiss reactions. The enzymes catalase 

(CAT) or glutathione peroxidase (GPx) detoxify hydrogen peroxide (H2O2) by converting it to water 

(H2O). GSSG = glutathione; GSH = oxidized glutathione. 

 

There are several antioxidant enzymes that exist within cells that counteract the potentially 

damaging effects of ROS. Antioxidants donate electrons to free radicals and thus stabilize 

them. Coenzyme Q10 (ubiquinone), the electron transporter in the mitochondrial respiratory 

chain, is a lipid-soluble molecule containing a redox active benzoquinone ring that is 

connected to a long isoprenoid side chain. This feature allows it to be localized within the 

inner mitochondrial membrane and to act as an electron and H+ transporter within 

phospholipid bilayers in general. Coenzyme Q10 is found ubiquitously in the human body 

(hence its original name, ubiquinone) (158). The role of CoQ in the mitochondrial respiratory 

chain is an obligatory one but CoQ has many other functions. These include the regulation of 

the physiochemical properties of membranes (159), the modulation of the amount of β2-

integrin on the surface of blood monocytes (160) and an endogenously synthesized lipid-
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soluble antioxidant (161). It can be regenerated from its oxidized product, it can be 

produced de novo, or it can be acquired through diet, and it has become a popular dietary 

supplement due to its antioxidant capabilities (162, 163). The antioxidant role of CoQ has 

sparked interest into its use therapeutically because oxidative damage contributes to many 

diseases. The success of cellular therapy relies on transplanting viable ASCs. Witort and 

colleagues demonstrated that CoQ preserved the viability of harvested adipocytes (164).  

 

Appropriate intracellular levels of ROS are essential as an over-production of ROS, or an 

inadequate production of antioxidants causes oxidative stress resulting in cell-wide damage. 

The oxidative damage that contributes to disease is the peroxidation of lipids, nucleic acid 

damage as a result of peroxidation products, and the oxidation and degradation of proteins. 

Oxidative stress has been implicated in a number of human diseases including cardiovascular 

disease (165, 166) and many diseases involving neuro-degeneration. Dysfunctional 

antioxidant enzymes and faulty electron transport chains have been associated with	
amyotrophic lateral sclerosis (ALS) (167), Alzheimer’s disease (168), Parkinson’s disease 

(169), and Huntington’s disease (170). Oxidative stress has also been implicated in cancer 

and aging (171, 172). Reactive oxygen species operating as secondary messengers in signal 

transduction pathways result in a large number of oxidative stress-responsive transcription 

factors and genes being expressed. Some of these genes are involved in proliferation, 

survival and differentiation (173). It will be important to observe the effect that an 

environment of oxidative stress has on ASCs behaviour and differentiation if they are to be 

used therapeutically. The ultimate goal of stem cell therapy is the rejuvenation or complete 

replacement of a defective tissue or organ. What is even more fascinating is that it is 

thought that MSCs efficiently manage oxidative stress and exhibit high resistance to ROS-

induced death due to the constitutive expression of antioxidant enzymes (174). The 

mechanisms by which ROS affect ASCs are to a large extent still unknown. 

 

Hypoxia and the stem cell niche 

The stem cell niche is ill defined and little is known about their in vivo properties. This 

confusion arises due to the fact that stem cells have been isolated from many different 

regions of the human body and many exhibit similar cell surface markers and differentiation 

capabilities (89, 175). Scadden has suggested that the simple location of stem cells is not 

sufficient to define a niche. There are specific cues provided by the niche that regulate cell 



Chapter 1 - Literature review 

 24 

number, cell fate and other aspects of stem cell function (176). It appears that supporting 

cells, the extracellular matrix, and other factors within the stem cell niche largely influence 

the fate of a stem cell and its progeny (177, 178). One of these factors, O2, appears to play 

a role in the stem cell niche and the differentiation of MSCs (179, 180). Common in vitro 

practice is to culture stromal cells under normoxic conditions, the O2 concentration of 

ambient or atmospheric air, which is approximately 21% O2, or the partial pressure of 

oxygen (pO2) at sea level which is 159 mm Hg. Humans cannot survive O2 deprivation; one 

would consequently think that cell survival is threatened in an environment of reduced O2. 

However, the pO2 within the human body is usually lower than that of the atmosphere and 

the pO2 of a niche would depend on the level of vascularization and the position within a 

tissue.  

 

The pO2 of oxygenated arterial blood is about 95 mm Hg, and thus percentage-wise, this is 

approximately 12%. Venous and capillary blood both have a pO2 of about 40 mm Hg or 

approximately 5%. The pO2 within cartilage is around 1% (7.2 mm Hg) and within bone 

marrow it ranges from 1% to 7% (181, 182). Harrison and colleagues found the mean pO2 

of bone marrow to be 54.9 mm Hg, around 6.6% (183). The pO2 within adipose tissue is not 

as clear but has been established to be approximately 55 mm Hg (184). Confocal imaging by 

Maumus and colleagues confirmed that human ASCs located in the stroma of adipose tissue 

were not close to capillaries (60). The fetus develops in a low oxygen environment usually 

around 4% to 5% O2 and cord blood taken from the umbilical cord vein or arteries (there is 

one vein and two arteries) of the fetus has a pO2 of 10% and 13%, respectively (185). Thus, 

Warton’s jelly and cord blood are also obtained from a hypoxic microenvironment. All of the 

pO2s indicated certainly show that MSCs and ASCs are not routinely cultivated under 

physiological conditions. 

 

Oxygen levels regulate stem cell behaviour through hypoxia-inducible factors (HIFs). The 

hypoxic environment leads to an increase in HIF expression. Hypoxia thus has major 

transcriptional and post-translational effects that are primarily mediated by the HIFs. These 

are basic helix–loop–helix (bHLH) transcription factors that contain a PAS domain (named 

after the three proteins, the Drosophila period clock protein (PER), vertebrate aryl 

hydrocarbon receptor nuclear translocator (ARNT), and Drosophila single-minded protein 

(SIM), first discovered to contain the recognized motifs). PAS domains through the 

interaction with cofactors can sense O2, redox potential, chemicals (planar aromatic 
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hydrocarbons), and light, to name a few stimuli (186). The HIF transcription factors are 

heterodimers consisting of two subunits, HIF-α and HIF-β also known as ARNT. There are a 

number of isoforms for the HIF-α and HIF-β subunits: HIF-1α, Endothelial PAS domain-

containing protein 1 (EPAS or formerly known as HIF-2α), and HIF-3α as well as HIF-1β. 

HIF-1α is a ubiquitously expressed subunit. HIF-2α is expressed in embryonic vasculature 

(187) and Weisener and colleagues discovered that it is also extensively expressed in 

different organs with accumulation in the kidney, pancreas, brain, liver, intestine and 

myocardium (188). HIF-3α is expressed in adult thymus, lung, brain, heart and kidney (189). 

HIF-1β is constitutively expressed and is situated in the nucleus. The importance of HIF-1α 

and HIF-2α in physiological hypoxia was demonstrated with HIF-1α-null and HIF-2α-null 

(Hif-1α—/— and Hif-2α—/—) murine embryos. The Hif-1α—/— and Hif-2α—/— embryos displayed 

arrested development and lethality. An analysis of the details of the phenotype of Hif-1α—/— 

and Hif-2α—/— mouse embryos revealed that mesenchymal cell survival was reduced, and 

that cardiovascular development, vascularization and neural tube development were 

defective (190).  

 

With an abundance of O2, HIF-1α is degraded. The main mediators are prolyl hydroxylases 

(prolyl hydroxylase domain proteins; PHDs1-3) and asparaginyl hydroxylase (Factor 

Inhibiting HIF-1; FIH-1). The three human PHDs utilize the cofactors dioxygen, ascorbate 

and α-ketoglutarate (2-oxoglutarate) under normoxic conditions to catalyze the 

hydroxylation of two proline residues, Pro402, and Pro564, within the HIF-α subunit. The 

PHDs hydroxylate the N-terminal oxygen dependent degradation domain (NODD) and the C-

terminal oxygen-dependent degradation domain (CODD). One oxygen atom is inserted into 

the proline and the other oxygen atom is inserted into the co-substrate α-ketoglutarate, 

resulting in its splitting into carbon dioxide (CO2) and succinate. The PHDs contain ferrous 

iron (Fe2+) in their catalyzing centre (191). Hydroxylation of the two residues results in an E3 

ubiquitin ligase, known as the von Hippel–Lindau protein (pVHL), being targeted to the HIF-

1α subunit. This facilitates in the ubiquitination of HIF-1α, leading to its degradation (192). 

Additionally, asparagine hydroxylation by FIH-1 hydroxylates the C-terminal activation 

domain (CTAD) on HIF-1α once again using O2 and α-ketoglutarate as substrates. This 

blocks the interaction of HIF-1α with the transcriptional co-activator p300/cyclic AMP 

response element-binding protein (CBP) leading to inhibition of HIF-1-mediated gene 

transcription (193). During hypoxia, degradation of HIF-1α does not occur due to abrogation 
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of both the prolyl and asparaginyl hydroxylases. The HIF-1α subunit can subsequently 

translocate to the nucleus. Once in the nucleus, HIF-1α can dimerize with HIF-1β and recruit 

coactivators such as p300 and CBP (194). The HIF-1α/HIF-1β heterodimer binds to hypoxia-

response elements (HREs) in the promoter regions of specific genes and drives transcription 

of NF-κβ, TLRs and VEGF amongst others. Many of these genes are responsible for 

angiogenesis, glycolysis, and the inhibition of apoptosis. 

 

The inhibition of prolyl and asparaginyl hydroxylases can be mediated by chemical hypoxia. 

This is accomplished by administering a non-specific α-ketoglutarate antagonist known as 

dimethyloxalylglycine (DMOG). As mentioned previously, during the hydroxylation of HIF1α 

by FIH-1 and the PHDs, the oxidative decarboxylation of α-ketoglutarate to succinate and 

CO2 is also catalysed. Thus, when the α-ketoglutarate catalysis is competitively blocked, HIF-

1α can be stabilized (Figure 1.4). This does not achieve the same exact control that one 

would obtain in vivo; however, Elvidge and colleagues looked at the expression of 22 000 

transcripts and they revealed a striking concordance between patterns of gene expression 

induced by hypoxia and by DMOG (195). 
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Figure 1.4. The cellular oxygen-sensing system of the body under normoxic and hypoxic 

conditions. During normoxic conditions, hydroxylation of the prolyl (P) and asparaginyl (N) residues 

by the PHDs and FIH-1 results in an E3 ubiquitin ligase known as the von Hippel–Lindau protein 

(pVHL) being targeted to the HIF-1α subunit. This facilitates in the ubiquitination (Ub) of HIF-1α, 

leading to its degradation. During hypoxic conditions, hydroxylation of HIF-1α does not occur and the 

HIF-1α subunit can subsequently translocate to the nucleus. Once in the nucleus, HIF-1α can dimerize 

with HIF-1β and recruit co-activators p300 and CBP. The HIF-1α/HIF-1β heterodimer can now bind to 

the hypoxia-response elements (HREs) within the promoter regions of specific genes. 

 

The HIF transcription factor targets some of the genes mentioned in the earlier discussion on 

inflammation. There are two sides to the coin when it comes to the association between 

hypoxia and inflammation. The first is that hypoxia may induce inflammation (196, 197) and 

the second is that regions of inflammation may become hypoxic. Hartmann and colleagues 

demonstrated that C-reactive protein (CRP), the pro-inflammatory cytokine IL-6 and IL-1RA, 

which are associated with inflammation, are upregulated during hypobaric hypoxic conditions 

at high altitude (198). Inflamed tissue may become hypoxic as a result of the increased 

oxygen demand of highly metabolizing cells in inflamed tissue and the number of 



Chapter 1 - Literature review 

 28 

inflammatory cells that localize to the inflamed region. A number of the genes induced by 

hypoxia display a barrier-protective function during mucosal inflammation and are 

upregulated during colitis (199). The NF-κβ family of transcription factors is activated by a 

hypoxic environment and by pro-inflammatory cytokines such as TNF-α. The NF-κβ regulates 

the transcription of inflammatory and anti-apoptotic genes and it can thus be speculated that 

this transcription factor’s activation during hypoxia is due to its conference of anti-apoptotic 

properties upon the cells allowing them to withstand a low oxygen environment. Mice that 

lack the IκK complex and thus lack the activation of NF-κβ will not initiate an inflammatory 

response and promote apoptosis (200). Activity of HIF-1α is increased by the pro-

inflammatory cytokines TNF-α and IL-1β. Tumour necrosis factor-α activation of HIF-1α 

occurs via its stabilization through NF-κβ. Interleukin 1β inhibits pVHL leading to HIF-1α 

stability and it can also activate NF-κβ. The activation of HIF through numerous pro-

inflammatory cytokines shows that that inflammation and hypoxia are intertwined in a 

disease setting.  

 

The incomplete understanding of ASC parameters in vivo may compromise the quality of a 

stem cell population intended for clinical application. There is a need to replicate various 

aspects of the supposed in vivo niche in order to better maintain the stemness and original 

characteristics of MSCs. There is also a demand in obtaining clinically relevant cell numbers 

from the small starting stromal cell population. Cell expansion techniques under normoxic 

conditions have demonstrated optimal cellular growth although with the gradual loss of their 

self-renewal properties at late passages (201). These changes may influence the feasibility 

of using later passage ASCs for cell therapies. Hypoxia could provide a favorable culture 

environment and one that they are more naturally adapted to. A few studies have shown 

that hypoxia enhances expansion ability of MSCs (202, 203). Mesenchymal stromal cells 

were found to produce more colonies, have a longer expansion time, and remain 

undifferentiated under hypoxic conditions (202, 204-206). However, there is also evidence 

that HIF-1α acts as a direct inhibitor of DNA replication and increases quiescence (207, 208). 

Hypoxia preconditioned-MSCs showed enhanced survival upon transplantation (209). The 

effect of hypoxia on the differentiation of ASCs shows conflicting results but will be expanded 

on later in the chapter. 
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Adipogenic differentiation  

The two features that define a stem cell are [1] its ability to self-renew and [2] its 

differentiation capabilities. Harnessing the potential of stem cells to proliferate and form a 

range of differentiated cell types is ideally what one would want for regenerative 

applications. A second advantage is that we may advance our understanding of the 

pathogenesis of a number of diseases. Human ASCs are capable of differentiating down the 

adipocyte lineage providing a useful human primary cell model of adipogenesis. In order to 

manage obesity and to understand the role of adipose tissue in this disease it will be 

necessary to understand the process of adipogenesis in its entirety. A few studies have 

proposed that impaired adipocyte differentiation contributes to obesity, type II diabetes and 

its associated complications (210-212).  

 

The full process of adipogenesis involving the commitment of ASCs down the adipogenic 

lineage resulting in a mature adipocyte is not well defined. In particular, it is the 

intermediate cellular components during adipogenesis that are not well characterized. 

Adipogenesis is said to consist of two phases: determination and differentiation. 

Determination is the commitment of a stem cell, be it an ASC or MSC, towards the pre-

adipocyte lineage. This involves the conversion of the stem cell into a pre-adipocyte, an 

adipocyte progenitor, and the expression of adipogenic transcription factors. These cells, 

according to Rosen and colleagues, are morphologically indistinct from their predecessors 

(213). The second phase is differentiation. Pre-adipocytes start producing many small lipid 

droplets within their cytoplasm. This is followed by the accumulation and aggregation of 

these lipid droplets to form larger lipid droplets. A hallmark of adipogenic differentiation is 

the change in morphology from spindle/fibroblastic to spherical (Figure 1.5) (214). The 

terminally differentiated cell is a mature adipocyte.  

 

Growth arrest upon cell-cell contact precedes the differentiation process, although cell-cell 

contact is not a prerequisite for adipose differentiation. The adipogenic differentiation 

process can be thought of as a transition through the expression of different genes. The 

expression of preadipocyte factor-1 (Pref-1) inhibits adipogenesis and downregulation of 

Pref-1 occurs during differentiation of adipocytes. Other factors that play a key role in 

adipocyte differentiation include peroxisome proliferator-activated receptor-γ (PPARγ) and 

CCAAT/enhancer-binding protein (C/EBP) transcription factors. There are three C/EBP 
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transcription factors (C/EBPα, C/EBPβ, and C/EBPδ) that can form heterodimers with each 

other and that bind to C/EBP regulatory elements within promoters. The first transcription 

factors to be induced during adipogenesis upon exposure to glucocorticoids or insulin are 

C/EBPβ and C/EBPδ. These two factors then activate C/EBPα, which was the first C/EBP 

transcription factor to be discovered. C/EBPα is not activated in adipoblasts, a type of pre-

adipocyte, but only in the later phase of adipocyte differentiation. It is thought to play a role 

in establishing terminally differentiated adipocytes (215). Both C/EBPβ and C/EBPδ induce 

the up-regulation of PPARγ, which coordinates the expression of various adipogenic-specific 

genes (Figure 1.5) (216, 217). Adipocytes can attain their fully differentiated status 

approximately one week after induction of confluent ASCs or MSCs, using specific 

differentiation-inducing medium (218, 219). 

 

 

Figure 1.5. Adipogenic differentiation. Adipose-derived stromal cells (ASCs) can be committed to 

the adipogenic lineage and thus converted to preadipocytes, which further terminally differentiate into 

mature adipocytes. During the conversion of preadipocytes to adipocytes, growth arrest and the 

subsequent activation of adipocyte genes by the transcription factors, CCAAT/enhancer-binding 
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protein (C/EBPα) and peroxisome proliferator-activated receptor-γ (PPARγ) mediates adipogenesis. 

Changes in morphology include the acquisition of a more spherical shape and the accumulation of 

lipid droplets. 

 

To initiate the induction of adipogenic differentiation, ASC cultures are incubated with 

medium containing insulin, dexamethasone, isobutylmethylxanthine, and indomethacin. 

Induction is followed by the accumulation of lipid droplets, and eventually the lipid droplets 

combine and fill the cells. A histochemical stain called Oil Red O is commonly used to assay 

for the accumulation of lipid droplets. Oil Red O mainly detects neutral lipids such as 

triacylglycerols and cholesteryl esters (220). Intracellular lipid droplets can also be detected 

via fluorescence microscopy and flow cytometry using 9-diethylamino-5H-

benzo[a]phenoxazine-5-one, also known as Nile Red, which is a phenoxazone dye that 

fluorescently stains lipids. A unique and advantageous property of Nile Red over Oil Red O is 

that it has a range of emission profiles, changing according to the characteristics of the lipids 

it has stained. Intracellular lipid droplets are neutral lipids, which are usually triacylglycerols 

for fatty acid energy reserves or cholesteryl esters, which serve as storage for excess cellular 

cholesterol. When neutral lipids are stained with Nile Red, the Nile Red emits yellow-gold 

fluorescence with an emission wavelength greater than 528 nm. Cellular membranes consist 

of amphipathic lipids, a major component being phospholipids. Nile Red emits deep red 

fluorescence with an emission wavelength greater than 590 nm when staining amphipathic 

lipids. Another advantage is that Nile Red only fluoresces in a hydrophobic environment but 

may be applied to cells in a dilute aqueous medium (221-223). A third advantage of Nile Red 

compared to Oil Red O is that Nile Red can be quantitatively analyzed via flow cytometry. Oil 

Red O is a common qualitative analysis of adipocytes used in histochemistry in tissue 

sections. 

 

Adipose tissue is primarily composed of adipocytes. There are two types of adipocytes, white 

adipocytes and brown adipocytes. White adipocytes are the more abundant of the two in the 

human body. White adipocytes are mainly involved in energy storage and mobilization, but 

they also produce proteins important in homeostasis and blood pressure, and are involved in 

immune function, angiogenesis, endocrine and secretory functions (224-227). White adipose 

tissue is located intra-abdominally and subcutaneously. Interestingly, it is also located in the 

bone marrow and areas such as the face and extremities. Brown adipose tissue was initially 

considered to be located only in newborns but reports suggest that it is indeed found within 
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adults and it is most evident in the supraclavicular area. Brown adipocytes are involved in 

thermogenesis or energy expenditure (228). Mature brown adipocytes are nucleated cells 

and can be distinguished from their white counterparts by their numerous mitochondria 

contributing to thermogenesis and also contain fewer lipids. Mature white adipocytes are 

nucleated cells that contain a large single lipid vacuole consisting of triglycerides (229). 

 

Adipose differentiation is a complex process. It involves a transcriptional cascade, changes in 

cell morphology and sensitivity towards hormones. All the functions are neatly coordinated 

and there is still much to be learnt about the intermediate cellular components making up 

this complex process. Adipogenesis has been primarily studied in vitro in murine 

preadipocyte cell lines (already committed to the adipogenic lineage), such as the 3T3-L1 

and 3T3-F442A lines, or on both primary and immortalized murine embryonic fibroblasts 

(MEFs), as well as murine (m)ESCs and mMSC. An immortalized mMSC line was developed 

called C3H10T1/2. Murine brown ASCs isolated from mouse fat pads have been used for 

adipogenic research as well. Very little research on adipogenesis has been done using 

human primary cell models. One should be wary of translating observations seen in murine 

experiments to humans as mouse fat distribution and the percentage of white and brown fat 

differs to that of humans. Observed differences may also be due to heterogeneity: 

heterogeneity in the locations of adipose tissue, heterogeneity among individual cells and 

patient heterogeneity. Brown and white adipose tissues are clearly different in their location 

and metabolic capabilities. The adipose tissue used to isolate ASCs in our research laboratory 

is WAT from patients mainly undergoing routine liposuction, breast augmentation and 

abdominoplasty procedures. Adipose tissue from different locations is metabolically different 

and has different functions (230-232). White adipose tissue is a heterogeneous organ 

consisting of several cell types and not just adipocytes. These other cell types include cells of 

the SVF such as ASCs, fibroblasts and macrophages. Adipose-derived stromal cell 

populations themselves are heterogeneous and any one cell within this population has a 

variable differentiation capability compared to the other cells in this population. Lastly, the 

adipose tissue and the cells contained therein are also different between patients. The high 

variability that we have seen has made it difficult to define stromal cells and as such they are 

classified by a combination of properties previously described.  

 

Improvement in quantitative detection methods for adipocytes and the differentiation 

process will assure the way forward for the study of adipogenesis and the intermediate cells 
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involved in this process, particularly for translation in vivo. This would be of particular 

interest in studies on disease and inflammation as the ratio of pre-adipocytes to mature 

adipocytes is said to change during inflammation. White adipose tissue releases many pro-

inflammatory cytokines such as TNF-α and IL-6 (233). Adipocytes also contain receptors for 

many of pro-inflammatory cytokines. Adipose tissue, for example, contains both TNF 

receptors 1 and 2, known as TNFR60 and TNFR80 respectively. Tumor necrosis factor-α has 

the propensity to prevent pre-adipocyte differentiation as well as promote apoptosis of 

mature adipocytes (234, 235). These observations could help further studies on 

inflammation and show that there is a link between these cells and inflammation. 

 

Effect of reactive oxygen species on adipogenesis 

There have been a number of studies demonstrating the effect of ROS on adipogenesis. 

Carrière and colleagues carried out one such study. They tested the implication of 

endogenous ROS, produced by the mitochondria, in adipogenic differentiation of ASCs. The 

researchers demonstrated that intracellular ROS inhibited adipogenesis (236). An earlier 

study also by Carrière and colleagues demonstrated that an increase in mitochondrial ROS 

(increasing intracellular H2O2) inhibited the growth of preadipocytes. The addition of free 

radical scavengers negated the generation of ROS and thus the effect of ROS, producing the 

opposite result (237). Adipocytes under oxidative stress had decreased C/EBPα gene 

expression and decreased binding of C/EBPα-containing dimers resulting in inhibition of 

adipocyte differentiation (238). Mitochondrial ROS controlled the expression of the 

adipogenic repressor, CCAAT/enhancer-binding protein homologous protein-10/growth 

arrest, and DNA damage-inducible protein 153 (CHOP-10/GADD153), and thus inhibited 

adipocyte differentiation of 3T3-F442A preadipocytes (239).  

 

On a contradictory note, there have been studies that report that ROS generation induces 

adipogenesis. Human MSCs were treated with D-galactose and galactose oxidase to 

continuously generate exogenous H2O2, subsequently producing an increase in intracellular 

H2O2 even in the presence of mitochondrial-targeted antioxidant MitoCP. The increase in 

intracellular ROS resulted in the induction of adipogenesis-related genes and lipid droplet 

accumulation. Thus, the researchers hypothesized that ROS generation promotes 

adipogenesis (240). Oxidative stress was mimicked by a lentiviral overexpression of Nox4 

and exogenous H2O2, and both of these exploitations resulted in enhanced adipogenesis 

(241). Another research group demonstrated using RNA interference that the knock-down of 
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Nox4 in MSCs inhibited ROS generation and adipocyte differentiation. They discovered that 

generated ROS mediates differentiation via a cAMP response element-binding protein (CREB) 

in MSCs. The MSCs were treated with the antioxidant N-acetyl-L-cysteine (NAC), which 

blocked the transcriptional activation of CREB, a transcription factor involved in adipocyte 

differentiation. The NAC also inhibited the expression of the adipocyte markers C/EBPα, 

C/EBPβ, and PPARγ (242). Similarly, Shröder and colleagues demonstrated that by blocking 

Nox4 expression, using siRNA, it inhibited insulin-induced adipogenic differentiation of 3T3-

L1 cells (243). 

 

Hydrogen peroxide mimics the effect of insulin by increasing lipid synthesis from glucose in 

adipocytes (244). Lee and colleagues reported that when 3T3-L1 cells were treated with 

H2O2, adipogenic differentiation was enhanced. They also noted that ROS was generated 

during adipogenesis (245). In 2014 it was demonstrated that the knock-down of MnSOD in 

3T3-L1 preadipocytes impaired adipogenesis (246). An increase in NO was observed in rat 

preadipocytes in the initial days of adipogenic differentiation, leading to the conclusion that 

NO promotes adipogenic differentiation (247). Adipocyte differentiation needs to be further 

elucidated and the opposing results may in fact be due to inconsistent or differing amounts 

of ROS and other factors being compared.  

 

Effect of hypoxia and artificial hypoxia on adipogenesis 

Oxygen concentrations influence cell fates and are important regulators of differentiation. 

The consensus appears to be that hypoxia is correlated with an attenuation of adipogenesis. 

In response to hypoxia, dimerization of HIF-1α and HIF-1β forms HIF-1, which leads to the 

repression of PPARγ2 and decreases the expression of C/EBPβ. Low levels of O2 activate HIF-

1α–HIF-1β heterodimers, which upregulate Dec1 gene expression. The DEC1 protein 

represses PPARγ transcription, which in turn inhibits the differentiation of preadipocytes into 

adipocytes (248). Kim et al. similarly suggested that inhibition of adipogenic differentiation is 

due to PPARγ repression (249). Lin et al. observed that preadipocytes induced to 

differentiate under hypoxic conditions maintained their precursory phenotype. Following this, 

they found that MSCs subjected to the same conditions also maintained their phenotype 

(250). The DNA-binding capability of C/EBPβ was demonstrated by Park et al. to be inhibited 

by hypoxia (251). 
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A study performed by Fink and colleagues found that under hypoxic conditions, an 

immortalized MSC cell line formed cytoplasmic lipids and displayed an adipocyte-like 

phenotype. Upon gene expression analysis however, there was no adipocyte-specific gene 

expression observed, and they thus concluded that adipogenic differentiation did not take 

place (252). On the other-hand Valorani et al. discovered that pre-conditioning ASCs under 

hypoxic conditions and then returning them to normoxia improved their adipogenic potential 

(253). The activation of the HIF transcription factor results in an increase in the expression 

of genes whose products are considered stemness markers such as OCT4 (254). This 

supports the concept that hypoxia promotes the proliferation of stem cells and maintains the 

stem cell phenotype. This may be useful when culturing the large numbers of cells needed 

for transplantation. Rosovo and colleagues observed that preculturing MSCs under hypoxic 

conditions prior to transplantation improved their tissue regenerative potential (255). 

 

The effect that artificial hypoxia has on the adipogenic and regenerative potential of stromal 

cells will need to be elucidated, as very few studies have been performed in this area. The 

pharmacological inhibition of PHD activity by DMOG during the early stages of adipogenic 

differentiation of 3T3-L1 preadipocytes abrogated the formation of adipocytes (256). 

Treatment of C3H10T1/2 cells with DMOG attenuated rosiglitazone-induced adipocyte 

differentiation. This was accompanied by the reduced expression of fatty acid binding protein 

4 (FABP4; also known as aP2) and PPARγ (257). Lastly, a study utilizing MC3T3-E1 pre-

osteoblasts found that adipogenic gene expression was increased while osteoblastic genes 

were suppressed following treatment with DMOG (258). 

 

Concluding remark 

There are a number of factors that are hampering the realization of ASC therapeutic 

potential including indecisive nomenclature, complex niches, inconsistent differentiation 

results, and the lack of adequate surface markers. This dissertation focuses on the in vitro 

effect of ROS and artificial hypoxia on the adipogenic differentiation capability of ASCs in the 

hope of being able to contribute to the understanding of how adipogenesis is influenced 

during inflammation or settings requiring stem cell therapy. 
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Chapter 2 

 

Research questions 

 

The questions that were addressed in this dissertation were: 

1. How can we measure ROS in MSC cultures? 

2. Does modulation of ROS via the addition of a pro- or anti-oxidant to primary cultures 

affect differentiation of MSCs into adipocytes? 

3. Does artificial hypoxia affect the adipogenic differentiation potential of MSCs? 

 

Aim 

The proposed project aims to assess the effects that hydrogen peroxide (H2O2) and the 

antioxidants, Trolox and CoQ10, have on the differentiation of MSCs into adipocytes under 

normoxic conditions as well as the effect of artificial hypoxia on the differentiation of MSCs 

into adipocytes. 

 

Hypothesis 

Reactive oxygen species will enhance adipogenesis and artificial hypoxia will diminish the 

adipogenic potential of MSCs in vitro. 

 

Objectives 

a. To determine the concentrations of ROS, antioxidants, and DMOG to be used to 

test for their effects on long term MSC cultures and cultures induced to 

differentiate into adipocytes. 

b. To measure the levels of ROS using MitoSOX™ Red mitochondrial superoxide 

indicator. 

c. To assess MSC phenotypic markers using flow cytometry. 

d. To measure cell viability via the MTT and SRB assays.  

e. To assess for adipogenic differentiation under the different conditions and to 

characterize this differentiation quantitatively using Nile Red and qualitatively 

using Oil Red O staining.  

f. To assess for osteogenic differentiation qualitatively using Alizarin Red stain.
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g. To assess for chondrogenic differentiation qualitatively using the micromass pellet 

culture technique, and histological assessment using Toluidine Blue O stain. 
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Chapter 3 

 

Characterization of isolated human adipose-derived 

mesenchymal stromal/stem cells: Phenotypic analysis and tri-

lineage differentiation 

 

Introduction 

 

There has been a paradigm shift in the tissue engineering and regenerative medicine field. 

The idea that a disease or damaged organ could be treated with stem cells has heightened 

interest in this field. The exponential increase in stem cell research in the last two decades 

has raised the hope of patients. This is globally attributed to the promise that stem cell-

based therapies will cure them of their disease. Unfortunately there are clinics exploiting the 

hopes of these vulnerable patients and enticing them with the offer of effective stem cell 

treatments without a substantial scientific foundation. This has jeopardized the progression 

of honest translational stem cell research. The tissue engineering and regenerative potential 

of embryonic stem cells (ESCs), nuclear transfer (NT)-ESCs, and induced pluripotent stem 

(iPS) cells has, understandably, lead to much excitement. Limitations to their practical use 

include ethical concerns and legal regulations.  

 

Mesenchymal stromal cells (MSCs) contain a sub-population of adult stem cells that display 

promising potential in the field of cell-based therapy and regenerative medicine. Adult stem 

cells are multipotent cells that have the ability to differentiate into a limited number of cell 

types characteristic of the embryonic germ layer of origin (1). Mesenchymal stromal cells are 

a heterogeneous group of cells, first discovered in 1867 that have become a fundamental 

point of focus in stem cell research. Adult stem cells have tremendous potential to be applied 

in a large number of unrelated disorders. Studies on MSCs range from their isolation, 

characterization, differentiation potential and their in vivo competencies. Mesenchymal 

stromal cells were investigated for clinical safety as early as 1995 and have since been 

studied in numerous clinical trials. It is the plasticity to generate cells of different lineages 

and the paracrine effects of adult stem cells that are being exploited. The need for Good 
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Manufacturing Practice (GMP) and pre-clinical data is tantamount to success in this research 

area.  

 

The definition of a stem cell is that it has the ability to self-renew and the capacity to 

undergo differentiation. The ideal stem cell should be found in abundant quantities, 

harvested by a minimally invasive route, and should have the ability to differentiate along 

multiple cell lineages in a reproducible manner. From a clinical aspect, additionally, a stem 

cell should be safe to transplant into either an autologous or allogeneic host and can be 

manufactured in accordance with current GMP guidelines (2). Bone marrow was the original 

and main source of multipotent adult stem cells to be investigated (1). Literature states that 

a draw-back of using bone marrow-derived MSCs for therapeutic purposes is that their 

differentiation capabilities decline with age and thus perhaps the therapeutic potential 

decreases as well (3, 4). A second source of adult stem cells is adipose tissue which is 

advantageous because larger quantities can be obtained with relative ease when compared 

to bone marrow (5). Alternative sources of stem cells known as neonatal stem cells are from 

umbilical cord blood (6) and the Wharton’s jelly of the umbilical cord (7). These 

mesenchymal-like cells are obtained via a less invasive manner and pose no risk to the baby 

or mother. The numbers of cells obtained, however, are fewer, but it is said that these 

neonatal stem cells are rapidly self-renewing and can be expanded over a longer period of 

time than MSCs from bone marrow (6, 8). 

 

The International Society for Cellular Therapy (ISCT) states that the proper term for 

mesenchymal stem cell is “multipotent mesenchymal stromal cell”. Despite this term gaining 

popular use, the International Federation for Adipose Therapeutics and Science (IFATS) and 

the ISCT released a joint statement in 2013 defining that stromal cells obtained from the 

stromal vascular fraction (SVF) of adipose tissue should be termed adipose-derived stromal 

cells (ASCs) (9). Due to the ease of isolation and adequate numbers obtained, ASCs have 

become a popular alternative choice of adult stem cell to study. The intrinsic properties of 

these cells make them attractive candidates for clinical and regenerative applications. 

Adipose-derived stromal cells display an immune-privilege nature and therefore, have the 

potential to evade immune recognition and rejection by the host’s immune system (10, 11). 

In addition, ASCs have the ability to differentiate into tissues of mesodermal origin. It is well 

established that ASCs can differentiate into adipose, bone, cartilage, and muscle cells upon 

in vitro induction (12). It has also been shown that once these cells have been transplanted, 
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they can repair damaged tissues at the site of injury by differentiating into the damaged 

tissue type (13). An exciting development was the discovery that ASCs can also 

transdifferentiate into non-mesodermal lineages (14). 

 

A more recent mechanism discovered to be associated with ASCs’ function is the ability to 

secrete growth factors and other molecules that can initiate repair in distant tissues by 

providing a regenerative microenvironment within an injured or inflamed tissue. This is 

referred to as the paracrine activity of ASCs and has been successfully demonstrated in 

several studies (15). Following systemic delivery, these cells purportedly respond to chemical 

signaling molecules, which are elevated in settings of inflammation. Moving up the 

concentration gradient, created by a number of cytokines in settings of inflammation or 

injury, MSCs are able to home to the site of injury where they can mediate repair locally 

following distant systemic delivery (16, 17). ASCs, however, have been discovered to lack 

some cell surface markers involved in homing. Mesenchymal stromal cells isolated from the 

bone marrow are CD106 (vascular cell adhesion molecule 1; VCAM-1) positive, but ASCs are 

CD106 negative. Vascular cell adhesion molecule 1 plays a role in hematopoietic stem cell 

(HSC) and progenitor cell homing (18). Stromal cell-derived factor-1 (SDF-1) is an important 

molecule involved in homing. However, Muehlberg and colleagues demonstrated in an in 

vivo study that SDF-1 was secreted by ASCs and promoted the invasion as well as metastasis 

of breast cancer (19). There have been mixed reports about the effects of ASCs on tumours. 

This is one area of research that will need to be investigated further for the safe clinical 

translation of these cells. 

 

The minimal criteria to define ASCs (Figure 3.1) are that they adhere to plastic under 

standard culture conditions, undergo fibroblastoid colony forming unit (CFU-F) formation and 

differentiate into osteoblasts, chondrocytes and adipocytes. Further characterization of ASCs 

is by their expression of cell surface markers and the lack of others (9, 20, 21). 

Unfortunately there is no cell-surface marker specific for ASCs. Heterogeneous ASC 

populations can be distinguished from other cell populations due to their lack of 

hematopoietic characteristic markers and the expression of other common phenotypic 

markers (20). The expression of markers may vary between tissues. According to the 

literature, cluster of differentiation (CD) 13, CD29, CD44, CD73, CD90, CD105 (>80% in 

ASCs) can be considered primary stable positive markers. The primary negative markers can 

be considered as CD31, CD45, CD235a (<2%). An unstable marker that can be present at 
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variable levels is CD34 (22). Three commonly characterized surface markers expressed on 

ASCs appear to be CD73, CD90, and CD105.  

 

Adipose tissue is an abundant and accessible source of stem cells. There are many preclinical 

studies assuring the safety and efficacy of ASCs and various clinical trials that have revealed 

the regenerative capability of ASCs. We are in possession of a great deal of knowledge 

concerning the isolation, characterization, and culture of ASCs. However, standardization of 

GMP practices, a greater understanding of the mechanisms of differentiation, and an 

appreciation of the interactions among ASCs, growth factors, and tissues for engineering and 

regeneration are needed to cross this threshold into clinical therapy. With these concepts in 

mind, this chapter aimed to characterize these cells and the succeeding chapters present a 

more in-depth understanding of ASC adipogenic differentiation in terms of disease, 

inflammation and niche environment. 

 

                      

Figure 3.1. Minimal criteria defining adipose-derived stromal cells. The International 

Federation for Adipose Therapeutics and Science (IFATS) and the International Society for Cellular 

Therapy (ISCT) released a joint statement of criteria to be met for cells to be considered ASCs. 1) 

adherence to plastic under standard culture conditions; 2) phenotype positive (>95%) for common 

MSC surface markers CD73, CD90 and CD105 with the complementary CD44 recommended, and 

phenotype negative (<2%) for CD45 and CD31. 3) In vitro differentiation into the osteogenic, 

adipogenic, and chondrogenic lineages. The CFU-F assay is recommended. Adherence to these criteria 

by scientists would help to standardize the protocols used in obtaining the ASCs. 
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Materials and methods 

 

Consent and confidentiality 

Written approval for the following studies was obtained from the Research Ethics Committee 

of the Faculty of Health Sciences at the University of Pretoria (protocol no: 422-2013) and 

amendments to the current blanket ethics that was previously obtained in 2010 were 

approved (protocol no: 218-2010). Prof. Piet Coetzee (Head of Plastic Surgery, Steve Biko 

Academic Hospital), Dr. Danie Hoffman (private practice in Pretoria), and Dr. Sterna 

Franzsen (private practice in Pretoria) acquired discarded lipoaspirates from human donors 

following written informed consent. No personal information, except donor’s gender and age, 

was collected from the participants and lipoaspirate samples were coded to ensure patient 

anonymity. The nomenclature used is the first letter of the tissue of origin, next the date of 

surgery (day; month; year), and the participant on that day, for example, A270311/01 

(Figure 3.2).  

 

            

Figure 3.2. Nomenclature used to code donor samples. Nomenclature indicates the tissue of 

origin, the date of acquisition and the number of donors.  
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Isolation of the stromal vascular fraction of adipose tissue 

Subcutaneous abdominal adipose tissue from 10 female participants of the ages between 20 

and 50 years was selected for the entire study. There were five lipoaspirates from which 

primary cells were previously isolated and cryopreserved and five lipoaspirates from which 

primary cells were freshly isolated. Liposuction was obtained using a modified Coleman 

method with dry needle aspiration using a 3 mm blunt-tipped cannula (23). The collected 

raw lipoaspirates were transferred into 50 ml Corning® CentriStarTM Centrifuge Tubes 

(Corning Incorporated, New York, USA) with the addition of sterile phosphate buffered saline 

(PBS) and centrifuged for 3 minutes at 1 152 g. The top oil layer of low density that was 

produced following centrifugation was aspirated. Centrifugation and aspiration of the oil 

layer were repeated twice more. The second layer consisting of the adipose tissue was 

transferred into sterile tissue culture dishes (Nunc, Thermo Fisher Scientific, Roskilde, 

Denmark) and digested with filtered 0.1% (w/v) Collagenase A Type I (Sigma-Aldrich, St 

Louis, Missouri, USA) prepared in PBS containing 2% (v/v) of the combined antibiotics, 

Penicillin-Streptomycin mix (Pen/Strep; Sigma-Aldrich). The samples were incubated for 45 

minutes at 37°C and 5% CO2. Dispersion of the collagenase throughout the samples by 

pipetting using a disposable serological pipette (ALP, Chorges, France) enhanced the 

dissociation of the adipose tissue. Thus frequent agitation, approximately every 15 minutes, 

during the incubation period promoted the digestion of the tissue and released the cellular 

fraction. The digested samples were transferred into new sterile 50 ml CentriStarTM 

Centrifuge Tubes and centrifuged for 5 minutes at 512 g. The centrifuged samples were 

shaken vigorously and the pellets disrupted to allow the cells to re-disperse. Centrifugation 

was repeated once more for 5 minutes at 512 g. The upper-most layer consisting of adipose 

tissue and collagenase was removed from each pellet. Any remaining collagenase was 

neutralized by the addition of Minimum Essential Medium-alpha (α-MEM; Gibco®, Invitrogen 

Corporation, Carlsbad, California, USA) containing 10% (v/v) fetal bovine serum (FBS; 

Biochrom AG, Berlin, Germany) and 2% (v/v) Pen/Strep (Gibco®) to every pellet. The FBS is 

the component that neutralizes the collagenase. 

 

The resuspended pellets in complete α-MEM were transferred to 15 ml CentriStarTM 

Centrifuge Tubes, followed by washing of the suspensions with PBS. The samples were 

pipetted up and down several times to disrupt any cell aggregates. The samples were then 

centrifuged for 5 minutes at 184 g. The supernatant of each sample was aspirated carefully 
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to ensure that the stromal vascular fraction (SVF) cells were not disrupted. The remaining 

pelleted SVF was resuspended in VersaLyse Lysing Solution® (Beckman Coulter, Krefeld, 

Germany), which lyses red blood cells, for 10 minutes at room temperature. Once again PBS 

was added and the samples were centrifuged for 5 minutes at 184 g. This was followed by a 

final wash with PBS containing 2% (v/v) Pen/Strep. The suspension was centrifuged for 5 

minutes at 184 g and the supernatant removed. The remaining cell pellet was resuspended 

in a maximum of 2 ml of complete growth medium (α-MEM supplemented with 10%, v/v 

FBS, and 2%, v/v Pen/Strep). The cell suspension was filtered through a 70 µm Falcon® cell 

strainer (Becton, Dickinson and Company (BD), Franklin Lakes, New Jersey, USA). The cell 

strainer was washed with an additional 1 ml of complete growth medium to ensure that all 

the cells were obtained. The collected cells were counted using flow cytometry and plated in 

a tissue culture flask (Summarized in Figure 3.3). 
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Figure 3.3. Sequential processing of lipoaspirate and isolation of the stromal vascular 

fraction cells. The principal steps of enzymatic processing of the lipoaspirate. (1) Lipoaspirate; (2) 

Lipoaspirate transferred to conical tubes; (3) Removal of oil layer; (4) Collagenase digestion; (5) 

Acquisition of the stromal vascular fraction (SVF); and (6) Seeding of the heterogenous adipose-

derived stromal cell (ASC) population into tissue culture flasks.  
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Expansion and maintenance of human adipose-derived stromal cells in cell 

culture 

Large numbers of ASCs were required for all of the experiments in this study and large 

numbers of ASCs can be generated by expansion of the cells in tissue culture flasks. The 

isolated cells were allowed to attach optimally to the plastic surface of the flask for 24 to 96 

hours. Following attachment, any contaminating red blood cells, dead cells and cell debris 

were removed and the conditioned growth medium was replaced with complete growth 

medium. The isolated cells were cultured for another two days and then the conditioned 

medium was replenished. The adherent cell cultures were maintained in an incubator at 37°C 

with a humidified atmosphere containing 5% CO2. The changing and replenishment of media 

were carried out every second day until the cells reached ± 80% confluence. These primary 

cells were defined as “passage 0” (P0). The adherent cells were detached from the flask’s 

plastic surface using Trypsin-EDTA (0.25%, w/v) (Gibco®) and counted using Flow-CountTM 

Fluorospheres (Beckman Coulter) on a GalliosTM flow cytometer (Beckman Coulter). Following 

flow cytometric phenotypic confirmation the plastic-adherent cells were now considered 

ASCs. The ASCs were re-plated at a density of 5 x 103 cells/cm2 in 80 cm2 NunclonTM 

SpheraTM Flasks for expansion (Nunc).  

 

Aliquots of 1 million Trypsin-EDTA-detached primary ASCs that were transferred to cryovials 

(Greiner Bio-One, Frickenhausen, Germany) were cryopreserved in growth medium 

supplemented with 10% (v/v) FBS and 10% (v/v) Dimethyl sulfoxide, (CH3)2SO, (DMSO; 

Sigma-Aldrich) and placed in a Mr FrostyTM freezing container (Nalgene®, Thermo Fisher 

Scientific) to slowly freeze in a -80°C freezer for 24 hours. This freezing container reduces 

the temperature by 1°C per minute (linearized cooling rate), which is optimal for freezing the 

cells. Dimethyl sulfoxide is a cryoprotectant, which partially solubilizes the cell membrane 

and interrupts ice lattices, leading to the formation of fewer crystals. The formation of 

crystals is detrimental because they may puncture the cell membrane leading to cell death. 

The cryovials were transferred to liquid nitrogen at -196°C after the 24 hours for further 

storage and subsequent experimentation. Rapid thawing was implemented, when the need 

for the ASCs arose, as DMSO is toxic to cells at room temperature. The thawed ASCs were 

transferred into complete growth medium within a sterile 15 ml Centrifuge Tube and 

centrifuged at 184 g for 5 minutes. The DMSO/complete growth medium mix was aspirated 

and the cell pellet was resuspended in complete growth medium for plating. 
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Sample preparation for the PROCLEIX ULTRIO Plus® assay  

Apart from excess bodily fat or obesity all participants to our knowledge were healthy and 

isolated ASCs were tested for HIV-1, hepatitis B and C to ensure that only non-infected cells 

were used for experimentation. The South African National Blood Services (SANBS) in 2011 

implemented the Procleix ULTRIO Plus® assay (Novartis Diagnostics, Emeryville, California, 

USA), to test for HIV-1, hepatitis B and C positivity in human plasma and serum specimens. 

The Procleix ULTRIO Plus® assay is a nucleic acid amplification test (NAT) that has been 

validated for the simultaneous detection of HIV-1, hepatitis B and hepatitis C. Validation of 

the Procleix ULTRIO Plus® assay for HIV-1 positivity in ASC cultures was determined 

previously by spiking samples with serum containing HIV-1 of a known viral load (van 

Vollenstee et al. submitted).  

 

Conditioned medium and cellular extract were both prepared for the Ultrio plus assay. 

Conditioned medium was removed from the flasks during cellular expansion, four days 

following the changing of medium, and transferred into a 15 ml Centrifuge Tube. The 

conditioned medium contained serum, cellular cytokines released from the cells, cellular 

waste products and cellular debris. The cellular debris had the potential to block the Procleix 

TIGRIS instrument that SANBS uses, thus the conditioned medium was sonicated to break 

up the debris. The conditioned medium was sonicated on high for five seconds with a two 

second rest and repeated twice more giving a total of three bursts. Following this process 

the samples were incubated on ice to prevent protein denaturation caused by the heat 

generated by the sonication process. 

 

The Procleix ULTRIO Plus® assay requires one to two million cells. Adipose derived-stromal 

cultures at 80% confluence were detached using Trypsin-EDTA and centrifuged at 184 g for 

five minutes. The supernatant was removed, the cells were resuspended in complete growth 

medium and 100 µl of the cell suspension was counted using the Flow-CountTM 

Fluorospheres. Between one and two million cells were then resuspended in 5 ml of PBS in a 

15 ml conical tube. The cellular extract underwent the same sonication process as the 

conditioned medium. Both the cellular extract and the conditioned medium of each sample 

were labeled and stored at -20°C. The samples were transported to the SANBS laboratory on 

dry ice.  
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Multi-colour flow-cytometric analysis of immunophenotype 

Multi-colour flow cytometry was employed for the immunophenotypic analysis. Adherent cell 

phenotypes were assessed at each passage. Confluent cultures were trypsinized and 

centrifuged for 5 minutes at 184 g. The supernatant was aspirated and the pellet 

resuspended in PBS. The cell suspension was incubated with Phycoerythrin-Cyanin 7-

conjugated CD34 (CD34-PC7) and Krome orange-conjugated CD45 (CD45-KO) antibodies 

(Both Beckman Coulter), which are directed against cell-surface molecules, present on 

human HSCs and thus act as negative expression markers. Adipose-derived stromal cells 

should be <2% positive for surface markers CD34 and CD45. The cell suspension was also 

incubated with fluorescein isothiocyanate-conjugated CD73 (CD73-FITC; eBioscience, San 

Diego, California, USA), Phycoerythrin-Cyanin 5.1-conjugated CD90 (CD90-PC5; Beckman 

Coulter), and phycoerythrin-conjugated CD105 (CD105-PE; Beckman Coulter) antibodies 

directed against cell-surface molecules present on stromal cells. The panel of 5 antibodies 

(Table 3.1) was incubated for 10 to 15 minutes in the dark at room temperature. The ASCs-

antibody mixture was subsequently washed with PBS once to remove any unbound 

antibodies that may cause background fluorescence. The ASC-antibody mixture was then 

resuspended in PBS. Cells that were not stained with antibodies represented a negative 

control allowing for the detection of any autofluorescence from the cells. Data was obtained 

by flow cytometric analysis (GalliosTM). The unstained cell events were measured within the 

first decade of single-parameter plots. A minimum of 5 000 events per flow cytometric 

sample was collected and dead cells, cellular aggregates and debris were excluded from the 

analysis. The list mode data (LMD) generated was analyzed using Kaluza® Analysis Software 

1.2 (Beckman Coulter). In order to keep the settings uniform during the experiments, the 

flow cytometer was checked before each experiment with Flow-Check™ Fluorospheres 

(Beckman Coulter) and the voltage was maintained.  

 

Table 3.1. The antibody panel and the corresponding fluorescent channels that 

were used in this study.  

          
Monoclonal mouse anti-human antibodies were available for use. 
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Viability 

The cells were harvested by trypsinization and the viability analyzed by staining with 

propidium iodide (PI; Sigma-Aldrich). Percentages of viable and non-viable cells were 

detected using flow cytometry and detector FL3. A PI working solution of 50 µg/ml was 

prepared in PBS. Propidium iodide is membrane impermeant and thus was excluded from 

viable cells. Non-viable cells stained positive for PI because of a loss in cell membrane 

integrity. 

 

Fibroblastoid colony-forming unit assay 

Plastic-adhering cells were serially diluted and seeded onto 100 x 20 mm CELLSTAR® tissue 

culture dishes (Greiner Bio-One) in triplicate at a final density of 100 cells per dish, which is 

an average cell density of 1.72 cells/cm2 (number of cells/growth area). Clonal growth was 

carried out for 13 days of culture. The colonies were washed twice with PBS and fixed with 

4% (v/v) formaldehyde for 60 minutes. After fixation, colonies were washed twice again with 

PBS and stained with Toluidine Blue O stain (Sigma-Aldrich) and enumerated. The colony 

sizes consisted of three categories: 0-25 cells, 25-50 cells or >50 cells. 

 

In vitro tri-lineage differentiation analyses 

Adipose-derived stromal cells were seeded into 6-well plates at a density of 5 x 103 

cells/cm2. The cells were grown to confluence under standard growth medium conditions and 

then induced to differentiate. In a preliminary study various seeding densities were used. A 

seeding density of 5 000 cells/cm2 was determined to be optimal. Adipogenic and osteogenic 

differentiation were induced by the replacement of complete αMEM with specific induction 

medium in the differentiation wells and complete DMEM containing 10% (v/v) FBS and 2% 

(v/v) Pen/Strep in the control wells. Micromass pellets were maintained for chondrogenic 

differentiation.  

 

Adipogenic induction 

At confluence, in triplicate, the standard growth medium was replaced with adipogenic 

induction medium consisting of DMEM culture medium supplemented with 1 µM 

Dexamethasone (Sigma-Aldrich), 500 µM 3-iosbutyl-methylxanthine (Sigma-Aldrich), 200 µM 

Indomethacin (Sigma-Aldrich), 1.72 µM (10 µg/ml) human Insulin (Gibco®), 10% (v/v) FBS 

and 2% (v/v) Pen/Strep (1). Insulin increases lipogenic activity (24). Indomethacin 
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accelerates adipogenesis by increasing CCAAT/enhancer-binding protein (C/EBP)-β and 

peroxisome proliferator-activated receptor (PPAR)-γ gene expression (25, 26). Respective 

experimental control medium (used for non-differentiated cells) consisted of DMEM 

supplemented with 10% (v/v) FBS and 2% (v/v) Pen/Strep. Medium was replaced on the 1st 

and 5th days of the induction week and the cells were replenished with medium on the 3rd 

day of the induction week.  

 

Following 21 days of induction, the non-induced and induced cells were fixed for 60 minutes 

using a 4% (v/v) formaldehyde solution. The fixed cells were stored in PBS until staining 

took place. An Oil Red O stock solution consisting of 10 mM (0.5%, w/v) of Oil Red O in 

absolute isopropanol (C3H7OH) was prepared. The stock solution was stirred overnight and 

filtered through two layers of Whatman® filter paper (Grade 1:11 µm, 500 mm diameter). 

An Oil Red O working solution was prepared from the stock solution. The fixed cells were 

washed with 60% (v/v) isopropanol prior to staining. Staining the cells with a 0.3% (v/v) Oil 

Red O working solution for 40 minutes at room temperature qualitatively assessed lipid 

droplet accumulation in the cells. The Oil Red O stain was removed and the cells were 

washed extensively with double distilled water (ddH2O). Cells were then counter-stained with 

0.01% (w/v) Toluidine Blue O (0.01%, w/v Na2CO3) for 5 minutes. Any remaining stain was 

removed by washing the cells three times with ddH2O. Images were acquired using an 

Axiovert 200 fluorescence microscope (Zeiss, Jena, Germany).  

 

Osteogenic induction 

At confluence, on the day of induction, the conditioned medium was replaced with 

osteogenic induction medium or control complete DMEM. Complete DMEM was 

supplemented with 10 mM B-glycerophosphate disodium salt hydrate, 50 µM 2-Phospho-L-

ascorbic acid trisodium salt (Both from Sigma-Aldrich), 1 µM Dexamethasone, 10% (v/v) FBS 

and 2% (v/v) Pen/Strep. Medium was replaced on the 1st and 5th days of culture and the 

cells were replenished with medium on the 3rd day of culture. Alizarin Red S (Sigma-Aldrich) 

was used as an indicator of osteogenic differentiation as Alizarin Red S stains calcium-rich 

deposits, known as mineralization, in culture. Cultures were fixed using 4% (v/v) 

formaldehyde and washed twice with ddH2O. Prior to Alizarin Red S staining the cultures 

were washed with PBS (pH4.2) for 5 minutes. The cells were stained with a 2% (w/v, 58.44 

mM) Alizarin Red S solution at a pH 4.2 for 20 minutes. Following staining any remaining 
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stain was removed and the cells were extensively washed with ddH2O. Images were 

acquired using a fluorescence microscope.  

 

Chondrogenic induction 

Approximately 200 000 cells were aliquoted into 15 ml Centrifuge Tubes for chondrogenic 

micromass pellet formation (27, 28). The ASCs were initially centrifuged at 184 g for 5 

minutes and then resuspended in 1 ml of chondrogenic medium containing DMEM 

supplemented with 0.91 mM (100 µg/ml) Pyruvic acid sodium salt (Merck, Darmstadt, 

Germany), 0.35 mM (40 µg/ml) L-Proline (Merck), 0.16 mM (50 µg/ml) 2-Phospho-L-ascorbic 

acid trisodium salt, 1 µM Dexamethasone, 1% (v/v) BD Biosciences ITSTM premix (BD), and 

0.39 µM (10 ng/mL) Transforming growth factor (TGF)-β3 (Invitrogen). The ASCs were 

centrifuged for a second time at 400 g for 10 minutes to form pellets and these pellets were 

maintained in culture in the Centrifuge Tubes for 21 days, with the medium replaced on the 

1st and 5th days of culture and the cells were replenished with medium on the 3rd day of 

culture.  

 

Following 21 days of chondrogenic induction the micromass pellets were fixed in 4% (v/v) 

formaldehyde. The micromass pellets were sequentially dehydrated in 30%, 50%, 70% and 

90% ethanol (EtOH) for 15 minutes at each step. Following the 90% EtOH dehydration step, 

the micromass pellets were dehydrated with absolute EtOH for 15 minutes. This final step 

was repeated twice more. The absolute EtOH was removed and the micromass pellets were 

infiltrated with 50% (v/v) LR White Resin and the other 50% (v/v) absolute EtOH and 

incubated for 1 hour. The micromass pellets were infiltrated with 100% LR White Resin and 

incubated in the fridge overnight. The micromass pellets embedded in resin were transferred 

to gelatinous capsules and the resin was polymerized by thermal curing for 24 hours. 

Sections of 1 µm in thickness from each micromass pellet were obtained using an 

ultramicrotome (Reichert Ultracut E, Vienna, Austria) and a glass blade. Slides of the 

sections were created and stained with 1% (w/v) Toluidine Blue O, and cover slips (22 x 22 

mm) were mounted and fixed using Entellan® (Merck). Images were acquired using a 

fluorescence microscope and an AxioCamMR5 (Zeiss). 
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Statistical analysis 

Kaluza statistics files were exported into Microsoft® Excel® for Mac 2011 Version 14.4.4 

(140807) for further analysis. Other statistics were performed using Prism 6 for Mac 2013 

(GraphPad Software) Version 6.0d. Data are represented as mean ± standard deviation 

(SD). The D’Agostino-Pearson omnibus K2 normality test was utilized to quantify how much 

a data set deviated from a Gaussian distribution. If the data followed a Gaussian distribution, 

statistical differences were calculated using One–way analysis of variance (One-way ANOVA) 

followed by a Tukey multiple comparisons test. If the data did not follow a Gaussian 

distribution then a non-parametric statistical method was followed. The Kruskal-Wallis test 

was utilized followed by the multiple comparisons test, the Dunn’s post test. The multiple 

comparison tests indicate the significance level of a comparison. Differences were considered 

significant at P<0.05. 

 

Results 

 

The ASCs from abdominal adipose tissue were characterized according to the common 

criteria for defining MSCs (20) and the guidelines proposed to define ASCs (9), both 

published in Cytotherapy; 1) adherence to tissue culture plastic, 2) >90% viability, 3) 

expression and lack of expression of specific surface markers, 4) ability to form colonies, and 

5) multipotent differentiation potential. 

 

Isolation and expansion of adipose-derived stromal cells 

Upon plating the SVF cells were observed to take approximately 24 hours to adhere to the 

plastic surface of the tissue culture flasks. Initially, contaminating cells of the hematopoietic 

lineage were detected in the flasks but were rapidly lost from the cultures due to the inability 

to adhere to the plastic surface (except macrophages and monocytes which are known to 

adhere) (29). The adherent cells during days 2 to 5 of primary culture, were observed as 

sparsely distributed individual cells. Individual cells varied in size from elongated and spindle-

shaped to flat round cells. The spindle-shaped cells grew rapidly, and the cells that were 

more round grew slower. It was also noted by phase contrast microscopy, that the highly 

proliferative cells’ nuclei contained refractive bodies as the cells lifted slightly to divide. Long 

cell protrusions or processes between cells were also noted.  
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The cells maintained plastic adherence throughout the passages. The adherent ASC 

population reached 80-90% subconfluence based on visual inspection within 7.80 ± 0.84 

days for A180313, 9.20 ± 2.86 days for A220313, and 8.00 ± 1.41 days for A070813; from 

P0 to P5. The length of time that it took to reach 80-90% confluence at each passage was 

not significantly different between donor samples. The morphology was also maintained 

although later passages had increased numbers of the flat round cells. Figure 3.4 depicts the 

morphologies of the observed adherent cells. If the cells were left to become over-confluent 

the cultures formed storiform patterns in wavelike bundles. Decreased proliferation rate was 

also noted in subsequent cultures if the cultures were trypsin detached closer to confluence 

or when over-confluent.  
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Figure 3.4. Morphology of ASCs from subcutaneous adipose tissue cultured in vitro. (A) 

The heterogenous nature of the plated isolated SVF with contaminating cells of the blood lineage 

(A270813, P0, 20x objective, scale bar 20 µm). (B) The adherent ASC population before removal of 

cell debris and contaminating non-adherent cells (A270813, P0, 5x objective, scale bar 100 µm). (C) 

Cells cultured for 3 days after initial plating displayed the typical adherent morphology consisting of 

spindle-shaped cells; however, cells with a flat more rounded morphology were also observed as 

indicated by the arrow (A270813, P0, 5x objective, scale bar 20 µm). (D) Another example of the 

spindle-shaped morphology that was observed (A070813, P5, 5x objective, scale bar 20 µm). The 
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adherent cells were cultured up to ±80% confluency in a T80 flask (E, A180313, P14, 5x objective, 

scale bar 200 µm; and F, A180313, P1F1, 5x objective, scale bar 100 µm).  

 

Screening of adipose-derived stromal cell samples for HIV-1, hepatitis B 

and hepatitis C 

The donor samples were all screened for HIV-1 Ribonucleic acid (RNA), hepatitis B RNA and 

hepatitis C RNA on the Procleix TIGRIS instrument using the Procleix ULTRIO Plus® assay. 

Both the cellular extract and the conditioned medium of all the samples used in this study 

tested negative for HIV-1, hepatitis B, and hepatitis C. When a sample demonstrates an 

analyte signal/analyte cutoff (S/CO) ratio of ≥1, it is considered to be reactive for the target 

RNA (Table 3.2). The table indicates the samples received during this study that were tested. 

Samples that were previously collected and tested, but used during the study, were not 

included in the table. All of the adipose-derived stromal cell samples that were used were 

non-reactive.  

 

Table 3.2. Outcome of PROCLEIX ULTRIO Plus® Assay. 

          

 

Adipose-derived stromal cells exhibit a mesenchymal stromal cell-like 

phenotype 

Adipose-derived stromal cell populations isolated on the basis of adherence to tissue culture 

plastic were evaluated according to their immunophenotypic profile using mouse anti-human 



Chapter 3 - Characterization of ASCs 

	 76 

monoclonal antibodies and flow cytometry. The cells were analyzed for the lack of 

expression of CD45, and CD34 and for the positive expression of CD73 (also known as ecto-

5'-nucleotidase), CD90 (also called Thy-1), and CD105 (Endoglin). The immunophenotype 

protocol was set-up by selecting for the required parameters. A two-parameter linear 

forward-scatter (FS; y-axis) versus logarithmic side-scatter (SS; x-axis) plot was created and 

for the analysis of the cell’s immunophenotype; all of the possible fluorochrome-

combinations for the two-parameter and single-parameter histogram plots were created. 

Two-parameter plots are representative of four different populations displayed over 

quadrants. The lower left quadrant represents the cell population that is negative for both 

fluorochromes. The lower right quadrant represents the cell population that is positive for 

the fluorochrome on the x-axis and negative for the fluorochrome on the y-axis. The upper 

right quadrant represents the cell population that is positive for both fluorochromes. The 

upper left quadrant represents the population that is negative for the fluorochrome on the x-

axis and positive for the fluorochrome on the y-axis. A single-parameter plot represents the 

frequency distribution of the number of events per channel.  
 

The voltages on the flow cytometer were adjusted to ensure that the unstained cells 

(autofluorescence) would be visible within the first decade of the single-parameter histogram 

plots. The voltages were maintained throughout the analysis for consistency. The dead cells, 

cellular aggregates and debris were excluded on the FS versus SS plot by gating only the 

viable cells of interest (Unstained cells in Figure 3.5A). Sequential gating was applied and all 

other plots were gated on this region of interest. Due to the multi-colorimetric nature of this 

analysis, fluorochrome/colour compensation for spectral overlap was necessary. This spectral 

overlap colloquially known as “spillover” is the result of the fluorochrome being measurable 

in more than just one detector. Colour compensating corrects this spillover so that 

information is gathered from a single fluorochrome in a single detector.  
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Figure 3.5. Gating principle. The figures represent an unstained flow cytometric A070813 cell 

sample at P0. All of the plots were gated on the [Unstained cells] region of interest on the FS versus 

SS dot plot (A). The voltages were set to indicate a negative reading within the XY-- quadrant (lower 

left quadrant) of the two-parameter plot and in the first decade of the single-parameter histogram 

plot (B). The unstained cells are highly autofluorescent as indicated by the fluorescence signal in the 

second decade of the single-parameter histogram plot in the FL1 detector channel (C).  

 

Unstained cell suspensions were used to set gates which were maintained for the stained cell 

suspensions. Any cell population appearing to the right of the unstained cell population (in 

the second and greater decades of the four decades) of the single-parameter histogram 

plots was viewed as positively stained. The unstained cells appear to have a high level of 

autofluorescence as indicated by the distribution over two of the four decades. This was 

further investigated by looking at the autofluorescence emitted by another adult stem cell 

population. The fluorescence emitted by an unstained HSC population from mobilized 

peripheral blood was compared to an unstained ASC population. The fluorescence that was 

detected in the FL1 detector channel indicated that the ASC population was a highly 

autofluorescent cell population. The fluorescence of the unstained HSC population was set to 

appear in the first decade of FL1 single-parameter plot. The ASCs were then run through the 

exact same protocol. The fluorescence, detected in the FL1 detector channel, increased as 

was conveyed by the distribution in the greater decades with the ASCs (Figure 3.6B). Similar 

autofluorescence was observed in all 10 FL detector channels. The voltages were set to 

compensate correctly for this autofluorescence and thus the high intrinsic fluorescence of the 

ASCs did not affect any fluorescence results. The autofluorescence could be faintly detected 

using fluorescence microscopy and an emission of 488 nm, which is equivalent to the 



Chapter 3 - Characterization of ASCs 

	 78 

emission detected in FL1 on the flow cytometer. The autofluorescence is mainly detected 

around the nuclei and unknown cellular bodies. 

 

Figure 3.6. Autofluorescence. Single-parameter histogram plots of FL1 fluorescence detection 

were created for unstained HSCs (A) and unstained ASCs (B). The first two plots were gated on the 

cells of interest, excluding dead cells and cell debris, on the FS versus SS dot plot. An overlay 

histogram plot was created from the single-parameter histogram plots (C). The unstained ASCs 

appear to have a high level of autofluorescence as indicated by the distribution over the higher 

decades compared to the HSCs in the first decade. The voltages were set to compensate correctly for 

the ASC autofluorescence.  

 

To be considered ASCs, positive staining was defined as ≥95% of the population expressing 

CD105, CD73 and CD90. The cells must also display ≤2% expression of CD45 and CD34. 

Creating overlay histograms for each cell surface marker indicates the differences between 

the unstained cells and the stained cells. The more surface markers situated on a cell 

surface, the more epitopes available for antibody binding. The result is more fluorescence 

being emitted from a particular cell and subsequently, an increase in fluorescence on the 

histogram plot, which is demonstrated by a shift to the right of the plot. A representative 

example of the histogram plots of an unstained A220313 P1 cell population (3.7A) and a 

CD90-stained A220313 P1 cell population (3.7B) is demonstrated in Figure 3.7. An overlay 

plot (3.7C) was created from these two histogram plots to easily distinguish between the 

unstained and stained cell populations (Figure 3.7). The CD90-stained cell population was 

positive for this surface marker, as indicated by the distinct shift to the right compared to the 

unstained histogram plot. The immunophenotypic profile was assessed for three individual 
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cultures, consecutively from Passage 0 to Passage 4. A representative overlay plot matrix of 

all the surface markers and passages of culture A180313 is presented in Figure 3.8. The 

considered ASC-specific immunophenotype consisting of the surface markers CD73, CD90, 

CD105, CD34, and CD45 was evaluated for every individual culture over the four passages. 

  

Figure 3.7. Overlay plot of FL4 fluorescence detection. The overlay histogram plot indicates the 

differences between the unstained and stained cell populations. Unstained (A) and stained (B) single-

parameter histogram plots of CD90-PC5 fluorescence were used to create the overlay histogram plot 

(C). The x-axis of the histograms refers to fluorescence intensity (4 decades logscale), while the y-

axis refers to linear cell number (count). This flow cytometric analysis is of sample A220313 at P1 and 

shows positive expression for CD90.  
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Figure 3.8. Immunophenotypic characterization of the adherent cells. Overlay plots for 

selected surface markers were generated for culture A180313 from passages 0 to 4 showing positive 

expression for markers, CD73, CD105, CD90 and the lack of CD34 and CD45 expression. The surface 

marker expression for CD34 was positive at P0.  

 

The cells at P0 contained a subset that were positive for the HSC-associated marker, CD34 

and the leukocyte common antigen, CD45. Approximately 34% of the P0 cells were positive 

for CD34. This expression remained high through P1 with more than 15% positive for CD34. 

Expression of CD34 declined from P2 as shown in Table 3.3. A mean of 4.21% of the P0 cells 

expressed the CD45 marker. The CD45 levels remained comparable in the P0 cell population 

through to P2 and decreased, but not significantly, in P3 and subsequent passages. The 

individual expression levels of CD73, CD90 and CD105 at P0 met the required >95%. The 

percentage of cells staining positive for each of these markers remained high throughout the 

passages. The required marker expression appeared to stabilize around P3. The ASCs 

displayed the following mean (± SD) percentage positive cells (n = 3 donors) at P3 for the 

indicated surface antigens: CD73, 97.89 ± 0.65%; CD90, 99.29 ± 0.58%; CD105, 98.67 ± 
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0.95%; CD34, 0.91 ± 1.56%; and CD45, 1.65 ± 1.77%. The earlier passages varied more in 

surface marker expression than later passages. The A220313 donor culture had a particularly 

strong CD45 expression at P0 compared to the other cultures, thus increasing the SD. 

Variable surface marker expression was observed to some degree for each marker between 

the different donor cultures. 

 

Table 3.3. Phenotypic characterization of human adipose-derived stromal cells at 

specific passages. 

 

Data are presented as mean ± SD. Data represents n = 3. * P<0.05 relative to P0 by Kruskal-Wallis 

test. No significant differences.  

 

The majority of the literature assesses individual marker expression. Tree plots, such as the 

one shown in Figure 3.9, were generated from the stained cells to indicate all fluorochrome 

expression combinations that exist within the cell population of interest. The % Gated data 

from all the tree plots were used to generate graphs of the conventional fluorochrome 

combination and other sub-populations. Figure 3.10 reiterates that the typical 

CD73+CD90+CD105+CD34-CD45- surface marker profile was detected in all ASC cultures 

from P3 and was maintained through progressive passages. The variability in expression of 

this profile in earlier passages (P0 and P1), as observed by the large SDs, was elucidated by 

the increase in mainly CD34 (3.10B) and partially CD45 (3.10C) positive populations of cells; 

however, the remainder of the passages were not affected by this variability. 
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Figure 3.9. Tree plot generated to determine surface marker profile of the ASC population. 

Flow cytometric analysis of sample A180313 at P3 showing an overall ASC phenotype. 98.19% of the 

cells expressed the ASC CD73+CD90+CD105+CD34-CD45- phenotype. 

 

 

Figure 3.10. Graph of flow cytometric data generated from tree plots determining the 

combined phenotypic profile of the ASC population. Flow cytometric analysis of cultures 

A180313, A220313 and A070813 gave an overall ASC phenotype. The cell population expressed the 
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ASC CD73+CD90+CD105+CD34-CD45- phenotype from P3 (A). The variability in expression of this 

profile in earlier passages (P0 and P1) of (A) was elucidated by the increase in mainly CD34 (B) and 

partially CD45 (C) positive populations of cells. Data represents n = 3; error bars represent SD. No 

significant differences. 

 

Both fresh and thawed previously cryopreserved cells were used in this study. There were no 

significant differences observed in the expression of surface markers for fresh ASCs and 

thawed ASCs derived from various passages. The passage number was used to denote fresh 

ASCs; for example P1 as demonstrated on the x-axis in Figure 3.11. Thawed cryopreserved 

ASCs were distinguished from fresh ASCs by the passage number and how many times the 

cells had been frozen/thawed. An example is P1F1 which demonstrates that the culture is at 

passage 1 and has been thawed once. 

 

 

 

Figure 3.11. Phenotypic comparison of fresh versus thawed ASCs. There were no significant 

differences in surface marker expression between fresh and thawed ASCs. Data represents n = 3; 

error bars represent SD.  
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Viability of adipose-derived stromal cell samples 

To investigate the viability of the ASCs while maintained in culture, uptake of the cell viability 

stain, PI, was monitored. Propidium iodide is only permeable to cells with compromised 

membrane integrity; thus non-viable cells can be distinguished from viable cells by the 

fluorescence of PI which binds to DNA in the nucleus. A two-parameter linear FS (y-axis) 

versus logarithmic SS (x-axis) plot was created and the dead cells, cellular aggregates and 

debris were excluded on this plot by gating only the region of intact cells (3.12A and C of 

Figure 3.12). Propidium iodide signals were detected using the FL3 detector of the flow 

cytometer and thus for the analysis of viability a second two-parameter SS (y-axis) versus 

FL3 (x-axis) plot was created. Non-viable cells were discernible from viable cells on the basis 

of their fluorescence in FL3, and due to their loss in cell membrane integrity there was an 

increase in fluorescence to the right of the plot. 

 

This second two-parameter plot was gated on the “Intact cells” region (3.12B and D). A high 

concentration of hydrogen peroxide (H2O2; 100 µM) is not conducive to cell viability and the 

non-viable and viable regions were set using this condition (3.12B). These viable and non-

viable regions were maintained throughout the analysis. The viable cells were recognized by 

a shift in distribution to the left of the non-viable cells and thus a decrease in FL3 

fluorescence on the plot (3.12D). The >90% cell viability criteria was met at each passage 

over 5 passages (Table 3.4).  An average of 93.67 ± 1.65% of the intact cells were viable 

over 5 passages.  
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Figure 3.12. Viability of ASCs as determined by flow cytometry measuring PI uptake. A 

representation of the gating strategy used to assess cell viability. Only intact cells were analyzed. A 

culture (A180313) treated with 100 µM of H2O2 resulted in the majority of the cells in (A) not being 

viable. Thus a region was drawn, capturing the non-viable cells (B). Intact cells from the culture 

(A180313) without treatment (C) were monitored for any shift to the left of this region as in (D). The 

cells situated on the left of the region in (D) indicated the percentage of intact cells that were viable.  

 

Table 3.4. Viability of adipose-derived stromal cells over progressive passages. 

Data are presented as mean ± SD. Data represents n = 2 cultures. No significant differences. 

Abbreviation: SD, standard deviation; P, passage. 
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Colony-Forming Unit (CFU) assays 

Adult stem cells are defined by a number of functional capabilities, one of these being the 

ability to form colonies from single cells. The isolated, plastic-adherent ASCs were plated in 

triplicate at a cell concentration of 1.72 cells/cm2. This low density consisting of just 100 cells 

per tissue culture dish allowed each cell to result in a clone separate from other clones. At 13 

days, the tissue culture dishes were washed with PBS and stained with Toluidine Blue O to 

reveal the colonies. The heterogeneous nature of the ASC population was apparent upon 

inspection of individual colonies. There was a broad range of colony sizes, indicative of 

varied cell growth rates. Even individual cells within each colony varied in morphology, with 

numerous cells being spindle in shape; however, larger flat cells were also present. Some 

colonies were visible to the naked eye; however the majority of colonies could not be seen in 

the photograph (Figure 3.13). All cultures were able to form colonies and had a great 

proliferative ability as seen by the large number of colonies containing greater than 50 cells. 

Great intra-culture and inter-culture variability was observed.  

 

Figure 3.13. Colony-Forming Unit (CFU) assays of ASCs. Photograph of the Toluidine Blue O 

stained colonies obtained using a CFU-F assay. This is a colony containing greater than 50 cells. 

 

To elucidate the variation that exists from donor to donor, the colony forming potential of 

the individual donor cultures was plotted in a bar graph for comparison (Figure 3.14). Cells 

were sparsely distributed and it is assumed that one cell led to the formation of a single 

colony. The numbers of CFUs from donors, A180313 and A270813, differed significantly from 

the A220313 donor. The number of colonies formed consisting of >50 cells from the 100 
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seeded cells for A180313 P4F1 was 33.33 ± 9.81. The number of colonies formed consisting 

of >50 cells from the 100 seeded cells for A220313 P4F1 was 56.67 ± 0.58, and the number 

of colonies formed consisting of >50 cells from the 100 seeded cells for A270813 P4F1 was 

28.33 ± 4.04. Thus, 1 cell of every 3.00 cells plated formed a colony from donor A180313, 1 

cell of every 1.76 cells plated formed a colony from donor A220313. Finally, 1 cell of every 

3.53 cells plated formed a colony from donor A270813. 

 

 

Figure 3.14. Colony-Forming Unit (CFU) assays of ASCs. The size distribution of colonies 

obtained following 13 days of culture after seeding 100 cells per dish. Values are from approximately 

55.11 ± 15.65 colonies per plate from three donors (A180313, A220313, and A270813 at P4F1) 

carried out in triplicate. Values are colony sizes consisting of 0-25 cells, 25-50 cells or ≥50 cells. The 

results show that the cells were able to form colonies and have a high proliferative potential. Great 

intra-culture and inter-culture variability was observed. 

 

Multi-differentiation potential of adipose-derived stromal cells in vitro 

The tri-lineage differentiation potential of the ASCs into adipocytes, osteoblasts and 

chondrocytes was assessed. To evaluate the multipotentiality of the ASCs, cells from three 

donors (A180313, A220313 and A070813) at passage 3 to 5 were induced to differentiate 
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using lineage specific cocktails. All three of these cultures demonstrated the ability to 

differentiate into the adipogenic, osteogenic and chondrogenic lineages.  

 

Adipogenic differentiation 

The culture-expanded ASCs were used at the fifth passage, at confluence, for adipogenic 

differentiation. Under the appropriate adipogenic induction conditions, the ASCs exhibited 

adipose differentiation in vitro, changing their fibroblastic spindle shape to rounded cells with 

multiple intracytoplasmic lipid droplets. The conventional histologic Oil Red O lipid-based 

detection method was employed to detect lipid droplets. Lipid droplets consist of a neutral 

lipid (triacylglycerols and sterol esters) core surrounded by a phospholipid monolayer with 

embedded proteins (30). Oil Red O is used to detect triacylgycerols and sterol esters and 

stains these neutral lipids red/orange in colour. Following up to three weeks of 

differentiation, the non-induced and induced cultures were fixed and stained with Oil Red O 

and counter-stained with Toluidine Blue O. Figure 3.15A and B shows Oil Red O-stained 

non-induced and induced cultures, respectively. No lipid droplets were observed in the non-

induced cultures and thus Oil Red O staining was absent. Figure 3.15C and D shows Oil Red 

O-stained and Toluidine Blue O counter-stained non-induced and induced cultures, 

respectively. Oil Red O positive lipid droplets were observed in the adipogenic induced 

cultures. Toluidine Blue O stains DNA and RNA rich tissues and is commonly used in 

histological studies to highlight cell features and thus in this case was used for clearer 

observation of the cells.  

 

During the first week of exposure to the adipogenic induction medium, a small proportion of 

cells acquired lipid droplets (3.16B). The initial acquisition of lipid droplets occurred at one 

pole of the cell. This was then followed by an increase in the number of lipid droplets. As the 

number of lipid droplets increased, an extensive coalescing of these small lipid droplets took 

place, spreading around the nucleus. There was a vast array of different cells which varied in 

size and shape. They ranged from the starting spindle-shape with some not containing lipid 

droplets, to those containing few lipid droplets. Through the second week (3.16D), the 

numbers of lipid droplets increased and they continued to aggregate into clusters. The 

spindle shape became progressively modified to a bigger more spherical shape. At three 

weeks (3.16F), the observed trend towards larger and numerous droplets continued. The 

masses of accumulated lipid droplets within the cytoplasm often displaced the nucleus to the 
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periphery of the cells. In some cases the nucleus also acquired a crescent shape. In the 

adipogenic induced cultures of this study no large unilocular lipid droplets indicative of a 

mature adipocyte were observed. The lipid droplets detected throughout the induction period 

varied in size, volume and number.   

 

 

Figure 3.15. Adipogenic-differentiation capacity of ASCs. Light microscopy photographs of 

ASCs not induced (left) and induced with adipogenic medium (right) for 14 days. Confluent ASCs upon 

adipogenic-induction were exposed to adipogenic differentiation cocktail. The non-induced (A) and 

induced cultures (B) were both stained with only Oil Red O. Induced adipogenic cultures stained 

positive for Oil Red O staining as indicated by the red lipid droplets. Note that the differentiated cells 

occur in clusters. The non-induced cultures lacked positive staining with Oil Red O. The non-induced 

(C) and induced cultures (D) were both stained with Oil Red O and counter-stained with Toluidine 

Blue O for better visualization. Original magnification: 10x, scale bars: 50 µm. 
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Figure 3.16. In vitro lipid droplet accumulation over three weeks of adipogenic induction. 

Light microscopy photographs of hASCs not induced and induced with adipogenic medium. Confluent 

ASCs were exposed to control DMEM or to an adipogenic differentiation cocktail for 7 (B), 14 (D), and 

21 (F) days. The cells in all of the figures are from donor A220313 at P5. Non-induced (left) and 

induced (right) cultures were both stained with Oil Red O and counter-stained with Toluidine Blue O. 

Induced adipogenic cultures stained positive for Oil Red O staining as indicated by the red lipid 

droplets. The non-induced cultures (A, C, E) lacked positive staining with Oil Red O. Original 

magnification: 10x, scale bars: 50 µm. 



Chapter 3 - Characterization of ASCs 

	 91 

Osteogenic differentiation 

Adipose-derived stromal cells were induced over 21 days in osteogenic induction medium 

following the third passage and gradually produced Alizarin Red S-stained mineral which 

appeared initially as dense nucleation points (3.17B, D, F) compared to cells cultured in 

control DMEM (3.17A, C, E). Matrix deposition was detected by staining both the osteogenic-

induced cells and control cells with 2% (w/v) Alizarin Red S. The non-induced cultures lacked 

deposition of calcium in the extracellular matrix. Variable extracellular matrix deposition was 

observed between the three cultures.  
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Figure 3.17. In vitro matrix deposition analysis over three weeks of osteogenic induction. 

Light microscopy photographs of hASCs not induced and induced with osteogenic medium. Confluent 

ASCs were exposed to control DMEM or to osteogenic induction medium for 7 (B), 14 (D), and 21 (F) 

days. The cells in all of the figures are from donor A220313 at P3. Non-induced and induced cultures 

were both stained with Alizarin Red S at each time point. The ASCs exhibited osteoblastic potential 

following osteogenic induction as shown by the positive staining with Alizarin Red S. This indicates the 

formation of the mineralized extracellular matrix. The non-induced cultures lacked deposition of the 

extracellular matrix. Original magnification: 10x; scale bars: 50  µm. 
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Chondrogenic differentiation 

The multipotential property of ASCs was further assessed under chondrogenic inductive 

conditions in vitro. The cultures demonstrated chondrogenic differentiation capacity over 21 

days of induction. Following 21 days of chondrogenic differentiation, the micromass pellet 

cultures were fixed, dehydrated, and embedded in resin. Sections of the pellets were stained 

with Toluidine Blue O. The chondrogenic medium-induced pellets appeared to consist of two 

zones compared to the control pellets. The control pellets were smaller in diameter (3.18A 

and C) than the chondrogenic-induced pellets when observed microscopically at the same 

magnification and similar micromass pellet section. The stained surface zone, which is the 

outer region of the pellet, appeared to consist of more densely-packed spindle-shaped cells. 

An inner zone consisted of interspersed polygonal cells. The non-induced micromass pellets 

lacked these two separate zones. At a higher magnification of 140x the different zones were 

clearer (Figure 3.19). 

 

 

Figure 3.18. Histologic examination of micromass pellets following three weeks of 

chondrogenic induction. Light microscopy photographs of sections of ASC micromass pellets 
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cultured under control DMEM or chondrogenic induction medium. The micromass pellet culture was 

histologically examined using 1% (w/v) Toluidine Blue O at day 21 of induction. Row 1 (A and B) is 

from donor A180313 at passage 4. Row 2 (C and D) is from donor A220313 at passage 4.  The 

induced micromass pellets had two visible zones. The non-induced micromass pellets were smaller in 

diameter compared to the induced micromass pellets, although variable diameters were observed 

overall. Original magnification: 74x; scale bars: 200 µm. 

 

 

Figure 3.19. Higher magnification of a micromass pellet following three weeks of 

chondrogenic induction. The induced micromass pellet zones at 140x. The surface zone consisted 

of more densely-packed spindle-shaped cells. An inner zone consisted of interspersed polygonal cells. 

Scale bar: 200 µm. 
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Discussion 

 

Isolation of adipose-derived stromal cells 

Phenotypically, the cells were defined by adherence to a plastic surface, spindle-shaped 

morphology, a panel of surface markers, the ability to form CFU-F, and their capacity to give 

rise to adipocytes, chondrocytes, and osteoblasts. The use of adipose tissue as a source is 

advantageous due to the high yield of stem cells obtained (31). All donor lipoaspirates 

provided viable cells. The adherent cells varied in size from elongated and spindle-shaped to 

flat round cells. The spindle-shaped cells grew rapidly, and the cells that were more round 

grew slower. Mets and Verdonk also observed two different cell types in adherent MSC 

populations (32). It was also noted by phase contrast microscopy, that the highly 

proliferative cells’ nuclei became brightly fluorescent as the cells lifted slightly to divide. Long 

cell protrusions or processes between cells were also noted. These cell processes form 

cellular junctions and were also observed by Wuchter and colleagues in MSCs but the role 

they play is still being elucidated (33). The cells maintained plastic adherence throughout the 

passages. The morphology was also maintained although later passages had increased 

numbers of the flat round cells. If the cells were left to become over-confluent the cultures 

formed storiform patterns in wavelike bundles. Decreased proliferation rate was also noted in 

subsequent cultures if the cultures were trypsin detached closer to confluence or when over-

confluent. Krinner and colleagues attribute this property to contact inhibition (34).  

 

Many research groups, including our own, are intent on using ASCs for therapeutic purposes 

in the not-too-distant future. Protocols for the acquisition of lipoaspirate, isolation of the 

SVF, and in vitro expansion of ASCs have been extremely heterogeneous. Protocols in the 

MSC and ASC research industry are not standardized and the current characterization criteria 

for ASCs are inaccurate. Good manufacturing practices and quality control need to be of very 

high standards and utmost priority when dealing with human therapeutic products. In 

addition to standardizing protocols all use of xenogeneic products needs to be eliminated. 

Using xenogeneic products results in the transfer of foreign proteins that could cause an 

immune response or infection in the recipient (35). Standard growth medium is usually 

supplemented with FBS. This is not only of bovine origin and thus xenogeneic but, Bieback 

and colleagues, discovered through whole genome gene expression analysis, that FBS 

induces altered gene expression compared to the human counterparts (36). Primary cells 
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and thawed stocks have both been used to expand the cells for therapeutic purposes. Frozen 

stocks were made from the different donor samples at different passages for subsequent 

experiments in this study. Literature states that cryopreservation does not alter the 

characteristic properties of MSCs and ASCs but an effect on the molecular level cannot be 

excluded (37, 38). Dimethyl sulfoxide, the cryopreservation agent, has been deemed safe for 

use with stem cells; however, serious side effects, including fatal cardiovascular problems, 

have been reported for patients receiving transplants of thawed cells (39, 40). The way 

forward for ASC research would be to standardize ASC preparations and eliminate all 

xenogeneic products from culture. Using primary cells would be ideal, but the numbers 

required for therapy necessitates expansion of the ASCs and often their cryopreservation for 

future use. Although these are all factors that can be standardized, donor variability cannot 

be standardized. The ASC populations have each been isolated from genetically different 

individuals and differences in results due to this heterogeneity need to be taken into 

account. 

 

Screening of adipose-derived stromal cell samples for HIV-1, hepatitis B 

and hepatitis C 

Human immunodeficiency virus (HIV) can be subdivided into two main groups, HIV type 1 

(HIV-1) and type 2 (HIV-2). Around 90% of HIV/AIDS cases are derived from HIV-1 infection 

which is considered the most common strain and most pathogenic. HIV-1 is divided into 

groups with group M (Major group) being the predominant group (41). Group M is also made 

up of subtypes, with subtype C being the dominant type in Southern Africa (42). All of the 

samples used in this study tested negative for HIV-1, hepatitis B, and hepatitis C.  

 

Adipose-derived stromal cells exhibit a mesenchymal stem cell-like 

phenotype 

The second criterion for defining adipose-derived stromal cell populations following 

demonstration of their ability to adhere to tissue culture plastic is their immunophenotype 

profile which was determined using five-colour flow cytometry at each passage during the 

first 4 passages and thereafter once an experiment was seeded. A lack of expression (≤2%) 

of CD45 (hematopoietic marker/surface antigen), and CD34 (hematopoietic progenitor 

marker) was necessary in order to be able to define these cells as ASCs. The combination of 

these two markers represents the peripheral blood stem/progenitor cell compartment. The 
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cells were assessed for expression of CD73 (also known as ecto-5'-nucleotidase) and CD90 

(a membrane glycoprotein, also called Thy-1), which are used as stem cell markers, and 

CD105 (Endoglin) is a proliferation-associated protein that is generally considered an 

important marker for ASCs (9, 43). An expression of ≥95% is required in order to be able to 

define these cells as ASCs. The more of these surface markers situated on a cell surface, the 

more epitopes available for antibody binding. The result is more fluorescence being emitted 

from a particular cell and subsequently, an increase in fluorescence on the single-parameter 

histogram plot, which is demonstrated by a shift to the right of the plot.  

 

Positive staining was estabilished by comparison to unstained samples. Cellular 

autofluorescence is commonly found when utilising flow cytometry. Autofluorescence can 

interfere with the detection of low level fluorescence. The ASCs had a high level of 

autofluorescence but this was accounted-for throughout the experiments by shifting the 

unstained sample’s fluorescence to within the first decade of the single-parameter histogram 

plots. Overlay plots for all the selected surface markers were generated. The number of cells 

acquired for unstained samples compared to stained samples were different and this was 

because all acquisitions were stopped after a fixed time period and not following a fixed 

number of events. This resulted in differences in the heights of the histograms observed. 

The percentage of cells staining positive for CD73, CD90, and CD105 surface markers was 

above the recommended >95%. All three markers were consistently expressed on the vast 

majority of the cells following culture with CD90 being present at higher levels than the 

other markers following P0.  

 

A great variability of CD34 expression was observed between donors during early passages 

(P0 and P1). The CD34 expression levels remained above 2% and then declined to below 

2% from P2 and successive passages. It has been proposed that CD34 expression depends 

on culture conditions and disappears upon expansion in culture (44, 45). This concept was 

also observed as early as 2001 by Gronthos and colleagues with gene and protein expression 

confirmation. They proposed that CD34-positivity may be due to the proliferative stage of 

the cells or donor heterogeneity (46). De Ugarte and colleagues observed low positive 

expression of CD34 on ASCs but not on MSCs. Thus it is hypothesized that the decrease of 

CD34 expression seen in this study is due to its expression in adipose-tissue resident stromal 

cells, possibily of hematopoietic origin, and loss with subsequent culturing. The variability in 

CD34 expression observed throughout the initial passages between donors could be due to 
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donor heterogeneity. Studies have also mentioned variability in expression of CD45. 

Deschaseaux and colleagues found expression of CD45 in freshly isolated cells from the bone 

marrow and no expression in cultured MSCs (47). It was suggested by Bourin et al. 2013 

that the SVF was positive for CD45 expression but ASCs have low or undetectable levels of 

CD45. However, the authors did not expand on the reason for this loss in CD45 expression. 

In the study described herein CD45 expression was seen in a subset of cells in the earlier 

passages (P0-P2) but was lost in later passages. The CD45+ cells could be contaminating 

macrophages and dendritic cells that are also initially plastic adherent. McIntosh and 

colleagues also observed this disappearance in expression of CD45 (11). An important 

consideration is whether trypsinization affects cell surface marker expression. Trypsinization, 

although a standardized technique, has in fact been shown to affect cell surface markers 

(48, 49). This technique was used consistently throughout all experiments, thus the effects 

would be constant throughout. 

 

Literature mainly looks at the expression of individual markers and not the combined ASC 

CD73+CD90+CD105+CD34-CD45- phenotype obtained from the tree plots. Individual 

expression for positive surface markers CD73, CD90 and CD105 was greater than 95%, but 

when the panel of markers was combined in one tube, less than 95% positive expression 

was observed at certain passages. This was due to the variable expression of CD34 and 

CD45 influencing the immunophenotype. In summary, overall ASCs expressed the classical 

MSC CD73+CD90+CD105+CD34-CD45- phenotype proposed by Dominici et al. 2006 (20). 

 

Viability of adipose-derived stromal samples 

Percentages of viable and non-viable cells were analyzed on a Gallios flow cytometer. The 

results demonstrated that >90% cell viability was maintained over 5 passages of culture 

upon assaying PI uptake. This fulfills the requirements to characterize ASCs as described by 

Bourin and colleagues. Kerr and colleagues proposed the name “apoptosis” for programmed 

cell death in 1972 (50). They described that apoptosis can be classified by morphological 

changes. These changes are nuclear and cytoplasmic condensation, followed by the 

breaking-up of the cell into a number of membrane bound compartments. Thus the cells 

undergo shrinkage and would have decreased FS. Each viability experiment underwent initial 

FS versus SS analysis. This decrease in FS was observed with the intact cells that were 

treated with 100 µM H2O2. Disruption of the cell membrane and loss of DNA has been 
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utilized in flow cytometric methods for the detection of cell viability. Popular viability assays 

use Annexin V, which detects the membrane exposure of phosphatidylserine, or use PI, 

which intercalates between the nucleotide bases of DNA, evaluating any loss in DNA. Zamai 

and colleagues state that various treatments that are used to detach adherent cells, such as 

trypsin, interfere with the binding of Annexin V to membrane phosphatidylserine, perhaps 

affecting the measurement of apoptosis. They mention that the binding of PI to the DNA or 

RNA structures is stable enough to withstand trypsinization (51). Living cells are PI negative, 

and non-viable cells are PI positive. Zamai and colleagues classify non-viable cells further 

into PI dim apoptotic cells and PI bright necrotic cells. 

 

Fibroblastoid colony-forming unit (CFU-F) assay 

A stem cell is any cell with a high capacity for self-renewal (52) and differentiation capacity. 

Terminally differentiated cells are replaced following cell death through the proliferation of 

progenitor or stem cells. The CFU-F assay is used to define the number of progenitor cells 

(9). Bourin and colleagues characterize adult stromal cells by a number of properties with 

one of these being the ability to form colonies from single cells. The assay that was used is a 

modification of the one applied to MSCs (53). The cell concentrations were optimized and 

the isolated, plastic-adherent ASCs were plated in triplicate with 100 cells per dish (average 

cell density 1.72 cells/cm2). At 13 days, the tissue culture dishes were washed with PBS and 

stained with Toluidine Blue O for enumeration of the colonies. According to Bourin and 

colleagues, a group of >50 cells can be considered a colony (9). The frequency of ASCs able 

to form colonies should be greater than 5%. This was demonstrated with all donor cultures. 

 

The heterogeneous nature of the ASC population, in size and cell morphology, was apparent 

upon inspection of individual colonies. There was a large variation in colony sizes, indicative 

of varied cell growth rates, observed between plates from the same donor and different 

donors. The individual cells within each colony varied in morphology, with numerous cells 

being spindle in shape; however, a few larger flat cells also existed. The two types of cell 

morphology were also noted during expansion of the cultures. There was a trend in colony 

size distribution towards having >50 cells per colony with all donors. This indicated that the 

ASCs have self-renewal potential. Donor A220313, in particular, appeared to have a greater 

replicative potential. Suga and colleagues indicated in their 2009 study that CD34+ ASCs 

were more proliferative and had a greater ability to form colonies (54). The expression of 
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CD34 of donor A220313 (P4F1) was examined to see if the differences in colony-forming 

potential of A220313 (P4F1) could be due to variation in CD34 expression. This was not the 

case and donor A220313 did not have increased CD34 expression compared to the other 

donors.  

 

The intra-culture variability observed may be due to the heterogeneous nature of the 

individual ASC population. An example could be that out of the 100 cells initially plated in 

one of the tissue culture dishes from A220313, there were cells with a more proliferative 

potential seeded and thus larger colonies were obtained in this tissue culture dish. However, 

perhaps, in another dish, cells with less replicative potential were seeded and thus smaller 

colonies were obtained for this dish from the same donor culture. A schematic 

representation of this scenario is presented in Figure 3.20. The inter-culture variability is 

likely to be due to the genetic variability that inherently exists between donors. The 

heterogeneous nature of individual cultures as well as donor-to-donor variation is a common 

observation. Phinney et al. noticed this exact variation within and among different donor 

populations of MSCs (Phinney et al., 1999). 

 

 

Figure 3.20. A schematic representation of heterogeneity within an individual ASC 

population. In one scenario many cells with a greater replicative potential (such as the green moon 

shape) may be seeded in a tissue culture dish leading to numerous larger colonies (top pair). In the 

second scenario, cells with less replicative potential (such as the red triangles and blue diamonds) 

may be seeded leading to the growth of smaller-sized colonies (bottom pair).	
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Multi-differentiation potential of adipose-derived stromal cells in vitro 

Many previous studies have demonstrated that in vitro expanded ASCs have the potential to 

differentiate into multiple cell types (5, 12, 55, 56). It is in fact one of the criteria for 

defining ASCs; thus the tri-lineage potential of the ASCs into adipocytes, osteoblasts and 

chondrocytes was assessed. To assess the multipotentiality of the ASCs, cells from three 

donors (A180313, A220313 and A070813) at passage 3 to 5 were induced to differentiate 

using lineage specific cocktails. All three of these cultures demonstrated the ability to 

differentiate down the adipogenic, osteogenic and chondrogenic lineages.  

 

Adipogenic differentiation 

The culture-expanded ASCs were used following the third passage, at confluence, for 

adipogenic differentiation. Adipose differentiation relies on pre-adipocyte growth arrest. This 

growth arrest is said to occur upon cell-cell contact at confluence (57, 58). Under the 

appropriate adipogenic induction conditions, the ASCs exhibited adipose differentiation in 

vitro, changing their fibroblastic spindle shape to rounded cells with multiple intracytoplasmic 

lipid droplets. The conventional histological Oil Red O lipid-based detection method was 

employed to detect the lipid droplets. Lipid droplets consist of a neutral lipid (triacylglycerols 

and sterol esters) core surrounded by a phospholipid monolayer with embedded proteins 

(30). Oil Red O is used to detect triacylgycerols and sterol esters and stains these neutral 

lipids red/orange in colour. At 7, 14 and 21 days of differentiation, the non-induced and 

induced cultures were fixed and stained with Oil Red O and counter-stained with Toluidine 

Blue O. Lack of Oil red O staining was observed in the non-induced cultures. Oil Red O 

positive lipid droplets were observed in the adipogenic induced cultures. The lipid droplets 

detected throughout the induction period varied in size, volume and number.  

 

During the first week of exposure to the adipogenic induction medium, a proportion of the 

cells acquired lipid droplets. Initially there was a vast array of different cells which varied in 

size and shape. They ranged from the starting spindle-shape with some not containing lipid 

droplets, to those containing few lipid droplets. The initial acquisition of lipid droplets 

occurred at one pole of the cell. This was then followed by an increase in the number of lipid 

droplets around the nucleus of the cell. As the number of lipid droplets increased, an 

extensive coalescing of these small lipid droplets took place. Through the second week, the 

numbers of lipid droplets increased and they continued to aggregate into clusters. The 
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spindle shape became progressively modified to a bigger more spherical shape. At three 

weeks, the observed trend towards larger droplets continued. The masses of accumulated 

lipid droplets within the cytoplasm displaced the nucleus to the periphery in some cases. The 

accumulation of lipid droplets is a noticeable criterion for describing the progression of 

adipogenesis (59).  

 

A typical mature white adipocyte is said to contain one large lipid droplet of approximately 

100 µm, in diameter (60). In the adipogenic induced cultures of this study no large 

unilocular lipid droplets indicative of a mature adipocyte were observed. These cells are, 

however, rather fragile and are prone to bursting resulting in the leakage of lipid droplets 

into the medium. Many of the cells also lift off the plastic surface possibly due to increased 

buoyancy. It is possible that mature adipocytes would form but were lost before reaching 

this stage of differentiation. Another possible reason for not observing a single large lipid 

droplet could be that these cells did not differentiate into white adipocytes but differentiated 

into beige adipocytes. Beige adipocytes are classified by multilocular lipid droplet morphology 

and they can be found interspersed within subcutaneous white adipose tissue (61). One 

theory is that beige and white adipocytes develop from a common mesenchymal predecessor 

and another theory is that white adipocytes can undergo transdifferentiation into beige 

adipocytes under the influence of many different factors (62). On the other hand Seale and 

colleagues demonstrated that brown adipocytes have a different origin (63). To confirm 

whether the ASCs differentiated into beige adipocytes, expression of uncoupling protein-1 

(UCP1), Cidea, and PPARγ, coactivator 1 (Pgc1)-α, could be assessed. During basal states 

beige adipocytes have similar gene expression patterns to white adipocytes (64). 

 

It was observed that some of the cultures stained with Oil Red O had irregular uptake of the 

stain with a few of the differentiated cells. This could be due to the cells being at different 

stages of adipogenesis. The Oil Red O staining protocol was previously optimized to diminish 

background staining and prevent crystallization of the Oil Red O because these are common 

occurrences. The more intracytoplasmic lipid droplets contained within a cell, the more the 

clarity of the lipid droplets was affected. The addition of Toluidine Blue O confounded the 

decrease in clarity. The use of Nile red staining of the lipid droplets as an alternative stain 

would be more reliable and would lead to more punctate staining of the lipid droplets. Image 

acquisition and analysis is not representative of the entire cell population and can be 

subjective. Aldridge and colleagues compared four different methods for determining adipose 
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differentiation of a heterogenous MSC population. They proposed that the use of Nile red in 

conjunction with flow cytometry was useful for determining in vitro adipogenic differentiation 

(65). The use of Nile red staining and flow cytometry for confirmation of adipogenesis are 

used in further chapters. Terminal adipogenic differentiation as stated previously is marked 

by a change in morphology and the accumulation of intracytoplasmic lipid droplets. This 

adipocyte phenotype is initiated by the expression of C/EBPδ and C/EBPβ,  in early 

differentiation which leads to the synergistic activation of both the PPARγ  and C/EBPα genes 

(66, 67). In addition to the qualitative Oil Red O method, expression of these genes and 

other additional genes would allow us to quantify adipogenesis and confirm that 

adipogenesis and not just lipogenesis has occurred. A panel of real-time (q)PCR primers as 

well as Nile red and flow cytometry will be included for a more robust assessment of 

adipogenesis in future studies. 

 

Osteogenic differentiation 

Bone formation is a complex process. There are two pathways essential for bone formation. 

During endochondral ossification, MSCs differentiate into chondrocytes, which are replaced 

by osteoblasts further down the differentiation pathway. Intramembranous ossification is the 

second process of bone formation that occurs in a few discrete areas of the skull and 

clavicle. In this case MSCs develop directly into osteoblasts and there is no cartilage 

formation involved in the process (68). The basic principle behind bone formation is that it 

involves the initial proliferation of MSCs, the migration of these MSCs to the site of bone 

formation, their subsequent differentiation into osteoblasts, extracellular matrix maturation 

and finally mineralization (69, 70). Mature osteoblasts are cuboidal cells that secrete type I 

collagen and non-collagenous proteins that make up a bone extracellular matrix. 

Osteoblasts, and the bone matrix proteins (BMPs) they produce, are thought to facilitate 

calcium and phosphate ion accumulation and the regulation of the mineralization process. 

Osteoblasts can become compacted into the calcified matrix and differentiate further into 

osteocytes during new bone formation. Osteocytes are the most abundantly found cells in 

the bone and are stellate in shape. Osteoclasts, another cell type unique to bone which are 

derived through a different process, are multinucleated cells that are involved in bone 

resorption and remodelling.  
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In vitro, the ASCs can be induced to form the extracellular matrix in culture by treatment 

with an osteogenic inducing medium. This osteogenic medium contains a source of 

phosphate, ascorbic acid, and dexamethasone. Extracellular matrix vesicles that bud and are 

released from the surface of osteoblasts initiate bone mineralization. These vesicles contain 

calcium binding molecules and sodium-dependent phosphate ion transporters that allow the 

ingress and accumulation of calcium and phosphate ions within the vesicles. The calcium and 

phosphate ions are utilized for the formation of hydroxyapatite (Ca10(PO4)6(OH2)2), the main 

inorganic component of bone. Mineralization is initiated with the release of the preformed 

hydroxyapatite crystals (71, 72). Alizarin Red S staining demonstrated calcium-rich deposits 

in the extracellular matrix produced by the cells in culture. In aqueous solution Alizarin Red S 

and calcium ions precipitate to form brick-red deposits (73). Following induction in the 

presence of osteogenic induction medium, the cell monolayers were stained brick-red and 

the staining was visible to the naked eye. Variability in osteogenic differentiation was 

observed across the three donor cultures but all cultures underwent osteogenic 

differentiation.  

 

Morphologic examination is not adequate in the analysis of osteogenic differentiation. The 

extracellular matrix formed a red stained layer above the cells that made it difficult to focus 

with the microscope on the underlying cells. Apart from the difficulty in identifying the 

changes in cell shape from spindle to cuboid beneath the matrix in areas of the culture, this 

method of identification is not quantitative. Assaying alkaline phosphatase enzyme activity 

has been implemented more frequently to quantify osteogenic differentiation. However, 

alkaline phosphatase is not specific to just osteoblasts. Osteocytes, preosteoblasts, 

osteosarcoma cells, and chondrocytes express it as well as other cell types, although to a 

lesser extent. Isoenzymes of alkaline phosphatase have been discovered in the liver, 

intestine and placenta (74, 75). A more reliable quantitative method would be to detect the 

expression of alkaline phosphatase along with the expression of other genes known to be 

involved in osteogenic differentiation. The panel of genes would consist of alkaline 

phosphatase, type I collagen, bone sialoprotein, osteopontin, osteonectin, and osteocalcin. 

Type I collagen is the most abundantly found component in the bone extracellular matrix 

and is associated with the formation of the extracellular matrix (76). Bone sialoprotein has 

the ability to nucleate (initial crystallization step) hydroxyapatite and is thus believed to 

initiate mineralization (77). Osteopontin may control mineralization by inhibiting 

hydroxyapatite deposition (78). Osteonectin is produced by osteoblasts and contains two 
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high affinity calcium ion binding sites and may mediate hydroxyapatite nucleation and 

deposition (79). Osteocalcin is also produced by osteoblasts and is required to stimulate 

bone mineral maturation (80) and may be involved in osteoclast differentiation (81). 

Extensive research has been carried out to investigate each step of osteogenic differentiation 

including molecular characterisation of the osteogenic pathway and should be utilised for 

future studies on osteogenic differentiation determination. 

 

Chondrogenic differentiation 

Cartilage is an avascular connective tissue composed of chondrocytes that secrete an 

extracellular matrix comprising collagen, proteoglycans and noncollagenous proteins (82, 

83). There are three main but distinct types of cartilage: hyaline cartilage, fibrocartilage, and 

elastic cartilage. Hyaline cartilage is the most common form of cartilage that is found in the 

ribcage, nose, larynx and trachea. Articular cartilage is a subtype of hyaline cartilage that 

covers the articular surfaces of bones and joints. Hyaline cartilage is a precursor of bone. It 

is the main constituent of the fetal skeleton. During embryogenesis, MSCs differentiate into 

chondrocytes and secrete an extracellular matrix. As the fetus grows and develops, the 

chondrocytes located near to what will become bone (central zone) convert into hypertrophic 

chondrocytes which secrete proteins important for the calcification of the extracellular 

matrix. The hypertrophic chondrocytes are eventually replaced by osteoclasts and then 

osteoblasts during ossification. Hyaline cartilage is made up of chondrocytes that are 

embedded in chambers called lacunae within the matrix. Chondrocytes are found sparingly in 

all of the cartilage types (83). Type II collagen accounts for approximately 90% of the 

collagen in the extracellular matrix. Fibrocartilage is found in menisci, intervertebral discs, 

tendons, ligaments, and the temporomandibular joint (84). It has chondrocytes situated in 

lacunae that secrete an extracellular matrix comprised of dense collagen fibres, mainly 

consisting of type I collagen, although this can vary according to location, because 

fibrocartilage is a transitional tissue between hyaline cartilage and tendon or ligament (85). 

Elastic cartilage is found in the external ear, epiglottis and larynx. In elastic cartilage, the 

chondrocytes are also situated in an extracellular matrix; however, a mesh of elastic fibers 

(elastin) permeates the extracellular matrix in addition to collagen (86). 

 

In vivo cartilage has no or very low regenerative ability and the fact that cartilage is 

comprised of just one cell type has made it a popular target for tissue engineering. Research 
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has demonstrated that dedifferentiated chondrocytes expanded as a two-dimensional 

monolayer culture (87, 88) and MSCs grown as monolayer cultures struggle to undergo 

cartilage differentiation (89). These studies demonstrate the importance of cell-cell and cell-

extracellular matrix interactions and the need for a three-dimensional structure, similar to 

the in vivo environment. Geiger reviews the importance of the three-dimensionality of the 

matrix and the formation of cellular adhesions in culture systems (90). To promote 

chondrogenic differentiation of MSCs in culture, Johnstone used the micromass pellet culture 

system in 1998 (27). The cells are placed in a tube and centrifuged to form a cell aggregate. 

This aggregate is then treated with chondrogenic induction medium that lacks serum and 

contains amongst other components TGF-β3. Our research group has previously done 

extensive literature searches on the composition of all of the induction media. Serum is a 

very important factor for cell culturing; however, the use of serum-free media and the 

addition of ITSTM premix supplement has been optimized to enhance chondrogenic 

differentiation. Transforming growth factor-β3 is an essential inducer of chondrogenesis and 

was thus included in the chondrogenic induction medium. Indrawattana and colleagues 

demonstrated via qPCR that induction medium containing TGF-β3 alone significantly 

increased the expression of genes Sry-type high mobility group box 9 (sox 9), aggrecan, and 

type I and type II collagen (91). Sry-type high mobility group box 9 is a transcription factor 

that is critical for chondrogenic differentiation and regulates the expression of aggrecan and 

type II collagen (92, 93). 

 

Following 21 days of chondrogenic induction, the micromass pellet cultures were stained 

with Toluidine Blue O. The chondrogenic medium induced pellets appeared to consist of two 

zones compared to the control pellets. The control pellets were also all smaller than the 

chondrogenic-induced pellets. The stained surface layer appeared to consist of more spindle-

shaped cells. An inner zone consisted of polygonal cells. At a magnification of 140x the 

different cell shapes were clearer. Some of the pellet sections appeared to have a disrupted 

outer layer. It is unknown whether this could be due to the dehydration process or 

polymerization of the resin or a genuine artifact of the cartilage pellet. Ichinose and 

colleagues also made this observation. Magne and colleagues discuss that articular cartilage 

consists of three layers; a surface or superficial zone, mid zone, and deeper zone (94). 

Ichinose and colleagues also observed three layers at 14 days of induction, but at a later 

time-point, of 21 days, only two layers were detected. To confirm the chondrogenic 

phenotype further immunohistochemistry with antibodies against type I, II, X collagen and 
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aggregan should be carried out in future. Type II collagen is a basic cartilage-specific marker 

and type X collagen is a marker for chondrocyte hypertrophy (95). Type I collagen 

expression should be negligible as this is a marker for fibrocartilage (96). Literature states 

that at 21 days of induction type I collagen and proteoglycan were detected only in the 

superficial zone of the pellet. Type II collagen and aggregan were detected in the mid zone 

and in the deeper zone of the pellet. Type X collagen was detected in the deep zone of the 

pellet (94, 97). The cultures in this study were able to undergo pellet formation but Toluidine 

Blue O staining was not sufficient to delineate the different zones within the pellet and no 

chondrogenic-specific markers were included. Chondrogenic differentiation should be 

assessed via histology, immunohistochemistry, and quantitative analysis of the expression of 

the chondrogenic-specific genes using qPCR. 

 

Conclusion 

 

The results from this chapter underscore the importance of a thorough initial 

characterization of the cells. In order to answer the objectives of the entire study it had to 

be determined if the isolated cells were indeed ASCs. The cell populations described herein 

presented characteristics that enabled their classification as ASCs. The isolated cells, both 

fresh and thawed cryopreserved cells, derived from human lipoaspirate (adipose tissue), 

were examined on the basis of adherence characteristics, immunophenotype, viability, 

colony-forming ability, and differentiation potential. It must be noted that ASCs are isolated 

from individuals with different genetic backgrounds. Donor variability needs to be taken into 

account. The heterogeneity of the ASC populations renders comparison of results difficult. A 

further challenge, eloquently put by Potten and Loeffler, was that stem cells are defined in 

terms of their functional capabilities. These capabilities “can only be assessed by testing the 

abilities of the cells, which itself may alter their characteristics during the assay procedure” 

(98). The stromal cells isolated from fat are complex and their functions are not well 

defined; however, with more worldwide collaborations, as seen with the IFATS and ISCT 

provisional statement, this will inevitably improve. The findings presented here cannot be 

directly extrapolated to an in vivo environment, but describe a multipotent stromal cell 

population within adult human lipoaspirate. Thus, the primary goal of this chapter was 

satisfied, characterizing ASCs according to the criteria described by Bourin et al., 2013 (9). 
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Chapter 4 

 

The effect of induced oxidative stress and antioxidant 

supplementation on the adipogenic differentiation potential of 

adipose-derived mesenchymal stromal/stem cells 

 

Introduction 

 

The prevalence of obesity is increasing in both developing and developed countries. South 

Africa is ranked the third most obese country after the United States of America and Great 

Britain. One of the associated risk factors for obesity is dyslipidemia (abnormal amounts of 

lipids), adipose tissue hyperplasia (cell number proliferation and/or differentiation) and 

hypertrophy (cell size increase due to lipid droplet accumulation) (1, 2). Preadipocyte cell 

lines, particularly the 3T3- and Ob17 murine preadipocyte cell lines, have been valuable tools 

for the study of adipocyte differentiation in vitro and the mechanisms behind obesity (3, 4). 

The disadvantage of using cell lines is that they are aneuploidic (3, 4). Furthermore, murine 

cell lines may not reflect the same repertoire of gene expression that occurs during human 

adipogenesis. A human primary cell model would therefore provide better insights into 

adipose differentiation and metabolism, thus increasing our understanding of obesity and 

diabetes. Human adipose-derived stromal cells (ASCs) are capable of differentiating down 

the adipocyte lineage providing a useful human primary stromal cell model of adipogenesis. 

An added advantage is that human ASCs are capable of differentiating not only down the 

adipocyte lineage but also chondrocyte, osteoblast, myoblast and neuronal lineages 

providing further utility in tissue engineering and regeneration (5-10).  

 

In order to understand the role of adipose tissue in obesity it will be necessary to understand 

the process of adipogenesis in its entirety. There is a deficit in our understanding of the 

intermediate adipocyte sub-populations that exist. Our understanding of adipogenesis is that 

it is a two-step process. The first step is the determination step, which consists of the 

commitment of the stem cells of mesodermal origin [mesenchymal stromal/stem cells 

(MSCs) or in all probability ASCs] to preadipocytes. These precursor cells possess no defining 

morphological features or specific gene expression markers (11). The second differentiation 
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step is the onset of terminal differentiation into functional mature adipocytes with the 

accumulation of cytoplasmic lipid droplets (12). Lipid droplets appear in the cytoplasm near 

the periphery of preadipocytes. The lipid droplets aggregate and enlarge through fusion. The 

enlarged lipid droplets migrate more centrally in the preadipocytes and a mature adipocyte is 

classified as containing a large unilocular lipid droplet. Lipid droplets are constitutively 

formed in adipocytes. However, non-adipocytes may contain small mobile lipid droplets (13).  

 

The long-standing hypothesis was that lipid droplets are formed within the leaflets of the 

endoplasmic reticulum bilayer, eventually budding off as a mobile droplet into the cytosol. 

There is new evidence that suggests this is not the case and that lipid droplet formation 

occurs adjacent to the endoplasmic reticulum bilayer in cup-shaped regions (14). The core of 

the lipid droplet is occupied by hydrophobic neutral lipids, such as diacyglycerols, 

triacylglycerol, cholesteryl esters, retinyl esters in various ratios dependent on the cell type 

(15). The lipid droplet surface is an amphipathic phospholipid monolayer containing one or 

more of the perilipin–adipophilin-TIP47 (PAT) family of proteins and cholesterol. Adipophilin, 

one of the PAT family proteins found in clusters in the cytoplasm of the endoplasmic 

reticulum, adjacent to the forming lipid droplet, appears to function in transferring lipids 

from the endoplasmic reticulum to the droplet surface (14). Newly synthesized lipid droplets 

accumulate new lipids from both local and distal locations and acquire phospholipids, an 

array of enzymes, and recruit additional proteins (15, 16). This suggests a role not just in 

lipid storage but also as organelles functioning in cell signaling, lipid metabolism, membrane 

trafficking and storage, and degradation of proteins (17-19). Adipocytes can expand and 

shrink according to their lipid loading. Upon fusion of the lipid droplets, the surface-to-

volume ratio decreases, which then should cause a surplus in amphipathic phospholipids. 

Boström and colleagues found that lipid droplets could grow after they had been assembled 

but that this increase in size is independent of triglyceride biosynthesis (20). 

 

A popular histochemical stain, Oil red O, has been used to detect neutral lipids within 

adipocytes and qualitatively define adipose differentiation. This qualitative detection method 

cannot be used to distinguish between preadipocyte sub-populations. Researchers have 

previously extracted the Oil red O dye in an attempt to quantify adipogenesis (21). The use 

of monoclonal antibodies and cell sorting to define the intermediate adipogenic sub-

populations has also been inadequate to date. Nile red (9-diethylamino-5H-

benzo[α]phenoxazine-5-one) is a lipophilic stain that is relatively photostable and will not 
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fluoresce in polar solvents. However, in a lipid-rich environment it will fluoresce strongly. Nile 

red has been used in fluorescence microscopy and in flow cytometry. If Nile red is dissolved 

in neutral lipids, it will emit yellow-gold fluorescence (emission wavelength > 528 nm) and if 

Nile red is dissolved in amphipathic lipids which have a polar and non-polar end, such as the 

phospholipids, it will emit deep red fluorescence (emission wavelength > 590 nm) (Figure 

4.1). The ability to shift its emission spectrum allows one to differentiate between different 

lipids. The lipid composition of lipid droplets can therefore be determined using the ability of 

Nile red to distinguish between neutral and amphipathic lipids (22). The progression in size 

from many small lipid droplets to one unilocular lipid droplet can be monitored during 

adipocyte maturation using Nile red. During the maturation of preadipocytes, the larger 

number of amphipathic lipids that are obtained as the lipid droplets merge and increase in 

size is correlated with an increase in deep red fluorescence. If one couples the Nile red 

measurement with DAPI (4′,6-diamidino-2-phenylindole dihydrochloride), a fluorescent stain 

that binds to nuclei, the actual number of cells with a specific lipid content ratio can be 

determined.  

 

    

     

Figure 4.1. Schematic of the composition of a lipid droplet and how it relates to fluorescent 

staining with Nile red. Hydrophobic neutral lipids, such as diacyglycerols, triacylglycerol, and 

cholesteryl esters in various ratios, occupy the core of the lipid droplet. The lipid droplet surface is an 

amphipathic phospholipid monolayer containing one or more of the perilipin–adipophilin-TIP47 (PAT) 

family of proteins and cholesterol. This schematic indicates the unique ability of Nile red to distinguish 

between neutral (yellow/orange in colour) and amphipathic lipids (red in colour) and which parts of 
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the lipid droplet would emit yellow-gold and deep-red fluorescence after Nile red staining. Adapted 

from (23). 

 

It has now been established that lipid droplets are involved in inflammatory processes. It 

was found that the production of reactive oxygen species (ROS), particularly hydrogen 

peroxide (H2O2), and lipid peroxidation is increased in white adipose tissue (WAT), but is not 

increased in muscle and liver tissue of obese mice. This is accompanied by expression of the 

transcription factor Spi-1 (spleen focus-forming virus proviral integration 1) which 

upregulates the transcription of the nicotinamide adenine dinucleotide phosphate (NADPH) 

oxidase (Nox) and high expression of the subunits of Nox, hence causing an increase in 

oxidative stress (Figure 4.2) (24). Inflammation is associated with the generation of ROS and 

the accumulation of ROS leads to oxidative stress. Thus, there is a close relationship 

between oxidative stress and inflammation. Oxidative stress is also implicated in the 

pathogenesis of many diseases including obesity, diabetes, cardiovascular disease, and 

cancer (25-27). In obesity, fat accumulation is correlated with increased oxidative stress and 

chronic inflammation. There are multiple underlying mechanisms for this increase in 

oxidative stress. The accumulation of adipocytes and adipose tissue itself is one such 

mechanism. Oxidative stress is accompanied by the augmented production of adipocytokines 

and cytokines by adipocytes and preadipocytes (Figure 4.2) (28). These are bioactive 

substances from WAT, comprised of, but not limited to, adiponectin, angiotensin II, 

interleukin-6 (IL-6), leptin, resistin, and tumor necrosis factor (TNF)-α (29, 30). 

 

The majority of these adipocytokines and cytokines are pro-inflammatory (adiponectin is 

anti-inflammatory) and are potent stimulators of ROS and reactive nitrogen species (RNS) 

production. Adipose tissue has the capability to secrete angiotensin II. Angiotensin II 

stimulates Nox. This results in the production of superoxide (O2
-) and the subsequent 

generation of H2O2 (31). NADPH oxidases, and in particular Nox4, are the major sources of 

ROS production in adipocytes (32). NADPH oxidase 4 is distinct from the other Nox proteins, 

as it constitutively produces copious amounts of H2O2. It is also situated on intracellular 

membranes (33). The cytokine, IL-6 is pro-inflammatory (34). Leptin can act directly on 

macrophage phagocytosis and increase the synthesis of the acute-phase reactant, C-reactive 

protein (CRP) as well as TNF-α and IL-6 (31, 35). Resistin has pro-inflammatory properties 

(36). Tumor necrosis factor-α is involved in inflammation, through the activation of nuclear 

factor κβ (NF-κβ), and production of ROS, amongst other properties, and influences the 
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production of IL-6 (34, 37). In contrast, adipose tissue from lean individuals secretes anti-

inflammatory adipocytokines such as adiponectin (38).  

 

Another source of oxidative stress associated with adipose tissue is pressure on surrounding 

cells from the excessive adipose tissue accumulation leading to cellular damage. Cellular 

damage consequently results in the high production of TNF-α and ROS. This in turn leads to 

increased lipid peroxidation. Furthermore, calorie overconsumption leads to increased 

oxygen consumption and increased mitochondrial respiration and thus amplified ROS 

production (34, 39). Lastly, a pro-inflammatory response often results in the recruitment of 

phagocytic cells, such as macrophages, which release ROS and other oxidants in a 

respiratory burst which may damage neighboring cells thereby perpetuating the 

inflammatory cycle (40). 

 

Recently it was recognized that ROS are widely used as second messengers to propagate 

stimulatory signals implicated in proliferation, survival mechanisms, and differentiation (41). 

Literature suggests that ROS play a role in adipogenesis (42). Furukawa and colleagues 

demonstrated that increased ROS production accompanied 3T3-L1 adipogenesis. They also 

suggested that Nox is the source of ROS during adipogenesis because a Nox inhibitor 

attenuated the increase in ROS (24). A second source of ROS that may promote 

adipogenesis is derived from mitochondrial Complex III (Figure 4.2). Tormos and colleagues 

found that mitochondrial ROS resulted in the upregulation of adipogenic transcriptional 

machinery in human MSCs (43). It was therefore hypothesized for this study that the 

addition of exogenous ROS would enhance the adipogenic differentiation potential of ASCs. 

Thus the effect of ROS on the adipogenic differentiation potential of ASCs was determined. 

An added advantage of carrying out a study involving ROS is that the target of ASC therapy 

is either a wound or an injury with the presence of inflammation, and therefore the 

generation of ROS.  
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Figure 4.2. Schematic illustrating how ROS production is increased in accumulating 

adipose tissue and how ROS may contribute to adipogenesis. Oxidative stress is associated 

with the dysregulated production of adipocytokines and cytokines, which contributes to increased 

inflammation and ROS. Adipose tissue accumumlation itself can increase oxidative stress. Reactive 

oxygen species derived from NADPH oxidase (Nox) and mitochondrial Complex III may promote 

adipogenesis. 
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Materials and methods 

 

Adipose-derived stromal cell culture and characterization 

Lipoaspirates were obtained from consenting human donors following a modified Coleman 

technique using a syringe and a 3 mm blunt-tipped cannula (44). The isolation of the stromal 

vascular fraction (SVF) from the adipose tissue was performed as described in Chapter 3. 

The SVF cells were analyzed for adherence to plastic. Once the cells adhered to the plastic 

and contaminating erythrocytes, non-adherent cells and cell debris were removed, the cells 

could be termed ASCs (45). Positivity for cell surface markers (≥95%) CD73, CD90, CD105 

and (≤2%) CD34, CD45 under standard culture conditions using flow cytometry (Gallios; 

Beckman Coulter, Krefeld, Germany) further characterized these cells. The ASCs were also 

characterized by tri-lineage differentiation into adipocytes, osteoblasts, and chondrocytes in 

vitro. These characteristics are all indicative of ASCs (Chapter 3).  

 

Adipose-derived stromal cells were grown in Minimum Essential Medium-alpha (α-MEM; 

Gibco®, Invitrogen Corporation, Carlsbad, California, USA) containing 10% (v/v) fetal bovine 

serum (FBS; Biochrom AG, Berlin, Germany) and 2% (v/v) penicillin and streptomycin 

(Pen/Strep; Sigma-Aldrich, St. Louis, MO, USA) at 37°C in a humidified air incubator 

containing 5% CO2. Adherent ASCs reached 80% subconfluency approximately 7 days after 

seeding. Adherent cells were detached from the plastic surface of the flask using Trypsin-

EDTA (0.25%, w/v) (Gibco®) and counted using Flow-CountTM Fluorospheres (Beckman 

Coulter) on a 10-colour, 3-laser Gallios flow cytometer. Cells were seeded at 5.0 × 103 

cells/cm2 and complete growth medium was changed on the 1st and 5th days. The cells were 

fed on the 3rd day. Both freshly cultured and cryopreserved–thawed ASCs were used in the 

experiments. Mainly early-passage ASCs were used. Late passage ASCs were considered as 

greater than passage 15 (P15; 15 trypsinizations). 

 

Three different types of cell culture media were used during the study to account for the 

ROS scavenging ability of pyruvate contained in the media: Dulbecco’s minimal Eagle’s 

medium with (+) pyruvate (Cat no. 31966-021), DMEM without (–) pyruvate (Cat no. 41965-

039), and α-MEM + pyruvate (Cat no. 32561-029). 
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Cell viability assays 

Two assays were used to determine the effects of the pro-oxidant, hydrogen peroxide (H2O2; 

Merck, Darmstadt, Germany), and the antioxidants, Trolox (Sigma-Aldrich) and CoQ10 

(Sigma-Aldrich) on ASC viability in vitro. The pro-oxidant and antioxidants were made up in 

distilled water (dH2O) and ethanol (EtOH) respectively, immediately prior to use. The two cell 

viability assay protocols are summarized in Figure 4.3. 

 

MTT assay  

Cell viability was analyzed using the 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium 

bromide (MTT; Sigma-Aldrich) assay. Stock was made up by dissolving MTT in PBS (pH 7.4) 

at 5 mg/ml and filtered. Mosmann suggested that filtering removes small amounts of 

insoluble residue that is present in some batches of MTT (46). At the times indicated below, 

stock MTT solution (10% of the medium volume) was added to all wells of an assay, and 

plates were incubated at 37°C for 4 hours. The supernatant was removed from the cells and 

allowed to dry in the flow cabinet (until visibly dry). The formazan blue crystals were 

solubilized by the addition of dimethyl sulfoxide (DMSO; Sigma-Aldrich) to all the wells. The 

plates were shaken on a plate shaker for 20 minutes to ensure that all crystals were 

dissolved. A 0.1 ml aliquot of each sample was then transferred to 96-well plates, and the 

absorbance of each well was measured at a wavelength of 570 nm against a reference 

wavelength of 630 nm using a microplate spectrophotometer (Power Wave X; BioTek 

Instruments, Winooski, VT, USA). The value that was used, as a measure of cell viability, 

was that of ASCs incubated in medium with the added conditions with subtraction of the 

blank (DMSO). The data was then expressed as a percentage of the control measured in the 

absence of conditions with the blank subtracted (considered 100% viable). As recommended 

by Mosmann, plates were read within 1 hour of adding the DMSO. 

 

Initially the ASCs were seeded at 5 x 103 cells/cm2 in 96-well plates (Nunc, Thermo Fisher 

Scientific, Roskilde, Denmark) in standard α-MEM growth medium and allowed to adhere for 

24 hours. To establish H2O2 concentrations to use in further experiments α-MEM was 

exchanged for DMEM either + pyruvate or – pyruvate or fresh α-MEM. The media were 

supplemented with 10% (v/v) FBS and 2% (v/v) Pen/Strep. Following 24, 48, 72, 96 and 

120 hours of exposure to a range of different H2O2 concentrations (0, 0.2, 0.4, 0.8, 1.56, 
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3.125, 6.25, 12.5, 25, 50, 100, 200 µM), viability was assessed using the MTT assay. Larger 

12-well plates (Nunclon Delta; Nunc) were used for further experiments. 

 

SRB assay 

Cell viability was also analyzed using the Sulforhodamine B (SRB) colourimetric assay 

following the protocol proposed by Vichai and Kirtikara (47). The ASC cultures were fixed 

with cold 10% (w/v) trichloroacetic acid (TCA) and incubated at 4°C for 1 hour. Following 

incubation the cells were washed gently with water four times and left to dry. The ASC 

cultures were stained for 30 minutes with 0,057% (w/v) SRB dye dissolved in 1% acetic 

acid. Unbound dye was removed by four washes with 1% (v/v) acetic acid, and left to dry. 

Protein-bound dye was solubilized with 10 mM unbuffered Tris base (pH 10.5) [tris 

(hydroxymethyl)aminomethane] and shaking on a plate shaker for 5 minutes. The protein-

bound dye was extracted for determination of optical density (OD) at 510 nm using a 

spectrophotometer. The OD is directly proportional to the cell number. The Tris blank was 

also subtracted from the OD values. The data was expressed as a percentage of the control. 
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Figure 4.3. Protocol comparison of the MTT and SRB cell viability assays. The MTT assay is 

featured in the top half of the figure and the SRB assay in the bottom half of the figure. Cell seeding 

densities, cellular growth conditions, pro-oxidant and anti-oxidant concentrations, as well as exposure 

times were kept constant for both assays. 
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Fluorescent detection of intracellular ROS levels 
MitoSOXTM red mitochondrial O2

- indicator (Molecular Probes, Invitrogen, Eugene, Oregon, 

USA), a derivative of hydroethidine (HE), was used to detect intracellular O2
-. Early-passage 

(P4, 5 and 9) thawed-cryopreserved ASC cultures from three different adipose tissue 

isolations were seeded in 6-well plates at 5 x 103 cells/cm2 and grown to 80% confluency. In 

triplicate, cells were then supplemented with DMEM + pyruvate or – pyruvate for 24 hours. 

Positive control conditions consisting of tert-Butyl hydroperoxide (tBHP; provided by 

Professor van der Westhuizen at North-West University) and H2O2 were used. A negative 

control was provided by the O2
- dismutase (SOD) mimetic (Manganese(III)tetrakis(4-benzoic 

acid)porphyrin chloride, MnTBAP; Calbiochem, San Diego, California). Following the 24 hours 

incubation period the ASCs were washed with PBS twice to remove any traces of FBS and 

phenol red, which can quench the fluorescence generated by MitoSOXTM red. A 5 mM stock 

of MitoSOXTM red was made in DMSO. A preliminary experiment determined that the 

appropriate concentration of MitoSOXTM red to add to the ASCs was 5 µM and an incubation 

period of 10 minutes. The cells were incubated at 37°C in the dark with a 5 µM working 

solution of the MitoSOXTM red probe for the 10 minutes. After incubation, the cells were 

washed twice with PBS to eliminate excess staining solution. The cells were trypsinized and 

the intracellular ROS was detected by flow cytometry using the Gallios flow cytometer in FL1 

by 525/40 nm band pass (BP) filter. Data analysis was carried out using Kaluza analysis 

software (Beckman Coulter). Cell debris, non-viable cells and aggregated cells were excluded 

by gating only viable cells.  

 

In vitro adipocyte differentiation 

ASCs were seeded at a density of 5 x 103 cells/cm2 in 6-well plates and cultured using 

standard growth medium (α-MEM). At confluence, in triplicate, the standard growth medium 

was replaced with adipogenic induction medium consisting of DMEM culture medium + or – 

pyruvate supplemented with 1 µM dexamethasone (Sigma-Aldrich), 0.5 mM 3-iosbutyl-

methylxanthine (Sigma-Aldrich), 200 µM indomethacin (Sigma-Aldrich), 10 µg/ml human 

insulin (Sigma-Aldrich), 10% (v/v) FBS and 2% (v/v) Pen/Strep (48). Insulin and 

indomethacin increase the rate of expression of lipogenic activity (49). Respective 

experimental control media (used for non-differentiated cells) consisted of DMEM 

supplemented with 10% (v/v) FBS and 2% (v/v) Pen/Strep + or – pyruvate. Media were 

replaced on the 1st and 5th days of culture and the cells were replenished with media on the 
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3rd day of culture. Cryopreserved–thawed ASCs were used for the adipogenic differentiation 

experiments. The effect of oxidative stress and antioxidant supplementation on adipocyte 

differentiation was determined at 14 and 21 days after adipogenic differentiation was 

induced. 

 

Fluorescence microscopy 

Staining with Nile red (lipid stain) and DAPI (nuclear stain), both purchased from Molecular 

Probes, Invitrogen, were used to confirm adipocyte differentiation. Both non-induced and 

adipogenic-induced ASCs were cultured in 6-well plates as previously described. Growth 

medium and adipogenic induction medium was removed and the wells were rinsed with PBS 

to remove non-adherent cells and any fluorescence quenching phenol red and FBS. 

Phosphate buffered saline was added to the wells of both non-induced as well as induced 

cultures. The cultures were simultaneously stained with 5 µg/ml (final concentration) DAPI 

and 1 µg/ml (final concentration) Nile red and incubated for 10 minutes at 37°C. 

Fluorescence was viewed using an AxioVert A1 inverted microscope (Carl Zeiss, Gottigen, 

Germany). Images were obtained using the AxioCam Cm1 camera (Carl Zeiss) using 10x, 

20x and 40x objective lens magnifications. Images were captured initially in single channels 

and subsequently overlaid using Axiovision software (Version 4.8.2). Single channel images 

were captured using Filter Set 09 for green fluorescence (Excitation BP 450-490 nm; 

Emission long pass (LP) 515 nm; Carl Zeiss) to visualize the lipid droplets and Filter Set 49 

for blue DAPI-fluorescent nuclei (Excitation BP 365 nm (G 365); Emission BP 445/50 nm; 

Carl Zeiss). Nile red also fluoresces in the deep red spectrum. Deep red fluorescence was 

visualized using Filter set 00 for Texas red (Excitation BP 530-585 nm; Emission LP 615 nm). 

Image J 1.47v was downloaded from http://imagej.nih.gov/ij and used for all image analysis 

(50). Images were not enhanced. 

 

Quantification of adipogenesis using flow cytometry 

The induced and non-induced cells were trypsinized and washed using the respective DMEM 

(+ or – pyruvate). The cells were not centrifuged as centrifugation caused the adipocytes to 

burst. Single cell suspensions were prepared and were simultaneously stained with Nile red 

(1 µg/ml) and DAPI (5 µg/ml) for 20 minutes at room temperature. Working solutions of 

DAPI (500 µg/ml) and Nile red (100 µg/ml) were prepared in staining buffer (100 mM Tris, 

150 mM NaCl, 1 mM CaCl2, 0.5 mM MgCl2, pH 7.4) and protected from light. The cells were 
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analyzed on a Gallios flow cytometer. Nile Red was excited with a 488 nm laser and yellow-

gold fluorescence was detected in FL2 by 575/30 nm BP filter and deep red fluorescence was 

detected in FL5 by 755 nm LP filter. The nuclear stain DAPI was excited with a 405 nm laser 

and fluorescent emissions were detected in FL9 by 450/40 nm BP filter. The data collected 

from the experiments were analyzed using Kaluza analysis software. The compensation 

matrix was determined using the dedicated function of the Kaluza software. Any replicate 

having less than 100 viable cells was excluded.  

 

Statistical analysis 

Kaluza statistics files were exported into Microsoft® Excel® for Mac 2011 Version 14.4.4 

(140807) for further analysis. Statistics were also performed using GraphPad PRISM 6 

Version 6.0d (GraphPad, UK). Data are represented as mean ± standard error of the mean 

(SEM). The D’Agostino-Pearson omnibus K2 normality test was utilized to quantify how much 

a data set deviated from a Gaussian distribution. If the data followed a Gaussian distribution, 

statistical differences were calculated using One–way analysis of variance (One-way ANOVA) 

followed by a Tukey’s multiple comparisons test. If the data did not follow a Gaussian 

distribution then a non-parametric statistical method was followed. The Kruskal-Wallis test 

was utilized followed by the multiple comparisons test, the Dunn’s post test. The multiple 

comparison tests indicate the significance level of a comparison. Differences were considered 

significant at P≤0.05. All of the data presented are the results of at least two biological 

replicates performed in at least triplicate. 

 

Results 

 

Selection of the appropriate oxidative stress inducer and antioxidant 

concentrations 

In order to investigate the effect of oxidative stress and antioxidant supplementation on the 

adipogenic differentiation potential of human ASCs, the appropriate concentrations of the 

oxidative stress inducer, H2O2 (Figure 4.4), and the antioxidant CoQ10 (Figure 4.5), were 

established.  

 

Tetrazolium salt (MTT) reduction with increasing concentrations of H2O2 from 0 to 200 µM 

was examined every 24 hours over a period of 120 hours. Raw OD values were obtained 
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after spectrophotometric analysis of the plates. A blank (no cells) OD value was subtracted 

from each sample OD value obtained.  

 

The percent viability relative to the control for the H2O2 concentrations was determined using 

the following equation: 
 

 
 

The standard growth medium that is used in the MRC Extramural Unit for Stem Cell 

Research and Therapy is α-MEM and is considered the optimal medium for the expansion of 

MSCs (51, 52) The induction medium used to induce the cells to differentiate into adipocytes 

consists of DMEM (+ pyruvate) containing adipogenic inducers (5, 53). Exposure of ASCs, 

grown in α-MEM or DMEM + pyruvate, to the range of H2O2 concentrations resulted in less 

cell death with increasing concentrations of H2O2 than expected. Thus, a proportional 

relationship between increasing concentration and increase in cell death was not obtained, 

resulting in less than 50% reduction in formazan product for the ASCs grown in α-MEM and 

DMEM + pyruvate. A half maximal inhibitory concentration (IC50) value with α-MEM and 

DMEM + pyruvate could not be established. It was determined that the medium had 

eliminated the H2O2. The presence of pyruvate in the medium scavenges the H2O2. 

Dulbecco’s minimal Eagle’s medium – (minus) pyruvate was therefore added to the 

comparison. The results confirmed that the amount of H2O2 that was added was greatly 

lessened in medium containing pyruvate (Figure 4.4). Analysis of cell viability with the 

increasing H2O2 concentrations displayed similar trends with regard to each medium on each 

consecutive day over the 120-hour period. 

 

The data passed the D’Agostino-Pearson omnibus K2 normality test and thus experimental 

data were analyzed using a One-way ANOVA. Statistical differences were determined by the 

Tukey’s multiple comparisons test. GraphPad PRISM 6 indicates the extent of significance up 

to P<0.0001 (****). For simplification and ease of visibility of the graph the extent of the 

significance was only indicated if the results had a P≤0.05 (*) relative to the respective 

control (0 µM H2O2). There were no significant differences obtained with increasing H2O2 

concentrations when the cells were grown in α-MEM and DMEM + pyruvate. Comparative 

viability data for H2O2 demonstrated that toxicity was more pronounced with the higher H2O2 
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concentrations when ASCs were grown in medium – pyruvate. The true effect of H2O2 on the 

ASCs was observed when using DMEM – pyruvate. Due to the attenuating effect of pyruvate 

on oxidative stress, it was ascertained that the appropriate medium for use in further 

experiments would be DMEM – pyruvate. 

 

Table 4.1 depicts the H2O2 IC50 concentration that was obtained at each 24-hour time point 

over the 120 hour period using DMEM – pyruvate. The IC50 decreased with increasing time 

due to the accumulation of ROS. The strongest effect was seen at 120 hours. It was 

therefore decided for further experiments that two different concentrations of H2O2 would be 

used; a concentration of 20 µM and a higher concentration of 100 µM H2O2 were chosen. An 

IC50 value of 21.91 µM H2O2 aided the choice of using 20 µM H2O2 for further experiments 

Literature also aided in the choice of 20 µM (54) and 100 µM H2O2 (55) concentrations. 

 

 

Figure 4.4. The cytoprotective effect of pyruvate against H2O2 insult. Cell viability was 

assessed using the MTT assay after exposure of the ASCs to a range of H2O2 concentrations. This 

graph is indicative of the effect at 96 hours. The pyruvate in α-MEM and DMEM + pyruvate prevented 

the decrease in cell viability seen with increasing H2O2 concentrations. ASCs cultured in DMEM – 

pyruvate showed a statistically significant increase in susceptibility to H2O2 from a concentration of 
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12.5 µM and upward compared to the control (0 µM H2O2). Values are means ± SEM from thawed 

cryopreserved ASC cultures from four different adipose tissue isolations, each in triplicate. *P<0.05. 

 

Table 4.1. The half-maximal inhibitory (IC50) concentrations of H2O2-treated ASCs 

for each time point.  

    

Cell viability was assessed using the MTT assay. IC50 concentrations could not be obtained using 

media containing pyruvate since pyruvate scavenges H2O2. The table depicts the H2O2 IC50 

concentration that was obtained at each 24-hour time point over the 120 hour period using DMEM – 

pyruvate. The IC50 decreased with increasing time due to the accumulation of ROS. The strongest 

effect was seen at 120 hours. An IC50 value of 21.91 µM H2O2 aided in the choice of using 20 µM H2O2 

for further experiments. n = 4. 

 

Antioxidants are said to interfere with the MTT reaction and reduce the tetrazolium used in 

the MTT assay to formazan without having any effects on viability. The SRB assay was 

therefore chosen in addition to the MTT assay as a viability assay. ASCs were cultured in the 

presence of a range of increasing CoQ10 concentrations from 0 to 100 µM. Figure 4.5 

represents the assessed viability at 96 hours after treatment with the various CoQ10 

concentrations. The highest concentration of CoQ10, which did not elicit a profound effect on 

viability, was chosen for further experimentation. The literature recommends using a 

concentration of 10 µM of CoQ10 (56). The antioxidant, Trolox, is commonly used as a 

control (57), displays strong antioxidant potential (58) and has been greatly studied. An 

equivalent concentration of 10 µM of Trolox was chosen for further experiments. Alves and 

colleagues assessed the effect of different Trolox concentrations (0, 50, 100, 200, 300 µM) 

on MSC proliferation (Supplementary Figure S2) (59). No significant reduction in cell viability 

was observed with a range between 0 and 50 µM of Trolox. No detrimental effects were 

observed on MSC viability with all Trolox concentrations that were used.  
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Figure 4.5. The effect of the antioxidant, CoQ10, on the viability of ASCs. Adipose-derived 

stromal cells were cultured in DMEM – pyruvate and supplemented with an increasing range of CoQ10 

concentrations. The viability of the ASCs was assessed after 96 hours using the MTT and SRB assays. 

Values are means ± SEM from 2 donor samples, four experiments per assay each in triplicate.  

 

The cells were prone to lifting off the plastic surface of the culture dish particularly during 

the process of the MTT assay. Any wells where this was observed were excluded from 

analysis so as to not include any potential erroneous data. All three media used in this study 

are conducive to ASC growth and the SRB assay confirmed this as shown by no significant 

differences in the means (Figure 4.6). 
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Figure 4.6. The viability of ASCs grown in the three different media. The viability of ASCs 

cultured in standard growth medium, α-MEM (blue), DMEM + pyruvate (red) and DMEM – pyruvate 

(purple) relative to Day 0 growth was assessed after 96 hours using the SRB assay. Values are 

means ± SEM from 2 donor samples each in triplicate.  

 

Effects of co-supplementation of an oxidative stress inducer and 

antioxidants on ASC viability 

Following the previous experiments, we assessed whether the decrease in ASC viability 

caused by the oxidative damage inducer could be rescued by co-supplementation with the 

ROS scavengers, Trolox and CoQ10 (Figure 4.7). Treatment of ASCs with the higher 100 µM 

H2O2 concentration caused a 2.4-fold reduction in viability from 138.10% ± 4.11% to 

56.92% ± 10.04 using the SRB assay. This was partially rescued by the addition of the 

antioxidant Trolox, which resulted in an increase in ASC viability to 79.91% ± 4.03% (1.4-

fold increase). However, the means were not significantly different. We further investigated 

whether the effect of H2O2 on ASC viability could be reduced by co-supplementation with 

another antioxidant, CoQ10. The addition of 10 µM CoQ10 to ASCs treated with 100 µM H2O2 

resulted in an increase in viability from 56.92% ± 10.04% to 70.17% ± 4.80% (1.2-fold 

increase). The mean value of the H2O2-treated ASCs and the mean values of the ROS and 

antioxidant co-supplemented ASCs were not significantly different. There was thus a small 

trend towards partially rescuing oxidative damage induced loss of viability; however, the 

viability was not restored to the original state of the DMEM – pyruvate cultured ASCs. The 

addition of the antioxidants did not significantly rescue oxidative-induced damage by H2O2. 
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Vehicle controls were added to observe any possible negative effect on viability, but no 

negative effects were observed. 

 

 

Figure 4.7. The effect of antioxidant supplementation on the ROS-induced reduction in 

ASC viability. The H2O2-treated ASCs were co-supplemented with 10 µM Trolox or 10 µM CoQ10 for 

24 hours and the viability was assessed using the SRB assay. Values are means ± SEM from 2 

biological replicates each in triplicate using passage, P6, thawed-cryopreserved ASC cultures. 

****P<0,0001. 

 

Intracellular ROS levels in adipose tissue-derived stromal cells 

The effect of pyruvate on intracellular ROS was assessed using MitoSOXTM red mitochondrial 

O2
- indicator. A preliminary experiment revealed that the appropriate concentration of 

MitoSOXTM red to add to the ASCs was 5 µM (also manufacturer’s suggestion) with an 

incubation period of 10 minutes. Oxidation of MitoSOXTM red emits red fluorescence, which 

was measured in the FL1 fluorescence detection channel of the flow cytometer. Two-

parameter side-scatter (SS; complexity) versus FL1 fluorescence (MitoSOX red) plots were 

created by gating on viable cells (Figure 4.8). An increase in the intracellular ROS was 
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detected with the removal of pyruvate and a mean fluorescence intensity (MFI) of 1.15 was 

obtained. Upon comparison with DMEM + pyruvate, which resulted in an MFI of 0.75, there 

was a resultant 1.5-fold increase. The addition of a positive control, tBHP, increased 

intracellular ROS further with a 3-fold increase in mean fluorescence intensity compared to 

DMEM + pyruvate.  

 

 
Figure 4.8. Determination of intracellular ROS in ASCs. Intracellular ROS levels were 

determined using MitoSOXTM red. The plots are the result of MitoSOXTM red stained ASCs grown in 

either DMEM + pyruvate or DMEM – pyruvate or DMEM – pyruvate treated with the pro-oxidant tBHP. 

The ASCs grown in DMEM – pyruvate were more FL1 fluorescent than ASCs grown in DMEM + 

pyruvate, as indicated by the shift in fluorescence signal to the right of the two-parameter plot. The 

addition of a positive control increased the MFI a further 3-fold relative to cells grown in DMEM + 

pyruvate.  

 

An overlay plot was created for visual clarity (Figure 4.9). The number of cells and the 

intensity of the MitoSOXTM red fluorescence are shown on the y-axis and x-axis, respectively. 

The increase in fluorescence with the removal of pyruvate and a further increase in 

fluorescence with the addition of the positive control were observed in this plot. 
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Figure 4.9. Overlay plot of MitoSOXTM red fluorescence under different conditions. The 

overlay plot displayed an increase in FL1 fluorescence with the removal of pyruvate and a further 

increase with the addition of the positive control, tBHP.  

 

The resulting graph was produced from the MFIs of three ASC cultures (Figure 4.10). 

Treatment of ASCs with H2O2 (100 µM) in DMEM – pyruvate, the right bar in purple, caused 

an increase in mean MitoSOXTM red fluorescence from a basal level of 0.96 ± 0.13 (the right 

bar in grey) to 1.41 ± 0.19. The positive control, tBHP in DMEM – pyruvate, the bar in 

green, had a significant ± 2.6-fold increase in intracellular ROS to 2.05 ± 0.11. Treating the 

cells with the SOD mimetic, MnTBAP (100 µM) in DMEM – pyruvate, the right bar in red, 

inhibited the increase in ROS as evidenced by the decrease in mean MitoSOXTM red 

fluorescence (0.81 ± 0.22). These results indicate that exogenously added ROS do increase 

intracellular ROS generated through the mitochondria. The addition of an antioxidant 

enzyme, MnTBAP, decreases ROS accumulation. The increase in fluorescence can also be 

attenuated by the elimination of ROS due to the scavenging effect of pyruvate.  
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Figure 4.10. Fluorescent detection of intracellular ROS levels. The treatment with exogenous 

H2O2 and a positive control, tBHP, induces intracellular O2
– generation. The effect is counteracted by 

the addition of a negative control, MnTBAP, and the scavenging effect of pyruvate. The ASCs were 

treated with 100 µM of the test conditions at 37°C for 24 hours, and then incubated with 5 µM 

MitoSOXTM red for 10 minutes. The fluorescence was measured using the FL1 channel of the Gallios 

flow cytometer and analyzed using Kaluza software. Cell debris and non-viable cells, represented by 

clear low forward- and side-scatter were gated out of the analysis. The data are shown as means of 

the FL1 channel fluorescence intensity, and represent mean ± SEM. n = 3; early-passage 4, 5 and 9 

thawed-cryopreserved ASC cultures. *P<0.05; ****P<0.0001. See Table 4.2 for all significance values. 
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Table 4.2. Statistical differences relating to Figure 4.10.  

 

The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0,05, 

***P<0,001, ****P<0,0001. 

 

Effect of an oxidative stress inducer and antioxidants on the 

differentiation potential of ASCs 

Having confirmed that exogenously added H2O2 affects intracellular ROS, the effect of 

exogenously added ROS on the adipogenic differentiation potential of ASCs was investigated. 

In this study, cultured ASCs were subjected to not only adipogenic induction medium but 

also prolonged treatment with H2O2. The ASCs induced to differentiate were supplemented 

with the adipogenic differentiation-inducing agents, dexamethasone, 3-iosbutyl-

methylxanthine, indomethacin and human insulin. Lipid droplets started to accrue within 7 

days after induction. The day 14 adipogenic-induced cells, + pyruvate and without 

exogenous ROS, continued to accumulate lipid droplets within their cytoplasm.  
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Treatment of adipogenic differentiated ASCs with 1 µg/ml Nile red resulted in intense 

fluorescent staining of the lipid droplets. Treatment with 5 µg/ml of the fluorescent nuclear 

stain, DAPI, resulted in nuclear staining. Fluorescence was viewed using an AxioVert A1 

inverted microscope. Fluorescence microscopy images were taken of the Nile red and DAPI 

stained cells. Images were captured as single channel images. The Texas red channel (red) 

and the green fluorescent protein (GFP; green) channel were used for lipid droplet 

identification and the DAPI (blue) channel was used for visualization of nuclei. The exposure 

times were optimized for each individual channel. Figure 4.11 provides an overview of the 

steps involved in acquiring the images and the resultant merged image. Images were 

captured using the DAPI channel option (4.11A) and the Texas red (4.11B) and GFP channel 

options (4.11C). These three images were then overlaid using Axiovision software (4.11D). 

 

 

 

Figure 4.11. Analysis of Nile red and DAPI emissions 

of adipogenic-induced ASCs. The panel on the left 

indicates the single images corresponding to staining with 

DAPI and Nile red. Image of blue emission of cells stained 

with DAPI (A), the nuclei fluoresced blue. Nile red-stained 

lipid droplets were visualized in the Texas red channel and 

thus fluoresced red (B). Nile red-stained lipid droplets were 

visualized in the GFP channel and thus fluoresced green (C). 

The single channel images were merged using Axiovision 

software (D). Original magnification: 40x, scale bars: 10 µm. 
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The photographs presented in Figure. 4.12 reveal the appearance of Nile red and DAPI 

stained cells, at day 21 after adipogenic induction was commenced. The DAPI and Nile red-

stained non-induced cultured ASCs exhibited small discrete lipid bodies distributed 

throughout the cytoplasm (4.12A). Staining the adipogenic-induced ASCs, cultured in 

standard induction medium containing DMEM + pyruvate and without exogenous ROS, with 

Nile red confirmed that the cells had the capacity to differentiate down the adipogenic 

lineage (4.12B). The differentiated cells had numerous fluorescent spherical lipid droplets, 

which varied dramatically in size, situated in the cytosol. The majority of the differentiated 

cells in the culture had lipid droplets, although in varying numbers per cell. However, no 

mature adipocytes, having a large unilocular lipid droplet, were observed.  

 

 

Figure 4.12. Fluorescent images of Nile red and DAPI stained non-induced and induced 

ASCs. Passage 6 thawed-cryopreserved ASCs that were cultured in standard growth medium and not 

induced to differentiate into adipocytes did not undergo differentiation at 21 days of growth, but 

exhibited small discrete lipid bodies distributed throughout the cytoplasm after staining with Nile red 

(A). Cells induced to differentiate into adipocytes exhibited lipid droplets within their cytoplasm at 21 

days of induction after staining with Nile red (B). 

 

Staining the cells with the lipophilic Nile red and the nuclei stain DAPI clearly indicated the 

presence of lipid droplets within the adipogenic-induced cells, although, microscopy did not 

provide any quantitative information regarding the lipid content, lipid accumulation or 

heterogeneity in adipogenesis among donor samples. Figure 4.13 shows differentiated ASCs 

grown in adipogenic medium containing DMEM + pyruvate (4.13A), DMEM – pyruvate 

(4.13B) and DMEM – pyruvate and the addition of 20 µM H2O2 (4.13C). Visually, not much of 

a difference could be observed, although in these photographs there appears to be larger 



Chapter 4 - Oxidative stress and antioxidants  

	 141 

lipid droplets with the increase in ROS. The need for quantifying the differences between 

these conditions demonstrates the importance of using flow cytometric measures for this 

study (see below).  

 

 

Figure 4.13. Comparison of adipogenic differentiation under different media conditions. 

The photographs represent differentiated ASCs grown in adipogenic medium containing DMEM + 

pyruvate (A), DMEM – pyruvate (B) and DMEM – pyruvate and the addition of 20 µM H2O2 (C). There 
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appears to be an increase in lipid droplet size with an increase in ROS. Original magnification: 10x, 

scale bars: 20 µm.  

 

Flow cytometric analysis of the accumulation of lipid droplets based on Nile red 

positive staining at day 14 of adipogenic induction 

The ASCs, upon confluence, were induced to differentiate into adipocytes using an 

adipogenic induction cocktail. Following an induction period of 14 days the adipogenic 

differentiation potential of the ASCs was analysed using flow cytometry. Nile red and DAPI 

staining were used to quantify the lipid accumulation flow cytometrically. A total run time of 

5 minutes was set per condition because using the number of events such as, 10000 events, 

instead of time, extended the run period between conditions further and there was the 

concern of affecting cell viability. Acquiring events based on a set time of 5 minutes resulted 

in an average of 9532 ± 4004 cells being counted for non-induced ASCs, grown in DMEM + 

pyruvate, and an average of 9023 ± 2386 induced cells grown in DMEM + pyruvate being 

counted. These cell counts were not significantly different, thus the results were comparable. 

Following 96 hours, and using the SRB assay, there was no significant difference between 

the mean ASC viability of the non-induced and adipogenic-induced cells with both DMEM + 

pyruvate and DMEM – pyruvate containing media (Figure 4.14).  
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Figure 4.14. The effect of the adipogenic cocktail on ASC viability. The viability of ASCs 

grown in DMEM + pyruvate medium (light pink), adipogenic medium + pyruvate (pink) and DMEM – 

pyruvate (light purple), adipogenic medium – pyruvate (purple) was assessed after 96 hours using the 

SRB assay.  

 

Only viable ASCs were used in the analysis. Viable cells were determined by utilizing DAPI 

fluorescence, and forward-scatter (FS) and SS properties as visualized in Figure 4.15. Dead 

cells or cells undergoing necrosis have damaged cell membranes that are more permeable to 

DAPI, the nucleus stain. Fluorescent emissions of DAPI were detected in FL9, thus if the FL9 

fluorescence intensity increased, the cell membranes were compromised and these cells 

were also counted as non-viable (4.15A). Cell debris and non-viable cells were represented 

by clear low FS and were gated out for analysis (4.15B). Nile red content was detected in 

FL2, and thus, the percentage of cells emitting yellow-gold fluorescence (FL2+) was 

determined (4.15C).  

 



Chapter 4 - Oxidative stress and antioxidants  

	 144 

 

Figure 4.15. Gating strategy for Nile red content detection. A region was drawn around the 

DAPI and Nile red labeled, non-induced cells, grown in DMEM + pyruvate, which did not have 

compromised cell membranes. Cells with compromised membranes were brighter in FL9 DAPI 

fluorescence (A). Following this any remaining cellular debris and non-viable cells, represented by low 

FS and SS, were gated out for analysis (B). Nile red content was detected in FL2. The non-induced 

ASCs did not emit much FL2 yellow-gold fluorescence (C).  

 

Regions were set according to the non-induced ASCs, grown in DMEM + pyruvate, for each 

donor sample, which emitted little yellow-gold fluorescence. These regions were used as 

gating controls to monitor the increase in yellow-gold fluorescence emitted by the 

adipogenic-induced ASCs (Figure 4.16; non-induced 4.16A and induced 4.16B). A shift to the 

right of the density plot of FL2 fluorescence indicated an increase in lipid content. At day 14 

of adipogenesis, quite a large percentage (75.45% ± 13.60%) of the viable cells grown in 

adipogenic medium + pyruvate appeared not to have differentiated. Heterogeneity existed 

with respect to the degree of adipogenic differentiation of the ASCs in response to 

adipogenic induction medium between donor samples as demonstrated in Figure 4.16. For 

example A220313 was inherently more fluorescent in FL2 and displayed a slightly increased 

differentiation potential (4.16D) compared to A180313 (4.16B). This is exhibited in the 

Figure by the percent of viable cells that emitted yellow-gold fluorescence.  
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Figure 4.16. Strategy for flow cytometric analysis of adipogenesis. Regions were set 

according to the yellow-gold fluorescence of the non-induced Nile red stained ASCs (A). These regions 

were used as gating controls to monitor the increase in yellow-gold fluorescence emitted by the Nile 

red stained adipogenic-induced ASCs (B). The rectangular regions indicate the percentage of 

events/cells that had accumulated lipids after Nile red staining. The differentiation potential varied 

between donor samples as demonstrated when the percentage of viable cells in the rectangular 

region of B is compared to the rectangular region in D. These are the results of ASCs grown in DMEM 

+ pyruvate (Non-induced; A and C) and adipogenic induction medium + pyruvate (Induced; B and 

D). 
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Cells that contained lipid droplets diffracted more light. Increased lipid accumulation within a 

cell was manifested as increased cellular complexity, which correlated with an increase in SS 

following flow cytometric analysis. Thus an increase in SS with an increase in lipid 

accumulation was expected and observed upon addition of adipogenic medium. Four 

quadrants were used to display increased cellular complexity and increased FL2 fluorescence 

as shown in Figure 4.17. The A-- quadrant contained cells with a level of intracellular 

complexity similar to that observed in the control non-induced ASCs, whereas the A++ 

quadrant contained cells with increased complexity. It was assumed that the cells with the 

greatest complexity contained higher lipid content, while cells that exhibited lower 

complexity contained less lipid content. The figure demonstrates that there is a trend in 

increased complexity with increased FL2 fluorescence. 

 

 

Figure 4.17. Accumulation of lipid droplets based on cell complexity. The x-axis reflected the 

increase in FL2 fluorescence and y-axis reflected the increase in SS or complexity of the cells. 

Following standard adipogenic induction, the ASCs became increasingly complex due to an increase in 

lipid content. This was correlated by an increase in FL2 yellow-gold fluorescence (B).  

 

 

 



Chapter 4 - Oxidative stress and antioxidants  

	 147 

The percentage of non-induced ASCs grown in DMEM + pyruvate that emitted yellow-gold 

fluorescence (percentage of fluorescence detected in FL2) at day 14 was 5.38% ± 0.80%. 

This value is expected to be low because the cells were not induced to undergo adipogenic 

differentiation. The percentage of cells, grown in adipogenic induction medium + pyruvate 

that emitted yellow-gold fluorescence was 17.24% ± 3.20%, resulting in a ±3-fold increase 

in neutral lipid containing cells (Figure. 4.18). A popular measure used in literature to 

illustrate an increase in staining compared to a control is the geometric-mean fluorescence 

intensity (MFI). The MFI detected in FL2 correlates with the presence of neutral lipids per 

cell. The mean Nile red (FL2+) fluorescence of the cells in response to DMEM + pyruvate 

was 1.37 ± 0.03. The MFI detected in FL2 of the cells in response to adipogenic induction 

medium + pyruvate increased to 2.43 ± 0.33 (Table 4.5(A)).  

 

Removing pyruvate from the DMEM resulted in 4.60% ± 1.78% of the non-induced ASCs 

emitting yellow-gold fluorescence following the staining of the neutral lipids with Nile red at 

day 14. Exposing the cells to adipogenic induction medium – pyruvate for 14 days resulted in 

31.28% ± 3.37% of the cells emitting only yellow-gold fluorescence. This is a ±7-fold 

increase in adipogenic differentiation (Figure. 4.18). A MFI of 1.41 ± 0.01 was obtained for 

the non-induced ASCs grown in DMEM – pyruvate for 14 days. The MFI for the cells induced 

to differentiate with adipogenic induction medium – pyruvate for 14 days increased to 2.58 

± 0.24 (Table 4.5(B)). The addition of 20 µM H2O2 to the ASCs grown in adipogenic 

induction medium – pyruvate increased adipogenic differentiation ±2-fold compared to ASCs 

grown in standard adipogenic medium. This condition also increased adipogenic 

differentiation ±1-fold compared to ASCs grown in adipogenic medium – pyruvate. The 

percentage of cells grown in adipogenic induction medium – pyruvate and the addition of 20 

µM H2O2 that emitted only yellow-gold fluorescence was 35.39% ± 1.99% (Figure. 4.18). 

The MFI of the adipogenic-induced cells – pyruvate with the addition of 20 µM H2O2 was 

3.39 ± 0.69 compared to 1.37 ± 0.03 for ASCs grown in DMEM – pyruvate and the addition 

of 20 µM H2O2 (Table 4.5(C)).  

 

Trolox attenuated the increase in lipid accumulation seen with the addition of ROS and thus 

a decrease in adipogenesis was seen. The addition of 10 µM Trolox to the H2O2-treated 

adipogenic-induced ASCs decreased the percentage of adipogenic-induced cells emitting 

yellow-gold fluorescence from 35.39% ± 1.99% to 21.64% ± 3.13%, resulting in a ±0.6-

fold change (Figure. 4.18). There was a non-significant decrease to a MFI of 2.92 ± 0.54 for 
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the cells induced to differentiate with adipogenic induction medium – pyruvate and the 

addition of Trolox and H2O2 for 14 days compared to the cells induced to differentiate with 

adipogenic induction medium – pyruvate and the addition of 20 µM H2O2 (Table 4.5(D)). 

Coenzyme Q10 also attenuated the increase in lipid accumulation seen with the addition of 

H2O2. The decrease caused by the addition of CoQ10 to H2O2 treated adipogenic-induced 

cells was, however, not significant. The effect of co-supplementation of H2O2 with CoQ10 on 

adipogenic differentiation was not significantly different to the effect of co-supplementation 

of H2O2 with Trolox. The addition of 10 µM CoQ10 to the H2O2 treated adipogenic-induced 

ASCs decreased the percentage of adipogenic-induced ASCs emitting yellow-gold 

fluorescence from 35.39% ± 1.99% to 25.98% ± 3.75% causing an approximate 0.7-fold 

change (Figure. 4.18). There was a non-significant decrease in the MFI of the cells induced 

to differentiate with adipogenic induction medium – pyruvate and the addition of CoQ10 and 

H2O2 for 14 days (2.03 ± 0.31) compared to the MFI of the cells induced to differentiate with 

adipogenic induction medium – pyruvate and the addition of 20 µM H2O2 (Table 4.5(E)).  

 

To summarise, there was a significant increase (P<0.05) in Nile red positivity with the 

addition of adipogenic induction medium + pyruvate compared to the non-induced ASCs 

grown in DMEM + pyruvate (see Table 4.3). There was a significant increase (P<0.01) in 

Nile red positivity with the removal of pyruvate compared to the induced cells cultured in 

adipogenic induction medium + pyruvate. Nile red positivity increased significantly 

(P<0.0001) with the addition of adipogenic induction medium – pyruvate and with the 

addition of 20 µM of H2O2. Addition of 10 µM of the ROS scavenger, Trolox, to the H2O2 

treated adipogenic-induced ASCs significantly decreased (P<0.01) the percentage of 

adipogenic-induced ASCs emitting yellow-gold fluorescence. Addition of 10 µM of CoQ10 to 

the H2O2 treated adipogenic-induced ASCs decreased the percentage of adipogenic-induced 

ASCs emitting yellow-gold fluorescence, but not significantly (Figure. 4.18). The lack of 

significance with the co-supplementation of H2O2-treated ASCs with CoQ10 may be due to 

the limited number of replicates. 
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Figure 4.18. Percentage of cells that emit yellow-gold fluorescence after Nile red staining 

following 14 days of adipogenic induction. This graph indicates the percentage of cells that emit 

yellow-gold fluorescence after Nile red staining of early-passage, P7, thawed-cryopreserved ASCs at 

14 days after adipogenic induction. The box of the box whisker plot extends from the 25th percentile 

to the 75th percentile. The line situated in the middle of the box represents the median. The lower 

whisker is the smallest percentage of cells that emitted yellow-gold fluorescence and the upper 

whisker is the largest percentage of cells that emitted yellow-gold fluorescence. Nile red positivity 

appeared to increase significantly (P<0.01) without the ROS scavenging effect of pyruvate compared 

to the induced cells cultured in adipogenic induction medium + pyruvate. Nile red positivity increased 

significantly (P<0.0001) in adipogenic induction medium – pyruvate and with the addition of 20 µM of 

H2O2. Addition of 10 µM of the ROS scavanger, Trolox, to the H2O2 treated adipogenic-induced ASCs 

significantly P<0.01, decreased the percentage of adipogenic-induced ASCs emitting yellow-gold 

fluorescence. Addition of 10 µM of CoQ10 to the H2O2 treated adipogenic-induced ASCs decreased the 

percentage of adipogenic-induced ASCs emitting yellow-gold fluorescence, but not significantly. n = 2. 
**P<0.01; ****P<0.0001. See Table 4.3 for all significance values. 
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Table 4.3. Statistical differences relating to Figure 4.18.  

 

The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0,05 

**P<0,01, ***P<0,001, ****P<0,0001. 

 

Flow cytometric analysis of the accumulation of lipid droplets based on lipid 

composition at day 14 of adipogenic induction 

The analysis presented here was prompted by the solvatochromatic nature of Nile red. Lipid 

droplets are made up of a neutral lipid core and an outer amphipathic membrane. Nile red 

can detect both these types of lipids. The lipophilic dye emits yellow-gold fluorescence when 

dissolved in neutral lipids, while it fluoresces in the deep red spectrum when dissolved in 

amphipathic lipids such as the phospholipids of cell membranes. During preadipocyte 

maturation a larger number of amphipathic lipids are formed upon the merging of the lipid 

droplets and their increase in size. This causes a correlated increase in deep red fluorescence 

(FL5 fluorescence). Sub-populations of increasing lipid content were defined according to 



Chapter 4 - Oxidative stress and antioxidants  

	 151 

their increase in yellow-gold as well as increase in deep-red fluorescence (FL2–/FL5– < 

FL2+/FL5– < FL2++/FL5+) and are represented in Figure 4.19. The position of the vertical 

line in 4.19A and 4.19B is determined by gating the plot on the FL2+ region, set according 

to the non-induced DMEM + pyruvate control and the position of the horizontal line in 4.19A 

and 4.19B is determined by gating the plot on FL5–, also set according to the non-induced 

DMEM + pyruvate control. 

 

Figure 4.19. Accumulation of lipid droplets based on lipid composition. The x-axis reflected 

the increase in FL2 yellow-gold fluorescence and y-axis reflected the increase in FL5 deep red 

fluorescence emitted by cells. The increase in the simultaneous emission of deep red and yellow-gold 

fluorescence is indicative of the merging of lipid droplets and thus an accumulation of lipid content 

within the cells. Following standard adipogenic induction, the ASCs were more fluorescent on day 14 

post-induction in both FL2 and FL5 (FL2++/FL5+) (B). 
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The following graphs on the left-hand side indicate the percentage of cells per sub-

population with increased simultaneous emission of yellow-gold and deep red fluorescence 

after Nile red staining at 14 days after adipogenic induction. The graphs on the right-hand 

side indicate the mean Nile red fluorescence intensities per sub-population of increased 

simultaneous emission of yellow-gold and deep red fluorescence after Nile red staining of the 

same cells at 14 days after adipogenic induction. Under standard adipogenic conditions + 

pyruvate there was a significant increase in simultaneous yellow-gold and deep red 

fluorescence emissions demonstrating an increase in lipid accumulation. The proportion of 

ASCs, cultured in induction medium + pyruvate that simultaneously emitted yellow-gold and 

deep-red fluorescence (FL2++/FL5+), indicative of larger lipid droplets, was 9.06% ± 2.46 

(Table 4.6(A)). The proportion of non-induced ASCs, cultured in DMEM + pyruvate that 

simultaneously emitted yellow-gold and deep-red fluorescence (FL2++/FL5+) was 0.72% ± 

0.19 (Table 4.6(A)). 

 

It appeared that with an increase in ROS, either with the removal of pyruvate or the addition 

of H2O2 there was a slight trend towards an increase in the FL2+/FL5– sub-population, which 

is indicative of lipid droplets of smaller size. Upon removal of pyruvate from the adipogenic 

induction medium, a greater proportion (14.86% ± 2.22%) of the differentiated cells 

appeared to be situated in the FL2+/FL5– sub-population than the cells induced with 

adipogenic medium + pyruvate. The percentage (17.16% ± 2.60%) of cells in the 

FL2++/FL5+ sub-population was also increased compared to the cells induced with 

adipogenic medium + pyruvate. An increase in ROS with the addition of 20 µM H2O2 also 

caused an increase in the FL2+/FL5– sub-population with 31.99% ± 1.49% of cells being 

situated in this sub-population. The trend was continued with the addition of 10 µM Trolox 

and 10 µM CoQ10 to adipogenic-induced ASCs treated with 20 µM H2O2, and the 

percentages of these sub-populations were decreased. The percentages of cells within the 

FL2+/FL5– sub-populations were 16.08% ± 0.91% and 26.44% ± 3.62% with the addition 

of Trolox and CoQ10, respectively (Table 4.6 (D and E).  

 

It is noticeable and expected that the induced cells (bars on the right of each sub-

population), represented in the MFI graphs on the right-hand side of Figure 4.20, 

demonstrated a higher fluorescence intensity than the non-induced cells (bars on the left of 

each sub-population), with respect to both yellow-gold and deep red fluorescence. The MFI 

of ASCs grown in induction medium + pyruvate that simultaneously emitted yellow-gold and 



Chapter 4 - Oxidative stress and antioxidants  

	 153 

deep-red fluorescence (FL2++/FL5+), was 5.78 ± 1.24. The MFI of the cells in the 

FL2+/FL2– sub-population was 1.60 ± 0.09. Removal of pyruvate from the adipogenic 

induction medium resulted in a MFI of 2.58 ± 0.17 for the FL2+/FL2– sub-population. The 

MFI of the differentiated cells that simultaneously emitted yellow-gold and deep-red 

fluorescence (FL2++/FL5+) was 6.74 ± 1.02. The addition of 20 µM H2O2 caused an 

increase in the MFI (11.57 ± 1.75) of the FL2++/FL5+ sub-population. The addition of 10 

µM Trolox to adipogenic-induced ASCs treated with 20 µM H2O2 decreased the MFI of the 

FL2++/FL5+ sub-population to 1.76 ± 0.15. The addition of 10 µM CoQ10 to adipogenic-

induced ASCs treated with 20 µM H2O2 decreased the MFI of the FL2++/FL5+ sub-

population to 6.31 ± 2.08. 
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Figure 4.20. Percentages and MFI of cells that emit simultaneous yellow-gold fluorescence 

and deep-red fluorescence after Nile red staining. The graphs on the left-hand side indicate the 

percentage of cells per sub-population with increasing simultaneous emission of yellow-gold and deep 

red fluorescence after Nile red staining of P7 thawed-cryopreserved ASCs at 14 days after adipogenic 

induction. The graphs on the right-hand side indicate the mean fluorescence per sub-population of 

increasing simultaneous emission of yellow-gold and deep red fluorescence after Nile red staining of 

the same cells at 14 days after adipogenic induction. Significant differences are compared between 

not induced and induced cells of each sub-population. n = 2. *P<0.05; **P<0.01; ***P<0.001; 

****P<0.0001. 
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Flow cytometric analysis of the accumulation of lipid droplets based on Nile red 

positive staining at day 21 of adipogenic induction 

On day 21 of induction, adipogenic differentiation was detected by flow cytometry using Nile 

red and DAPI. Regions were set using day 14 and these regions were kept for analysis of 

day 21 of adipogenic differentiation for the same culture (Figure 4.21).  

 

 

 

Figure 4.21. Strategy for monitoring adipogenic progression of ASCs at day 21 of 

induction using flow cytometry and Nile red. Regions were set according to the yellow-gold 

fluorescence of the non-induced Nile red stained ASCs at 14 days of adipogenic induction. The regions 

used at 14 days were maintained and used as gating controls for analysis of non-induced and 

adipogenic-induced ASCs at 21 days of induction. The rectangular regions indicate the percentage of 

events/cells that had accumulated lipids after Nile red staining. These are the results of ASCs cultured 
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in DMEM + pyruvate for 14 days (A), ASCs cultured in DMEM – pyruvate for 14 days (B), ASCs 

cultured in DMEM – pyruvate for 21 days (C), and ASCs cultured in adipogenic induction medium – 

pyruvate for 21 days (D). 

 

All of the cultures induced to differentiate for 21 days underwent adipogenic differentiation. 

Flow cytometry of Nile red-stained adipogenic-induced cultures confirmed an increase in 

neutral lipid content and SS following the 21 day-induction period compared to non-induced 

control cultures. There was a similar trend observed at day 21 to day 14 cells treated under 

the various pro- and antioxidant conditions, although increased percentages of cells 

containing lipid were observed. The percentage of cells that emitted yellow-gold fluorescence 

due to the formation of intracellular lipid droplets increased gradually over the 21 day period 

when cultured with the standard adipogenic cocktail containing pyruvate. The average 

overall Nile red content in ASCs under standard adipogenic induction medium + pyruvate on 

day 21 was ±2-fold higher than on day 14 using the same donor samples. At day 14, 

17.24% ± 3.20% of the cells emitted yellow-gold fluorescence. At day 21, the percentage of 

cells that emitted yellow-gold fluorescence increased to 34.48% ± 6.88%. The MFI, detected 

in the FL2 channel, of the cells in response to adipogenic induction medium + pyruvate 

increased to 2.48 ± 0.23 from a MFI of 1.34 ± 0.46 for the ASCs grown in DMEM + pyruvate 

(Table 4.5(A)).  

 

Culturing ASCs in adipogenic induction medium – pyruvate enhanced adipogenic 

differentiation by ±8-fold compared to ASCs grown in DMEM – pyruvate. Removing pyruvate 

from the adipogenic induction medium significantly increased the percentage of cells stained 

positively with Nile red from 34.48% ± 6.88% (standard adipogenic differentiation 

conditions) to 64.76% ± 4.98% (adipogenic differentiation conditions – pyruvate). The 

culturing of the ASCs in induction medium – pyruvate for 21 days also caused ± 2-fold 

increase in FL2+ cells compared to 14 days. The mean Nile red fluorescence of the ASCs 

grown in DMEM – pyruvate for 21 days was 1.39 ± 0.04 and the mean Nile red fluorescence 

in response to adipogenic induction medium – pyruvate increased to 3.27 ± 0.22. The 

addition of 20 µM H2O2 to the ASCs grown in adipogenic induction medium – pyruvate 

markedly enhanced adipogenic differentiation by ±3-fold compared to ASCs grown in 

standard adipogenic induction medium + pyruvate. At day 14, the MFI of 35.39% ± 1.99% 

of the cells was 3.39 ± 0.69 (within the gated region FL2+). However, at 21 days, the 

fluorescence intensity of 85.52% ± 1.21% of the population had increased to greater than 5. 
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This mean Nile red fluorescence was significantly increased compared to the Nile red MFIs of 

the cells cultured in adipogenic medium + pyruvate and adipogenic medium – pyruvate. It 

was also observed that 20 µM H2O2 added to non-induced ASCs cultured in DMEM – 

pyruvate caused substantial lipid accumulation. Analysis showed that 34.09% ± 3.78% of 

the ASCs cultured in DMEM – pyruvate and 20 µM H2O2 had accumulated lipid (Figure. 4.22). 

However, the observed MFI of these non-induced cells was 1.40 ± 0.02, which was not 

significantly different from the non-induced cells grown in DMEM + pyruvate (1.34 ± 0.46) 

and DMEM – pyruvate (1.39 ± 0.04). 

 

Trolox attenuated the increase in lipid accumulation seen with the addition of ROS and thus 

a decrease in the percentage of Nile red positive cells. The addition of 10 µM Trolox to the 

H2O2 treated adipogenic-induced ASCs decreased the percentage of adipogenic-induced cells 

emitting yellow-gold fluorescence from 85.52% ± 1.21% to 45.51% ± 10.36%, resulting in 

a ±0.5-fold change (Figure. 4.22 and Table 4.5(D)). There was a significant (P<0.01) 

decrease in the MFI of the cells induced to differentiate with adipogenic induction medium – 

pyruvate and H2O2 with the addition of Trolox for 21 days compared to the cells induced to 

differentiate with adipogenic induction medium – pyruvate and the addition of 20 µM H2O2 

for 21 days. Coenzyme Q10 also attenuated the increase in lipid accumulation seen with the 

addition of H2O2. The addition of CoQ10 to H2O2-treated adipogenic-induced cells caused a 

significant decrease in the percentage of adipogenic-induced ASCs emitting yellow-gold 

fluorescence from 85.52% ± 1.21% to 30.97% ± 10.49% causing an approximate ±0.4-fold 

change. There was a significant (P<0.01) decrease in mean Nile red fluorescence of the cells 

in response to the addition of CoQ10 to the adipogenic induction medium – pyruvate and 

H2O2 for 21 days compared to the cells induced to differentiate with adipogenic induction 

medium – pyruvate and the addition of H2O2.  

 

To summarise, there was a significant (P<0.01) increase in the percentage of Nile red 

positive cells with the addition of adipogenic induction medium + pyruvate compared to the 

respective control of non-induced ASCs cultured in DMEM + pyruvate. There was also a 

significant (P<0.0001) increase in yellow-gold fluorescence with the addition of adipogenic 

induction medium – pyruvate compared to the non-induced ASCs cultured in DMEM – 

pyruvate. Nile red positivity also increased significantly (P<0.0001) without the ROS 

scavenging effect of pyruvate and with the addition of 20 µM of H2O2 in the adipogenic 
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medium compared to the non-induced cells cultured in DMEM – pyruvate with 20 µM of 

H2O2. The addition of pro-oxidant to the adipogenic induction medium – pyruvate 

significantly (P<0.0001) increased the percentage of cells stained positively with Nile red 

compared to standard adipogenic differentiation conditions + pyruvate. Adding 20 µM of 

H2O2 to the non-induced ASCs cultured in DMEM – pyruvate caused significant (P<0.01) lipid 

accumulation within the cells. The addition of 10 µM of the ROS scavengers, Trolox and 

CoQ10, to the H2O2-treated adipogenic-induced ASCs significantly (P<0.001 and P<0.0001 

respectively) decreased the percentage of adipogenic-induced ASCs emitting yellow-gold 

fluorescence (Figure. 4.22). 

 

                                                               

Figure 4.22. Percentage of cells that emit yellow-gold fluorescence after Nile red staining 

following 21 days of adipogenic induction. This graph indicates the percentage of cells that emit 

yellow-gold fluorescence after Nile red staining of P8, P9 and P12, thawed-cryopreserved ASCs at 21 

days after adipogenic induction. Nile red positivity increased significantly (P<0.0001) without the ROS 

scavenging effect of pyruvate and with the addition of 20 µM of H2O2 in the adipogenic medium 
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compared to the non-induced cells under the same conditions. The addition of pro-oxidant to the 

adipogenic induction medium – pyruvate significantly (P<0.0001) increased the percentage of cells 

stained positively with Nile red compared to standard adipogenic differentiation conditions + pyruvate. 

Adding 20 µM of H2O2 to the non-induced ASCs cultured in DMEM – pyruvate caused significant 

(P<0.01) lipid accumulation within the cells. The addition of 10 µM of Trolox to the H2O2-treated 

adipogenic-induced ASCs significantly (P<0.001) decreased the percentage of adipogenic-induced 

ASCs emitting yellow-gold fluorescence. The addition of 10 µM of CoQ10 to the H2O2-treated 

adipogenic-induced ASCs significantly (P<0.0001) decreased the percentage of adipogenic-induced 

ASCs emitting yellow-gold fluorescence. n = 2. *P<0.05; **P<0.01; ***P<0.001; ****P<0.0001. See 

Table 4.4 for all significance values. 

 

Table 4.4. Statistical differences relating to Figure 4.22.  

 

The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0,05 

**P<0,01, ***P<0,001, ****P<0,0001. 
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Figure 4.23. Lipid accumulation in non-induced cells with the addition of ROS. The phase 

contrast microscopy photographs of are of non-induced ASCs cultured in DMEM – pyruvate with the 

addition of the pro-oxidant H2O2 (A), induced cells cultured in adipogenic medium – pyruvate (B), and 

induced cells cultured in adipogenic medium – pyruvate with the addition of the pro-oxidant H2O2 (C). 

Donor sample: A180313 P7F1. Original magnification: 20x, scale bars: 20 µm.  

 

Flow cytometric analysis of the accumulation of lipid droplets based on lipid 

composition at day 21 of adipogenic induction 

The graphs on the left-hand side below indicate the percentage of cells per sub-population 

of increasing simultaneous emission of yellow-gold and deep red fluorescence after Nile red 

staining at 21 days after adipogenic induction. The graphs on the right-hand side indicate 

the mean Nile red fluorescence intensities per sub-population of increasing simultaneously 

emission of yellow-gold and deep red fluorescence after Nile red staining of the same cells at 

21 days after adipogenic induction. Under standard adipogenic conditions + pyruvate there 

was a significant increase in simultaneous yellow-gold and deep red fluorescence emissions 

demonstrating an increase in lipid accumulation. The proportion of ASCs, grown in induction 

medium + pyruvate that emitted yellow-gold (FL2++/FL5–), and simultaneously emitted 

yellow-gold and deep-red fluorescence (FL2++/FL5+), were both significantly (P<0.0001) 

increased compared to the adipogenic-induced FL2–/FL5– sub-population. The percentages 

of cells in both of the increased lipid sub-populations were similar (non-significant). 

 

The removal of pyruvate also appeared to have differentiated cells situated in both sub-

populations, but in increased numbers compared to standard adipogenic conditions + 

pyruvate. A significantly greater proportion (43.73% ± 9.21%) of the differentiated cells 

appeared to be situated in the FL2++/FL5+ sub-population (Figure 4.24). An increase in 

ROS with the addition of 20 µM H2O2 also caused a significant increase in the FL2++/FL5+ 
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sub-population with 54.70% ± 10.02% of cells situated in this sub-population. The addition 

20 µM H2O2 to the non-induced ASCs caused a significant (P<0.0001) increase in both the 

FL2+/FL5– and FL2++/FL5+ sub-populations compared to the FL2–/FL5– sub-population of 

the non-induced ASCs. The addition of 10 µM Trolox and 10 µM CoQ10 to the adipogenic-

induced ASCs treated with 20 µM H2O2 decreased the percentages of cells in the 

FL2++/FL5+ sub-population substantially compared to the other induced cultures with the 

various pro- and antioxidant conditions. However, the mean percentage of cells within the 

FL2+/FL5– sub-population of the adipogenic-induced culture – pyruvate with the addition of 

10 µM Trolox was increased to 44.52% ± 9.84%. The mean percentage of cells within the 

FL2+/FL5– sub-population of the adipogenic-induced culture – pyruvate with the addition of 

10 µM CoQ10 was also increased to 29.98% ± 9.98%. These increases were not statistically 

significant probably due to the large variation in the data and the limited number of 

replicates. 

 

The induced cells (bars on the right of each sub-population), represented in the MFI graphs 

on the right-hand side of Figure 4.24, demonstrated a higher fluorescence intensity than the 

non-induced cells (bars on the left of each sub-population), with respect to both yellow-gold 

and deep red fluorescence. The MFI of ASCs grown in induction medium + pyruvate that 

simultaneously emitted yellow-gold and deep-red fluorescence (FL2++/FL5+), was 2.98 ± 

0.40. The MFI of the cells in the FL2+/FL2– sub-population was 2.03 ± 0.22. Removal of 

pyruvate from the adipogenic induction medium resulted in a MFI of 2.29 ± 0.16 for the 

FL2+/FL2– sub-population. The MFI of the differentiated cells that simultaneously emitted 

yellow-gold and deep-red fluorescence (FL2++/FL5+) was 4.17 ± 0.41. The addition of 20 

µM H2O2 caused an ±2-fold increase in the MFI (7.39 ± 1.63) of the FL2++/FL5+ induced 

sub-population. The addition of 10 µM Trolox to adipogenic-induced ASCs treated with 20 

µM H2O2 decreased the MFI of the FL2++/FL5+ sub-population to 4.07 ± 0.80. Interestingly, 

the addition of 10 µM CoQ10 to adipogenic-induced ASCs treated with 20 µM H2O2 had a MFI 

of the FL2++/FL5+ sub-population of 12.46 ± 2.95. This was not statistically significant 

compared to the MFI of the FL2++/FL5+ sub-population of the adipogenic-induced ASCs 

treated with 20 µM H2O2. 
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Figure 4.24. Percentages and MFI of cells that emit simultaneous yellow-gold fluorescence 

and deep-red fluorescence after Nile red staining. The graphs on the left-hand side indicate the 

percentage of cells per sub-population of increasing simultaneous emission of yellow-gold and deep 

red fluorescence after Nile red staining of early-passage, P8, P9 and P12, thawed-cryopreserved ASCs 

at 21 days after adipogenic induction. The graphs on the right-hand side indicate the mean 

fluorescence per sub-population of increasing simultaneous emission of yellow-gold and deep red 

fluorescence after Nile red staining of the same cells at 21 days after adipogenic induction. Significant 
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differences are compared between not induced and induced cells of each sub-population. n = 2. 

*P<0.05; **P<0.01; ***P<0.001; ****P<0.0001. 

 

Tables representing the % Gated cells and MFI of non-induced ASCs and 

adipogenic differentiated cells that emitted yellow-gold fluorescence after 

staining with Nile red. 

 

Table 4.5(A). Cells cultured in medium + pyruvate. 

 

 

Table 4.5(B). Cells cultured in medium – pyruvate. 

 

 

Table 4.5(C). Cells cultured in medium with the addition of 20 µM H2O2 – 

pyruvate. 
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Table 4.5(D). Cells cultured in medium with the addition of 20 µM H2O2 and 10 µM 

Trolox – pyruvate. 

  

 

Table 4.5(E). Cells cultured in medium with the addition of 20 µM H2O2 and 10 µM 

CoQ10 – pyruvate.		
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Tables representing the % Gated and MFI of non-induced ASCs and adipogenic 

differentiated cells that simultaneously emitted yellow-gold and deep red 

fluorescence after staining with Nile red. 

 

Table 4.6(A). Cells cultured in medium + pyruvate. 

 

 

Table 4.6(B). Cells cultured in medium – pyruvate. 

 

 

Table 4.6(C). Cells cultured in medium with the addition of 20 µM H2O2 – 

pyruvate. 
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Table 4.6(D). Cells cultured in medium with the addition of 20 µM H2O2 and 10 µM 

Trolox – pyruvate. 

 

 

Table 4.6(E). Cells cultured in medium with the addition of 20 µM H2O2 and 10 µM 

CoQ10 – pyruvate.  

 

The relative intensities of Nile Red fluorescence (yellow-gold to deep red spectrum) emitted are 

expressed as mean percentages and MFIs. All results are expressed as the mean ± SEM. n = 2. All 

experiments were done in triplicate. 

 

Effect of pre-conditioning with pro-oxidant on the differentiation potential 

of ASCs 

Pre-conditioning stromal cells using chemokines, growth factors, pharmacological agents, or 

cellular stressors, has been shown to improve cellular adaption to stress, increase cell 

survival and thus improve transplantation outcomes (60). Pre-conditioning prompts the cells 

to adapt to an environment they would experience upon transplantation and thus is 

proposed to enhance their survival. It was hypothesized that exposure of the ASCs to sub-

lethal oxidative concentrations of H2O2 could alleviate subsequent oxidative stress-induced 
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apoptosis and select for a sub-population within the cultured ASCs that were more resistant 

to oxidative damage. The effects of pre-conditioning with 20 µM of H2O2 or 100 µM of H2O2 

for a 24-hour period were assessed on the adipogenic differentiation potential of ASCs. 

 

Flow cytometric analysis of the accumulation of lipid droplets based on Nile red 

positive staining at day 14 of adipogenic induction 

The ASCs were incubated in standard growth medium until confluent and were then pre-

treated with medium containing either 20 µM H2O2 or 100 µM H2O2 for 24 hours. Following 

the 24-hour incubation period this medium was removed and adipogenic medium – pyruvate 

was added and cultured for 14 and 21 days. The mean percentage of adipogenic-induced 

cells cultured for 14 days that had accumulated lipid following pre-conditioning with 20 µM 

H2O2 was 45.27% ± 18.36% compared to conventional adipogenic medium + pyruvate 

induced cells that had a mean of 17.24% ± 3.20%. At day 14, the MFI of 45.27% ± 18.36% 

of the cells within the FL2+ region was increased to 7.14 ± 2.48 (Table 4.9(A)). This was 

significantly increased compared to the MFIs for adipogenic medium + pyruvate and 

adipogenic medium – pyruvate but was not significantly different from the MFI obtained with 

adipogenic medium – pyruvate treated with 20 µM H2O2 at 14 days. Pre-treatment with 20 

µM H2O2 also had an increased mean percentage of Nile red positive cells compared to 

adipogenic medium – pyruvate and adipogenic medium – pyruvate treated with 20 µM H2O2, 

however, no statistically significant differences were observed between the 20 µM H2O2 pre-

treated adipogenic-induced culture and the other adipogenic-induced cultures and this may 

be due to the large variation observed (Figure 4.25). The heterogeneity between donor 

samples was particularly evident when the cultures were pretreated with 20 µM H2O2 for the 

24-hour period. The A220313 culture, as previously mentioned, accumulated more lipid than 

A180313 (Figure 4.26).  

 

The same heterogeneity between cultures A180313 and A220313 (both at P7F1) was 

observed when the cultures were pre-conditioned with 100 µM H2O2 and induced with 

adipogenic medium – pyruvate for 14 days. Pre-conditioning with 100 µM H2O2 appeared to 

protect the ASCs from lethal oxidative stress significantly compared to treatment with 100 

µM H2O2 throughout the induction period of 14 days. Results for adipogenic induction 

following the 14-day period were obtained. The ASCs that had undergone oxidative pre-

conditioning with 100 µM H2O2 before being exposed to adipogenic induction medium – 
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pyruvate for 14 days and had accumulated lipid exhibited a mean percentage of 24.69% ± 

11.94% and a MFI of 2.82 ± 0.91. This was an increase mean percentage-wise compared to 

conventional adipogenic medium + pyruvate, but pre-conditioning with 100 µM H2O2 did not 

significantly increase lipid accumulation compared to conventional adipogenic medium and 

adipogenic medium – pyruvate (Figure 4.25).  

 

                                                                 

 

Figure 4.25. Effect of oxidative pre-conditioning on adipogenic differentiation of ASCs. This 

graph indicates the percentage of cells that emit yellow-gold fluorescence after Nile red staining of P7 

thawed-cryopreserved ASCs at 14 days after adipogenic induction under different conditions. There 

was a non-significant increase in Nile red positivity with pre-conditioning with 20 µM H2O2 compared 

to conventional adipogenic induction medium. Pre-treatment with 100 µM H2O2 did not significantly 

increase lipid accumulation compared to conventional adipogenic induction medium.  

n = 2. *P<0.05, **P<0.01 
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Table 4.7. Statistical differences relating to Figure 4.25.  

 

The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0,05 

**P<0,01, ***P<0,001, ****P<0,0001. 
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Figure 4.26. Demonstration of inter-culture variation. Pre-conditioning the ASCs with 20 µM H2O2 

for 24 hours followed by the addition of adipogenic induction medium – pyruvate for 14 days 

appeared to have opposing effects on A180313 (P7F1) and A220313 (P7F1). The A180313 cells had a 

mean percentage of Nile red positivity of 4.44% ± 0.50% and the A220313 cells had a mean 

percentage of Nile red positivity of 86.09% ± 4.35%. This demonstrates that A180313 is either less 

affected by oxidative pre-conditioning or has a lesser potential to differentiate into adipocytes. The 

symbols represent technical replicates of the same condition in the same experiment.  

 

Flow cytometric analysis of the accumulation of lipid droplets based on lipid 

composition at day 14 of adipogenic induction 

It appeared that pre-conditioning the ASCs with 20 µM H2O2 for 24 hours before induction 

with adipogenic medium – pyruvate for 14 days increased the simultaneous yellow-gold and 

deep red fluorescence emissions demonstrating an increase in lipid accumulation. The 

proportion of ASCs, pre-conditioned with 20 µM H2O2 and cultured in induction medium – 

pyruvate, that emitted yellow-gold (FL2++/FL5–), and simultaneously emitted yellow-gold 



Chapter 4 - Oxidative stress and antioxidants  

	 173 

and deep-red fluorescence (FL2++/FL5+), were both non-significantly increased compared 

to the non-induced counterparts. The MFI of the differentiated cells that simultaneously 

emitted yellow-gold and deep-red fluorescence (FL2++/FL5+) was 12.98 ± 2.41. Pre-

conditioning the ASCs with 100 µM H2O2 for 24 hours before induction with adipogenic 

medium – pyruvate for 14 days caused a non-significant increase in the FL2+/FL5– sub-

population with 16.68% ± 6.29% of cells situated in this sub-population (Figure 4.27). 
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Figure 4.27. Percentages and MFI of cells that emit simultaneous yellow-gold fluorescence 

and deep-red fluorescence after Nile red staining. The graphs on the left-hand side indicate the 

percentage of cells per sub-population of increasing simultaneous emission of yellow-gold and deep 

red fluorescence after Nile red staining of P7, thawed-cryopreserved ASCs that were pre-conditioned 

with pro-oxidant for 24 hours followed by 14 days of adipogenic induction. The graphs on the right-

hand side indicate the mean fluorescence per sub-population of increasing simultaneously emission of 

yellow-gold and deep red fluorescence after Nile red staining of the same cells at 14 days after 
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adipogenic induction. Significant differences are compared between Not induced and Induced cells of 

each sub-population. n = 2. *P<0.05; **P<0.01; ***P<0.001; ****P<0.0001. 

 

Flow cytometric analysis of the accumulation of lipid droplets based on Nile red 

positive staining at day 21 of adipogenic induction 

The effects of H2O2 pre-conditioning were assessed on adipogenic differentiation following 21 

days of adipogenic induction. The mean percentage of adipogenic-induced cells cultured for 

21 days that had accumulated lipid following pre-conditioning with 20 µM H2O2 was 3.67% ± 

0.96% compared to adipogenic-induced cells treated with 20 µM H2O2 that had a mean of 

90.29% ± 8.83% positively stained with Nile red. Pre-treatment with 20 µM H2O2 

significantly inhibited lipid accumulation compared to conventional adipogenic medium, 

adipogenic medium – pyruvate and adipogenic medium – pyruvate treated with 20 µM H2O2.  

 

The cultures were then once again pre-conditioned with 100 µM H2O2 for 24 hours and 

induced with adipogenic medium – pyruvate for 21 days. A percentage of ASCs that had 

undergone oxidative preconditioning with 100 µM H2O2 before being exposed to adipogenic 

induction medium – pyruvate for 21 days and had accumulated lipid exhibited a mean of 

40.65% ± 2.90%. The adipogenic induction of the ASCs pre-conditioned with 100 µM H2O2 

resulted in a ±2-fold increase in the MFI compared to the ASCs pre-conditioned with 100 µM 

H2O2 and cultured in DMEM – pyruvate. Pre-treatment with 100 µM H2O2 increased lipid 

accumulation to a similar extent as conventional adipogenic medium. The lipid accumulation 

was, however, significantly lower than adipogenic induction with 20 µM H2O2, but 

significantly higher than the pre-treatment with 20 µM H2O2 followed by adipogenic induction 

(Figure 4.28). 
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Figure 4.28. Effect of oxidative pre-conditioning on adipogenic differentiation of ASCs. This 

graph indicates the percentage of cells that emit yellow-gold fluorescence after Nile red staining of 

P11 and P13 thawed-cryopreserved ASCs at 21 days after adipogenic induction under different 

conditions. Pre-conditioning with 20 µM H2O2 for 21 days is not conducive towards adipogenic 

differentiation. However, Nile red positivity seems to increase with pre-treatment of 100 µM H2O2 and 

similarly to conventional adipogenic induction medium. n = 2. ***P<0.001, ****P<0.0001 
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Table 4.8. Statistical differences relating to Figure 4.28.  

	
The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0,05 

**P<0,01, ***P<0,001, ****P<0,0001. 

 

Flow cytometric analysis of the accumulation of lipid droplets based on lipid 

composition at day 21 of adipogenic induction 

It appeared that pre-conditioning with 20 µM H2O2 for 24 hours before adipogenic induction 

with medium – pyruvate for 21 days was not conducive towards adipogenic differentiation. 

Pre-treatment with 100 µM H2O2 for 24 hours caused a significant increase in the FL2+/FL5– 

sub-population with 39.53% ± 2.72% of cells situated in this sub-population. The MFI of this 

sub-population and the FL2++/FL5+ sub-population was not significantly different to these 

two sub-populations in the cells induced with conventional adipogenic medium + pyruvate 

(Figure 4.29).  
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Figure 4.29. Percentages and MFI of cells that emit simultaneous yellow-gold fluorescence 

and deep-red fluorescence after Nile red staining. The graphs on the left-hand side indicate the 

percentage of cells per sub-population of increasing simultaneous emission of yellow-gold and deep 

red fluorescence after Nile red staining of P11 and P13 thawed-cryopreserved ASCs that were pre-

conditioned with pro-oxidant for 24 hours followed by 21 days of adipogenic induction. The graphs on 

the right-hand side indicate the mean fluorescence per sub-population of increasing simultaneously 

emission of yellow-gold and deep red fluorescence after Nile red staining of the same cells at 21 days 



Chapter 4 - Oxidative stress and antioxidants  

	 179 

after adipogenic induction. Significant differences are compared between Not induced and Induced 

cells of each sub-population. n = 2. *P<0.05; **P<0.01 

 

Tables representing the % Gated cells and MFI of non-induced ASCs and 

adipogenic differentiated cells that emitted yellow-gold fluorescence after 

staining with Nile red. 

 

Table 4.9(A). Cells pre-treated with 20 µM H2O2 and cultured in medium – 

pyruvate  

 

 

Table 4.9(B). Cells pre-treated with 100 µM H2O2 and cultured in medium – 

pyruvate  
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Tables representing the % Gated and MFI of non-induced ASCs and adipogenic 

differentiated cells that simultaneously emitted yellow-gold and deep red 

fluorescence after staining with Nile red. 

 

Table 4.10(A). Cells pre-treated with 20 µM H2O2 and cultured in medium – 

pyruvate  

 

 

Table 4.10(B). Cells pre-treated with 100 µM H2O2 and cultured in medium – 

pyruvate  

 

The relative intensities of Nile Red fluorescence (yellow-gold to deep red spectrum) emitted are 

expressed as mean percentages and MFI. All results are expressed as the mean ± SEM. n = 2. All 

experiments were done in triplicate. 
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Discussion 

 

Selection of the appropriate oxidative stress inducer and antioxidant 

concentrations 

The goal was to study adipogenic differentiation under these conditions of oxidative stress. 

There are numerous ROS and intermediate molecules that are involved in oxidative stress, 

which interconvert through the help of enzymes, cytokines, metals, and thiols (61-65). The 

various molecules and ROS involved in the different signaling pathways add to the difficulty 

in determining which ROS are involved in oxidative stress. Hydrogen peroxide has been 

implicated in a large proportion of oxidative stress. It can readily diffuse through cell 

membranes and thus has far-reaching effects, establishing its function as a signaling 

molecule (66). 

 

Exogenously administered H2O2 activates kinase enzymes and inactivates phosphatase 

enzymes (67). The extracellular signal-regulated kinase (ERK1/2) and p38 mitogen-activated 

protein kinase (MAPK) pathways, both ERK1/2 and p38 MAPK, as their names suggest, are 

kinases. The pathways are activated by growth factors and angiotensin II with H2O2 as the 

messenger (68). Adipogenesis is mainly regulated by the transcription factors: 

CCAAT/enhancer-binding proteins (C/EBPs), specifically C/EBPα, C/EBPβ, and C/EBPδ; and 

peroxisome proliferator-activated receptor (PPAR)-γ (69). Upon the addition of adipogenic 

medium, in the early phase of differentiation, there is the induction of C/EBPβ and C/EBPδ. 

These factors then induce the expression of C/EBPα and PPARγ which together promote the 

terminal phase of adipogenesis (70, 71). 

 

Studies at the Boston University School of Medicine demonstrated that mitogen/extracellular 

signal-regulated kinase (MEK)/ERK signaling and C/EBPβ regulate the expression of PPARγ 

(72). The early proliferative stage, also known as mitotic clonal expansion of adipogenesis is 

initiated by stimuli such as insulin. Insulin is also known to activate the ERK pathway thus 

demonstrating a role for the ERK pathway during early adipogenesis (73). Engelman and 

colleagues demonstrated that treatment of 3T3-L1 fibroblasts with p38 MAPK inhibitors 

prevented their differentiation into adipocytes (74). It has been demonstrated that H2O2 

regulates insulin stimulation and plays a role in insulin signal transduction. It was also 

observed that insulin stimulated H2O2 generation through Nox4 (75, 76). 
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The stimulation of cells by cytokines such as transforming growth factor (TGF)-β1 (77), TNF-

α and IL-1 (78) resulted in the production of ROS and once again confirmed the role of ROS, 

particularly H2O2, as signaling messengers. Schreck and colleagues and a few years later 

Schmidt and colleagues reported that H2O2 acted as a messenger and activated nuclear 

factor κβ (NF-κβ) (79, 80). Berg and colleagues found that NF-κβ subunits were upregulated 

during adipocyte differentiation (81). The overwhelming evidence implicating H2O2 in 

multiple signaling cascades led to the choice of H2O2 as the appropriate ROS for this study. 

 

Upon 100% confluence, preadipocytes enter a growth-arrested state which is important for 

differentiation (82). Addition of the adipogenic induction cocktail causes the cells to re-enter 

the cell cycle and undergo mitotic clonal expansion (83, 84). The DNA replication opens up 

the DNA at reporter and enhancer elements for transcription factors involved in 

differentiation. The mitotic clonal expansion phase involves C/EBPβ and C/EBPδ. The 

transcription factors C/EBPα and PPARγ terminate mitotic clonal expansion (85). An 

expanding amount of literature has focused on the effect of the addition of H2O2 

concentrations to mammalian cells. Lower concentrations of 10-8 M to 10-6 M of H2O2 

stimulated the growth of mammalian cells (86-88). Davies and colleagues found that 3 µM to 

15 µM of H2O2 also caused this stimulatory mitogenic effect (89). Lee and colleagues 

observed that growth-arrested 3T3-L1 preadipocytes that were treated with 50 µM or 100 

µM of H2O2 in conjunction with hormonal stimulation had accelerated cell cycle progression 

from the S (DNA replication) phase to G2/M (cell dividing) phase and enhanced adipogenesis 

(90). However, Weise et al. found that 100 µM of H2O2 resulted in temporary growth arrest 

in mammalian fibroblast cells (91). Greater concentrations ranging between 120 to 150 µM 

of H2O2 also caused a temporary growth arrest according to Davies and colleagues. A 

concentration of 500 µM and greater induced apoptotic cell death (89). Miard and colleagues 

found that the addition of 20 µM of H2O2 to the 3T3-L1 preadipocyte cell line mimicked age-

related oxidative stress and increased lipid accumulation (54). 

 

To determine the concentrations of the pro-oxidant and antioxidants to use, cell viability was 

evaluated. Tetrazolium salt, MTT, reduction with increasing concentrations of H2O2 from 0 to 

200 µM was examined every 24 hours over a period of 120 hours. MTT reduction has been 

extensively used for the quantitative assessment of cellular viability. The tetrazolium salt, 

MTT, is cleaved by mitochondrial succinate-dehydrogenase enzyme (in live mitochondria) 
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into formazan, which is blue in colour (92). This conversion to the formazan product can 

thus only take place in live cells and is proportional to the number of live cells. The standard 

growth medium that is used in the MRC Extramural Unit for Stem Cell Research and Therapy 

is α-MEM and is considered the optimal medium for the expansion of MSCs (52). The 

medium base used to induce the ASCs to differentiate into adipocytes is DMEM. DMEM is still 

nutrient-rich, but has fewer amino acids and vitamins than α-MEM (see Appendix C for 

comparison). Exposure of ASCs grown in standard complete growth medium, α-MEM, or the 

basis of the differentiation medium, DMEM, to the H2O2 concentrations did not significantly 

affect ASCs viability and resulted in less cell death than expected for the higher 

concentrations of H2O2. The entire H2O2 concentration range gave less than 50% reduction 

in formazan product for the ASCs grown in α-MEM and DMEM. Thus a half maximal 

inhibitory concentration (IC50) value could not be established. 

 

Variability in cellular effects with H2O2 concentrations and failure to cause cell damage at 

certain concentrations of H2O2 have been observed (93). It was surmised that the loss of 

H2O2 through scavenging by pyruvate might be accountable for these findings. It is known 

that pyruvate acts as an antioxidant and scavenges H2O2 (94, 95). It is formulated into most 

media, but this is often not taken into account in most of the literature using exogenously 

added H2O2 (96). Pyruvate can be transported into cells and exerts intracellular protection 

that is not compartmentalized such as in the case of catalase. Hence the choice of medium 

formulated + or – pyruvate has an influence on the results when assessing the cytotoxicity 

of oxidants. This leads to many researchers using higher concentrations of H2O2. Once DMEM 

– pyruvate was introduced a decrease in viability that was expected by increasing H2O2 

concentrations was observed and an IC50 value was generated. The results that were 

obtained confirmed that the amount of H2O2 that was added was scavenged in the medium 

+ pyruvate. Growing the cells in medium – pyruvate assessed the true effect of H2O2 on the 

viability ASCs. A concentration of 20 µM of H2O2 and a higher concentration of 100 µM of 

H2O2 (Figure 4.4) were chosen for the investigation of the effect of oxidative stress on 

adipogenic differentiation. The literature and an IC50 value of 21.91 µM H2O2 over the 120 

hours aided in the choice of using 20 µM H2O2 for further experiments. 

 

Naturally occurring antioxidant enzymes like SOD, catalase, and glutathione peroxidase 

(GPx) amongst others remove ROS. Rhee states that the controlled removal of second 
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messengers is an important feature of signal transduction (66). Trolox is a cell-permeable, 

water-soluble derivative of α-tocopherol, a member of the vitamin E group. Trolox is 

advantageous over α-tocopherol in that it can be incorporated into both the hydrophilic and 

lipophilic compartments of a cell. Lee and colleagues demonstrated that Trolox inhibited 

H2O2-induced activation of the ERK pathway (97). Protein kinase C (PKC) is involved in signal 

transduction involving cell growth and differentiation. The vitamin E α-tocopherol was found 

to inhibit PKC. This same vitamin E compound inhibited NF-κβ activity (98, 99). Trolox is 

commonly used as a standard or positive control and is a potent antioxidant and was thus an 

easy choice as an antioxidant. 

 

Coenzyme Q, originally known as ubiquinone, is a compound with similar properties to 

vitamins. In humans the CoQ found in the body contains 10 isoprene units in the side chain, 

hence it is called CoQ10. Coenzyme Q10 is not considered a vitamin because the body 

synthesizes it and it is found in all cellular membranes, but it is said to be absorbed similarly 

to vitamin E (100). Upon a literature search of the effect of Coenzyme Q10 on the 

adipogenic differentiation of ASCs, no results were found, however if the word “ASC” was 

changed to “MSC”, still no specific adipogenesis-related results were obtained, but results 

pertaining to viability and apoptosis were obtained (101). The reduced form of CoQ10, 

known as ubiquinol (CoQH2), is an effective antioxidant (102) and is capable of regenerating 

tocopherol (103). 

 

In a cell-free system CoQ10 was found to have no antioxidant potential compared to Trolox; 

however, in a cell culture system CoQ10 did display antioxidant activity (104). There is 

evidence presented by Carmona et al. that Coenzyme Q prevents rosiglitazone-induced 

adipogenesis in obese mice (105). A concentration of 10 µM CoQ10 rescued adipocytes from 

stress-induced apoptotic death (106). The essential role of CoQ10 in mitochondrial function 

and against oxidative stress makes it an important antioxidant, however there is a limitation. 

It has poor solubility in aqueous media. Bergamini and colleagues observed that treatment 

with CoQ10 concentrations ranging from 10 nM to 10 µM did not alter cell viability, but more 

importantly, a concentration of 10 µM was sufficient to significantly increase the amount of 

cellular CoQ10 (56). The interaction between mitochondria, oxidative stress and the role of 

CoQ10 in these pathways, as well as the reported changes in antioxidant capacity in WAT 
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during obesity (107), led to our investigation into the effect of the antioxidant CoQ10 on the 

adipogenic differentiation potential of ASCs. 

 

Phenolic compounds and antioxidants are said to interfere with the MTT reaction and reduce 

the tetrazolium used in the MTT assay to formazan without having any direct affects on 

viability (108). Both Trolox and Coenzyme Q10 are phenolic derivatives and thus the SRB 

assay was chosen as a cell viability assay. The MTT assay is a widely used viability assay, 

however, it relies on the cell’s ability to metabolize formazan (109). It is also said to have 

poor linearity with cell number, especially when cell numbers are low, and is influenced by 

environmental conditions (110). Keepers and colleagues reiterated that the SRB assay 

provided greater sensitivity and better linearity with regard to cell numbers (111). The OD 

obtained using the SRB assay is directly proportional to the cell number. Vichai and Kirtikara 

claimed that the SRB assay was more sensitive than the MTT assay and had a higher 

reproducibility (47). The adherent monolayer of cells was prone to lifting off the plastic 

surface of the dish during the process of the MTT assay due to the multiple washing steps. 

However, the SRB involves a fixation step and less cell loss was observed. The SRB assay 

appeared to produce more linear results but the general trend for both the MTT and SRB 

assays was comparable.  

 

The ASC viability results were displayed as percentages of the control. Results were also 

compared relative to Day 0 of the particular viability experiment. The same trend was 

observed under the same conditions relative to either the control or Day 0. The different 

media were observed to have no differing effects on ASC viability. Sotiropoulou and 

colleagues found that α-MEM was the optimal medium for the isolation, adherence and 

expansion of MSCs, having the highest final number of MSCs at passage 3. Dulbecco’s 

minimal Eagle’s medium + pyruvate was also conducive to MSC expansion (52). All three 

media including, DMEM – pyruvate, were favourable for ASC growth. 

 

Effects of co-supplementation of oxidative stress inducer and antioxidants 

on ASC viability 

The individual and combined effects of the oxidative inducer and antioxidants were assessed 

on ASC viability. The vehicle controls, dH2O and EtOH, had no significant effects on ASC 

viability. Exposure of ASCs to 100 µM H2O2 for 24 hours resulted in a 2.4-fold significant 
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decrease compared to the DMEM – pyruvate control. Trolox co-supplementation partially, but 

not significantly, increased cell survival at a concentration of 10 µM. Coenzyme Q10 also 

partially, but not significantly, increased cell survival at a concentration of 10 µM (Figure 

4.7). It must also be taken into account that ROS production and antioxidant turnover occurs 

continuously in all cells. Thus, the concentration of pro-oxidants and antioxidants will vary 

with cell density and with time. The actual concentrations may therefore fluctuate at any 

given time. The cells were all seeded at the same density, but any variation in the data that 

was generated is likely to reflect the fact that ASCs consist of a heterogeneous population of 

cells. The individual cells within this population can exhibit variable proliferation capacity and 

proliferation time, and variable phenotypes, as well as differing consequences regarding 

exposure to pro-oxidants and antioxidants. Coenzyme Q10 is a participant in the 

mitochondrial electron transport chain and can act as both an antioxidant and pro-oxidant 

(112). Coenzyme Q10 could potentially have varying effects on cell viability due to its pro-

oxidant ability. Although the antioxidants did not restore cell viability to the same level as the 

DMEM – pyruvate, they did not decrease cell viability further. Future research should further 

investigate the mechanism involved. 

 

Intracellular ROS levels in adipose tissue-derived stromal cells 

The main ROS produced by the mitochondrial electron transport chain is O2
- (113). 

MitoSOXTM red selectively detects O2
- in the mitochondria of live cells (114). The 

phosphonium group in MitoSOXTM red is responsible for targeting the MitoSOXTM red to the 

mitochondria. Upon oxidation, MitoSOXTM red exhibits fluorescence, which was detected via 

flow cytometry. The antioxidant effects of pyruvate on intracellular mitochondrial ROS were 

examined by monitoring MitoSOXTM red fluorescence. In addition, to the effects of pyruvate 

on intracellular ROS, the effects of the pro-oxidants, H2O2 and tBHP, and the ROS scavenger, 

MnTBAP were assessed. It was observed that the level of intracellular ROS increased 1.5-fold 

after treatment in DMEM – pyruvate with 100 µM H2O2, and increased 3-fold after treatment 

in DMEM – pyruvate with tBHP. This increase in ROS was inhibited by pyruvate. Thus, the 

ROS scavenging effects of pyruvate were confirmed (96). To date there have been a few 

studies that have used MitoSOXTM red to detect intracellular ROS within MSCs or ASCs (115-

118). Pietilä and colleagues used MitoSOXTM red to detect intracellular O2
- in human umbilical 

cord blood- and human bone marrow-derived MSC lines (118). 
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There are a large number of ROS regulated pathways and ROS targets. Exogenous ROS can 

influence the production of ROS initiating a self-promoting cycle, either by the production of 

ROS through Nox or the expression of genes involved in signaling pathways. The outcome of 

these activated pathways may in turn result in increased ROS. The MAPK pathway is one 

such pathway that is influenced by ROS (119). This pathway consists of three subfamilies, 

the ERK, p38 MAPK and c-Jun amino(N)-terminal kinases (JNK) (120). Hydrogen peroxide 

induced a strong activation of ERKs, JNKs and p38 MAPK in a time- and dose-dependent 

manner. These MAPKs have overlapping and sometimes contradictory effects on 

adipogenesis (73). Each successive step of adipogenesis can be modulated by MAPKs. 

Mitogen activated protein kinases phosphorylate specific serine and threonine residues of 

target proteins and the pathways consist of a canonical cascade composed of three activated 

kinases. Mitogen activated protein kinase (MAPK) kinase kinases (MKKK or MAP3K) 

phosphorylate and induce the activation of specific MAPK kinases (MKK or MAP2K). Mitogen 

activated protein kinase kinases then phosphorylate MAPKs (120).  
 

Sano and colleagues demonstrated that ROS and angiotensin II induced the activation of 

MAPK pathways (121). Activation of the p38 MAPK and ERK pathway resulted in the 

generation of IL-6. Interleukin-6 levels were significantly increased in obese subjects (122). 

Interleukin-6 is an inflammatory mediator and along with IL-β1 and TNF-α results in 

increased production of ROS. A decrease in IL-6 was correlated with a decrease in TNF-α 

and a reduction in weight gain in Zucker rats (123). Engelman et al. demonstrated that p38 

MAPK was necessary for the differentiation of 3T3-L1 fibroblasts into adipocytes (74). 

Hirosumi and colleagues showed that the absence of JNK1 resulted in decreased adiposity 

and JNK was elevated in obese mice (124). Phosphorylation of C/EBPβ by ERK stimulated 

C/EBPβ-dependent gene expression (125). Mice deficient in ERK1 had decreased adiposity 

and fewer adipocytes than wild-type mice (126). 

 

Angiotensin II not only activates MAPK pathways but also activates Nox (discussed in the 

introduction) to generate intracellular ROS (121). NADPH oxidase 4 contributes to the down 

regulation of pref-1. It is proposed to do this by interfering with pathways controlling pref-1 

expression such as the ERK pathway (127). Elevated oxidative stress in accumulated fat is 

related to obesity-associated metabolic syndrome in humans and mice (24). ROS production 

by mitochondria can be triggered from ROS generated by the Nox enzyme. The exogenous 
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addition of H2O2 to vascular cells stimulated Nox, resulting in O2
- production. This O2

- was 

converted to H2O2. The H2O2 that was produced can further stimulate O2
- production from 

Nox (128). Hawkins and colleagues demonstrated that the activation of Nox produces 

extracellular O2
-. The extracellular O2

- produced was transported intracellularly through a 

chloride channel (CIC)-3. This causes a rapid release of Ca2+ followed by the mitochondrial 

production of O2
- (129). 

 

In addition to answering the first research question of “how can we measure ROS in MSC 

cultures?” and to elucidate whether augmentation of extracellular oxidative stress may cause 

enhanced intracellular ROS, the scavenging effect of pyruvate was also confirmed using 

MitoSOXTM red. This reiterates the importance of noting the presence of pyruvate in cell 

culture medium when undertaking ROS cellular studies. On this note, however, it must not 

be forgotten that pyruvate is an important molecule for cell culture. Cells grown without 

exogenous pyruvate may fail to thrive due to excessive oxidative stress according to 

O'Donnell-Tormey and colleagues (96). Pyruvate is important in glycolysis where glucose is 

oxidized to carbon dioxide (CO2), and reduced nicotinamide adenine dinucleotide (NAD+), 

NADH, is produced. The NADH drives oxidative phosphorylation and adenosine triphosphate 

(ATP) production. Pyruvate is also the starting molecule of the Krebs Cycle. During anaerobic 

respiration pyruvate is reduced, producing NAD+. Collectively, these results confirm that 

pyruvate acts as a scavenger of exogenous ROS and that exogenously added ROS increase 

intracellular ROS, providing the means for oxidative stress-related signaling responses. 

 

Effect of an oxidative stress inducer and antioxidant on the differentiation 

potential of ASCs 

Having confirmed that H2O2 increased intracellular ROS, the effect of exogenously added 

ROS on the ASC adipogenesis was investigated. This was to answer the second research 

question and the raison d'etre of this study.  

 

The main function of the adipocyte is energy storage, but our understanding of the functions 

of adipose tissue has expanded and it is now known to act as an endocrine organ (130). The 

current knowledge of adipocyte differentiation derives largely from studies using 

preadipocyte cell lines in vitro. However, ASCs provide a useful human primary cell model for 

adipogenesis due to their ability to differentiate down the adipocyte lineage. The intracellular 
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lipid droplets that form and accumulate during adipogenic differentiation can be detected 

using the fluorescent dye, Nile red (22). The International Federation for Adipose 

Therapeutics and Science (IFATS) and the International Society for Cellular Therapy (ISCT) 

jointly recommend using either Oil red O or Nile red as histological determinants of 

adipogenic differentiation (45). Popularity in using Nile red, as a lipophilic fluorescence 

microscopy stain, has increased. Nile red is known as a solvatochromatic dye, meaning that 

it can change colour due to a change in polarity (131). Specifically its excitation and emission 

maxima can shift from yellow-gold to deep red depending on the lipid environment, which is 

related to lipid composition. Upon dissolving in a hydrophobic lipid environment, such as 

neutral lipid triglycerides, Nile red fluoresces yellow-gold and can be examined at emission 

wavelengths of > 528 nm. Nile red can also interact with an amphipathic lipid environment, 

such as phospholipids. The fluorescence of Nile red dissolved in phospholipid-rich regions 

can be detected in the deep-red spectrum at wavelengths > 590 nm (22). Due to this 

feature Nile red can be observed through both green (GFP) and red (Texas red) channels of 

the fluorescent microscope.  

 

At day 21 of adipogenic induction, non-induced and induced ASCs were stained with Nile red 

and the nucleus-staining dye, DAPI, and were observed using fluorescence microscopy. In 

particular, the composition of lipid droplets infers an advantage in the use of Nile red in 

adipogenic differentiation. A lipid droplet is composed of a neutral lipid core surrounded by 

an amphipathic coat (15). Nile red accumulates in lipid vesicles and does not harm the ASCs. 

It was observed that following staining of the adipocytes with Nile red there was diffuse 

staining of the entire cell upon examination of the deep-red fluorescence in the Texas red 

channel. Observation of the stained cells through the green channel demonstrated bright 

fluorescence. Images in the green and red channels as well as the images of the nuclei in 

the blue DAPI channel were overlaid (Figure 4.11). It was observed that the merged images 

allowed for more discernibility regarding the intracellular lipid droplets.  

 

The DAPI and Nile red-stained non-induced cultured ASCs exhibited a central nucleus, small 

discrete lipid bodies distributed throughout the cytoplasm, and a fusiform structure. Small 

cytosolic lipid droplets can occur in the majority of cell types and are often associated with 

the ER, mitochondria and peroxisomes (15, 132). Lipid droplets can range in diameter from 

10 nm to a massive 200 µm (15, 23). Contact inhibition may also lead to lipid biogenesis 

(133). Fetal bovine serum is rich in lipid content and cells may accumulate lipid droplets 
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through the uptake of cholesterol provided by lipoproteins within the FBS or serum in the 

medium (134). Accumulation of lipid droplets was visible in a mouse macrophage-like cell 

line upon the addition of a DMEM with 10% FBS. An increase in lipid accumulation was also 

observed when 40% FBS was added compared to 10% FBS (135).  

 

Staining the adipogenic-induced ASCs with Nile red confirmed that the cells had 

differentiated down the adipogenic lineage. The differentiated cells at 21 days contained 

numerous fluorescent spherical lipid droplets of varying sizes. The lipid droplets accumulated 

and increased in size, filling the entire cytoplasm of the cell, as differentiation progressed. In 

white adipocytes there are usually only a few lipid droplets, of ≥10 µm in diameter observed 

per cell, with some WAT mature adipocytes attaining a single lipid droplet of 100 µm in 

diameter (136, 137). There were no images of adipogenic-differentiated ASCs or MSCs 

containing a large unilocular lipid droplet in the available literature (53, 138). Mature 

adipocytes containing a large unilocular lipid droplet appeared to be observed only in freshly 

isolated adipose tissue (139, 140). All of the differentiated cells in the culture contained lipid 

droplets; however, the adipogenic differentiation of ASCs also failed to result in mature 

adipocytes that contained large unilocular lipid droplets. This may be due to their loss during 

culturing. Adipocytes are rather fragile and prone to bursting because the presence of lipid 

droplets affects the strength and fluidity of the cell membrane. It was thought that the 

buoyancy of mature adipocytes also influenced the loss of more mature adipocytes during 

culturing (141). Another reason may be that we are differentiating our cells into beige 

adipose tissue, which are found within WAT but are formed mainly through de novo 

differentiation (142) and contain multiple lipid droplets (143). 

 

It was difficult to determine the degree of adipogenic differentiation visually concerning 

differentiated ASCs grown under adipogenic medium conditions containing DMEM + 

pyruvate, DMEM – pyruvate, and DMEM – pyruvate with the addition of 20 µM H2O2. This 

indicated the need for a more quantitative method for measuring adipogenesis. The aim of 

this study was to quantitatively analyze the results and the drawback with microscopy in this 

context is that it is a qualitative technique. Counting the differentiated cells manually is a 

subjective technique, where a limited number of cells are observed simultaneously, and it is 

a tedious technique prone to human error. An interesting observation by Dixit and Cyr, and 

noted by Mukhopadhyay is that exposure of cells to fluorescent probes and fluorescence 

microscopy could increase ROS generation (114, 144). Lee et al. have mooted flow 
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cytometry as a greater analytical tool to monitor the effects of chemicals on adipogenesis 

over other lipid detection systems, such as lipid staining and extraction (145). Flow 

cytometry allows for rapid, quantitative measurements related to cellular morphology. The 

advantage of using Nile red is that it is a well-established stain that allows for this 

quantification of adipocytes by flow cytometry following adipogenic differentiation of ASCs.  

 

Flow cytometric analysis of the differentiation potential of ASCs at day 14 of 

adipogenic induction 

In the standard assays for adipogenic differentiation of MSCs/ASCs, the stromal cells are pre-

cultured up to confluences ranging from 70% to 100% in complete α-MEM before exposure 

to adipogenic medium (48, 146-148). The majority of studies, as well as the one described 

herein, pre-cultured the ASCs until 100% confluence because cell-cell contact upon 

confluence is said to be associated with withdrawal from the cell cycle and irreversible 

commitment to adipocyte differentiation requires cell cycle arrest (149, 150). At this point 

ASCs were exposed to adipogenic medium with the various pro-oxidant and antioxidant 

conditions and cultured for an additional 14 or 21 days.  

 

All of the cultures induced to differentiate under the different conditions underwent 

adipogenesis to some extent compared to their non-induced counterparts. However, 

following adipogenic induction, ASCs responded with varying adipocyte conversion rate and 

lipid accumulation. Lee and colleagues have mentioned variability in adipocyte differentiation 

and other research groups have also previously observed variability. Even clonal cells, such 

as MA-10 tumour cells, show variable lipid droplet size and number (151). This can 

complicate analyses (6, 145).  

 

At day 14 of adipogenic induction, Nile red and DAPI staining were used to quantify lipid 

accumulation flow cytometrically. Increase in yellow-gold (FL2) fluorescence, upon lipid 

staining with Nile red, and lipid droplet composition were employed to demonstrate 

adipogenic differentiation of the ASCs. Smyth and Wharton used the ability of Nile red to 

accumulate within lipid droplets (22) and the yellow-gold fluorescence to quantify the 

accumulation of cytoplasmic triglyceride in individual A31T6 proadipocytes undergoing 

differentiation into adipocytes (152). Increase in cytoplasmic complexity has also been used 

to indicate lipid storage within cells (145). 
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Given the speculative role that the adipose niche plays in adipose tissue formation, it is of no 

surprise that these cells, when cultured in the right environment such as adipogenic-inducing 

medium, will develop lipid droplets and express adipogenic-relevant genes. However, little is 

known about how an environment of ROS or oxidative stress influences adipogenic 

differentiation of ASCs. It has been shown that oxidative damage accumulates within MSCs 

during in vitro expansion and that antioxidant capacity decreases in aged donors (153, 154). 

Growing evidence suggests a role of ROS production in adipogenic differentiation. Lee and 

colleagues reported on ROS production using the murine preadipocyte line, 3T3-L1 cells 

(90). Kanda and colleagues found a significant decrease in lipid accumulation upon silencing 

Nox4 in 10T1/2 cells (42). The limitation with many of these studies is that lipid droplet 

accumulation and thus adipogenic differentiation is analyzed via histological Oil Red O 

staining which is not a quantitative measure. A second limitation is that the cells are usually 

only exposed to H2O2 for a few hours. Chronic or prolonged inflammation and oxidative 

stress is associated with obesity and metabolic diseases. In our studies, the cultured ASCs 

were subjected to prolonged treatment with ROS and antioxidants under adipogenic 

induction conditions compared to only hours of treatment. Adipogenic differentiation 

conventionally takes place over an extended period of time of either 14 days (5, 155) or 21 

days (156, 157).  

 

If we look at just the yellow-gold fluorescence results, the addition of the standard 

adipogenic cocktail to the ASCs for 14 days resulted in cells containing lipid droplets. The 

removal of the antioxidant, pyruvate, or the addition of the pro-oxidant, H2O2, over the 14 

days of adipogenic induction, resulted in a significant increase in the proportion of 

differentiated cells associated with a greater neutral lipid content. The trend that more 

yellow-gold fluorescence was observed without pyruvate and the addition of H2O2, 

demonstrates the role that ROS could play in adipogenesis, and the ROS scavenging effect of 

pyruvate. To reiterate what was said previously, obesity is said to be associated with 

disorders that affect mitochondrial metabolism; this favours ROS production and thus the 

development of oxidative stress (24). Intracellular ROS production, particularly O2
-, was 

reported to increase during adipogenesis of OP9 preadipocytes (158). Adipocyte 

differentiation appeared to be promoted in a more oxidized environment according to Imhoff 

and colleagues (159). Results presented here, looking at mean yellow-gold fluorescence and 

the mean percentage of cells stained positive with Nile red, indicated the same trend, thus, 

provided evidence for an increase in lipid accumulation with an increase in ROS levels. The 
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addition of 10 µM of the ROS scavengers, Trolox and CoQ10, to the H2O2 treated adipogenic-

induced ASCs decreased the percentage of adipogenic-induced ASCs emitting yellow-gold 

fluorescence. It was observed by Lechpammer et al. that the addition of the antioxidant, 

amifostine, reduced the expression of PPARγ to undetectable levels and decreased fat 

accumulation in both SOD knockout and the wild-type MSCs after adipogenic induction 

(160). 

 

It was suggested that the ability to collect a wide range of fluorescence emission using Nile 

red provides a sensitive and general use lipid probe. The composition of a lipid droplet infers 

an advantage in the use of Nile red staining in adipogenic differentiation. A lipid droplet is 

composed of a neutral lipid core surrounded by an amphipathic coat (15). During 

preadipocyte maturation a larger number of amphipathic lipids are formed upon the merging 

of the lipid droplets and their increase in size. This causes an increase in deep red 

fluorescence (FL5 fluorescence). Sub-populations of increasing lipid content were defined 

according to their increase in yellow-gold as well as an increase in deep-red fluorescence 

(FL2–/FL5– < FL2+/FL5– < FL2++/FL5+). Xia et al. demonstrated directly that an 

accumulation of phospholipids during drug-induced phospholipidosis in leukocytes caused a 

greater red fluorescence intensity compared to yellow-gold fluorescence following Nile red 

staining and flow cytometry (161).  

 

There appeared to be a decrease in non-differentiated cells with adipogenic induction 

medium and the addition of the various pro- and antioxidant conditions as expected. Under 

standard adipogenic conditions + pyruvate there was a significant increase in simultaneous 

yellow-gold and deep red fluorescence emissions demonstrating an increase in lipid 

accumulation. This indicates that the addition of standard adipogenic medium induces the 

accumulation of both neutral and amphipathic lipids in these cells.  

 

It appeared that with an increase in ROS, either with the removal of pyruvate or the addition 

of H2O2 there was a slight trend towards an increase in the FL2+/FL5– sub-population, which 

is indicative of lipid droplets of smaller size. The removal of pyruvate also increased the 

percentage of cells situated in the FL2++/FL5+ sub-population. The variability in the 

percentage of differentiated cells compared to the MFI of each sub-population could possibly 

be explained by variability in the cellular hydrolysis of triglycerides and cholesteryl esters and 

the occurrence of changes in the lipid droplet composition. There are a few possible reasons 
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as to why we see a decrease in more mature adipocyte populations with the addition of 

ROS.  

 

High concentrations of H2O2 have been shown to inactivate the glycolytic enzyme 

glyceraldehyde-3-phosphate dehydrogenase in mammalian cells (162). This enzyme is 

implicated in glycolysis, reducing dihydroxyacetone phosphate to L-glycerol phosphate, 

providing the glycerol backbone for the synthesis of new triacylglycerols and phospholipids. 

Dihydroxyacetone phosphate also plays a role in ether-lipid biosynthesis. This mechanism 

affects both neutral and amphipathic lipids. Another mechanism could be lipid peroxidation, 

which is the oxidative degradation of lipids.  

 

Lipid peroxidation affects polyunsaturated fatty acids and literature states mainly those that 

occur in phospholipids. Mature adipocytes have greater amounts of phospholipids and thus 

fluoresce more in the deep-red spectrum. Thus lipid peroxidation could result in a shift in 

emission to yellow-gold fluorescence, however lipid peroxidation can affect any unsaturated 

fatty acids even those found in neutral lipids. However the reasoning here is that the 

phospholipid monolayer would be attacked first. The relative proportion between cholesterol 

esters and triglycerides also varies considerably in relation to nutritional and metabolic 

conditions. 

 

Flow cytometric analysis of the differentiation potential of ASCs at day 21 of 

adipogenic induction 

Adipogenic differentiation was also analysed at 21 days. There was a further increase in lipid 

content over the 21-day period with standard adipogenic induction medium, demonstrating 

that the ASCs efficiently differentiated into adipocytes. Once again as was observed with 

adipogenic differentiation at 14 days, ASCs responded with varying adipocyte conversion 

pace and lipid accumulation. Investigators usually observes around 50% to 60% adipogenic 

differentiation (138). Aldridge and colleagues observed between 25% and 100% Oil red O 

positivity between the adipogenic induction days 14 to 21 (141). Our standard cocktail 

appears to differentiate from between 10% to 60% of the stromal cells into adipocytes, 

which demonstrates that adipogenesis does take place, but either genetic variability has a 

huge influence on our results or the composition of the adipogenic medium could be 

improved. Possibly our cryopreservation technique could also have an influence on 

adipogenesis results. Le and Cheng attempted to determine the cause of heterogeneity 
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during adipogenic differentiation through single-cell profiling. They state that the cell-cell 

heterogeneity is dependent on insulin signaling cascade responses. They also discuss that 

increases in adipogenic gene expression do not result in lipid droplet formation (163). Rosen 

and Spiegelman remark that targeting adipose tissue and adipocyte biology has been 

thought of as a possible treatment for obesity (164). If the ASCs have variable adipogenic 

potential, the targeting compounds that potentially reduce or increase adipogenesis may also 

present variable results.	 
 

The implication of ROS in adipocyte differentiation was tested at 21 days of adipogenic 

induction. A significantly greater increase in adipogenesis was seen when pyruvate was 

removed from the adipogenic induction medium compared to the standard adipogenic 

induction medium + pyruvate. There was also a significant accumulation of lipid droplets 

within the human ASCs exposed to adipogenic medium – pyruvate from 14 days to 21 days. 

The removal of pyruvate reiterated its position as an antioxidant and thus less ROS was 

scavenged in its absence. Mitochondria represent the main intracellular source of ROS. The 

involvement of mitochondria in adipose tissue is of utmost importance. Wilson-Fritch and 

colleagues found a 20- to 30-fold increase in the concentration of various mitochondrial 

proteins during adipogenesis (165). McKay et al. identified that genes encoding for 

components of the mitochondrial respiratory chain played a role in lipid storage and that 

when the mitochondrial respiratory chain was inhibited lipid accumulation was reduced 

(166).  

 

Indeed, similar to day 14 of adipogenic induction, pharmacological manipulation of 

intracellular ROS by the addition of exogenous H2O2 resulted in a significant increase in lipid 

accumulation compared to the standard adipogenic induction medium + pyruvate. There 

was also a significant increase in the accumulation of lipid droplets within the human ASCs 

exposed to adipogenic medium – pyruvate and treated with H2O2 from 14 days to 21 days. 

Hydrogen peroxide mimics the effect of insulin in stimulating the hexose monophosphate 

shunt activity, which is required in fatty acid synthesis and cholesterol synthesis (167). 

Hydrogen peroxide was found to stimulate glucose incorporation into glycogen in adipocytes, 

and was found to inhibit lipolysis (168, 169). The insulinomimetic effects of H2O2 are 

mediated by insulin receptor phosphorylation and tyrosine kinase activity (170). The 

activation of C/EBPβ DNA binding was favoured following treatment with H2O2 (90). Diallyl 

disulfide increases the production of intracellular H2O2 (171). The increase in H2O2 mediated 
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an increase the expression of genes involved in adipogenesis and lipogenesis, such a PPARγ, 

FAS (fatty acid synthase), which is involved in fatty acid synthesis, aP2 (adipocyte fatty acid 

binding protein), which is involved in fatty acid transport, and SREBP-1c (Sterol Regulatory 

Element-Binding Protein-1c) a transcription factor that regulates genes required for de novo 

lipogenesis. Diallyl disulfide was also found to decrease the expression of Pref-1 (172).  

 

Surprisingly treatment with 20 µM H2O2 also resulted in accretion of lipid within the ASCs not 

induced to undergo adipogenic differentiation for 21 days. The study by Lechpammer et al. 

demonstrated that MSCs, from SOD knockout mice, acquired fat accumulation even though 

the cells were not induced with adipogenic induction medium (160). A number of studies 

have implicated oxidative stress in the accumulation of cholesterol and lipogenesis in a 

variety of cell types (173). Intracellular de novo lipogenesis is facilitated through the 

transcription factor SREBP-1c. The activation of protein kinase B (PKB), also known as Akt, 

appears to be necessary and adequate for the induction of SREBP-1c in the liver and 

resulting lipid accumulation (174). Researchers have demonstrated that PKB can be activated 

by H2O2 (175). The expression of the above-mentioned genes involved in adipogenesis and 

lipogenesis following the oxidative stress conditions of this study would need to be confirmed 

quantitatively on a molecular level using real-time (q)PCR. It is not known why the MFI for 

the non-induced ASCs cultured with H2O2 was not significantly increased compared to the 

other non-induced conditions. There was also an increase in the percentage of cells emitting 

yellow-gold fluorescence when pyruvate was removed over the 21 days compared to 14 

days. Aldridge and colleagues found that Nile red fluorescence detection increased over 21 

days even in low SS non-induced cells (141). Reporting Nile red results as MFI and the 

percentage of cells emitting yellow-gold fluorescence are both suitable. Debacq-Chainiaux 

and colleagues in a study unrelated to adipogenesis, state that MFI is suitable to use in the 

majority of research, but when a stressor has an effect on only a small number of cells 

within the cell population, the percentage of positive cells should be used instead (176). 

 

In order to test whether the increase in ROS and increase in adipocyte differentiation of the 

adipogenic-induced ASCs – pyruvate treated with H2O2 could be attenuated following 21 

days of culture, the ASCs induced under the same oxidative stress conditions were treated 

with the ROS scavenger Trolox. The addition of Trolox was able to significantly reduce the 

adipogenic differentiation induced by H2O2 addition to adipogenic induction medium – 

pyruvate treated ASCs. The addition of 10 µM of the antioxidant CoQ10 to the H2O2 treated 



Chapter 4 - Oxidative stress and antioxidants  

	 197 

adipogenic-induced ASCs significantly decreased the percentage of adipogenic-induced ASCs 

that emitted yellow-gold fluorescence. The increase in MFI seen with the addition of H2O2 to 

adipogenic-induced ASCs was significantly suppressed with the addition of either Trolox or 

CoQ10. The increase in lipid accumulation seen with the addition of H2O2 to non-induced 

ASCs was also suppressed with the addition of either Trolox or CoQ10. Lack of statistical 

significance in the case of the non-induced ASCs treated with Trolox and CoQ10, may be due 

to the high levels of variance that were observed between the ASC cultures that were 

investigated. Variation between technical replicates was not substantial but variation 

between samples was great leading to large ranges for the box whisker plots. The large 

variation observed upon addition of antioxidants may be due to varying scavenging power. 

The possibility of changes in the concentration of H2O2 and the antioxidants due to the cells 

own mechanisms over time adds a complicating factor to the interpretation of the data and 

thus constant seeding density was important, however, once again it should be noted that 

this is a heterogeneous population of cells. 

 

Previous studies found that by inhibiting the enzyme that catalyzes the attachment of the 

isoprenoid chain to the quinone ring to form CoQ, the quantity of CoQ was decreased, 

resulting in an associated increase in adipogenic differentiation (107). Higuchi and colleagues 

showed that using two different antioxidants, N-acetyl-L-cysteine or EUK-8, a catalytic 

mimetic of SOD and catalase, not only inhibited adipogenesis but also shrunk the lipid 

droplets. They suggested that reducing ROS, thus, not only suppressed adipogenic 

differentiation but also suppressed lipid accumulation within differentiating cells (55). The 

percentage of adipogenic-induced cells cultured with either CoQ10 or Trolox that 

simultaneously emitted yellow-gold and deep red fluorescence (FL2++/FL5+ sub-population) 

at day 21 was dramatically decreased. The shrinkage of lipid droplets and the presence of 

less amphipathic lipid, thus less deep red fluorescence, could explain the decrease seen in 

this population compared to the other adipogenic induced conditions. Kanda and colleagues 

found that N-acetyl-L-cysteine inhibited the induction of C/EBPβ, C/EBPα, and PPARγ in rat 

MSCs cultured with adipogenic differentiation-inducing agents. Real-time PCR will have to be 

employed to determine whether a decrease in the expression of these well-known adipocyte 

genes takes place under culture conditions with the ROS scavengers, Trolox or CoQ10. 

 

The ASCs were also subjected to 100 µM H2O2 but the majority of cells did not survive this 

condition. It was originally suspected that these differentiated cells detached from the 
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surface of the plate and that the lack of results with 100 µM H2O2 could be due to the fact 

that the more intracellular lipid droplets there are, the more buoyant the cell is, possibly 

resulting in their loss during the washing steps. Adipocytes are rather fragile and prone to 

bursting because the presence of lipid droplets affects the strength and fluidity of the cell 

membrane. Chen and colleagues found no adverse effects with treatment of a H2O2 

concentration range of between 50 and 300 µM for 2 hours and cell viability relative to 

untreated controls was unchanged after 24 hours (177). It may however be that 100 µM 

H2O2 was cytotoxic over the 14 and 21 day period and that lipid peroxidation and cellular 

damage resulted in apoptosis and cell loss. Kanda and colleagues demonstrate that increase 

in intracellular ROS mediates adipocyte differentiation but treating 10T1/2 cells with 100 µM 

H2O2 did not result in inducing lipid accumulation (42). They suggested that ROS is 

necessary but not sufficient in 10T1/2 cells. Thus, the effects may be a question of the 

dosage of the ROS.  

	
Flow cytometry allows for the study of differentiated ASCs from a cell level, and 

simultaneously utilizing the parameters such as intensity of staining, cell size, granularity, 

and cell number (141). Nile red is a well established and appropriate dye for use in a study 

such as ours. An alternative neutral lipid fluorescent dye is BODIPY that has a maximum 

fluorescence emission range from 510 to 665 nm. The differentiation of ASCs down the 

adipogenic lineage has been proposed as a useful alternative model to study the process of 

fat accumulation. Perhaps the next step for improved in vitro adipogenesis in our laboratory 

would be to simulate the in vivo microenvironment by using a 3-dimensional scaffold or 

substrates that mimic the composition and constituency of adipose tissue, such as 

extracellular matrix cues. Young and colleagues found that culturing ASCs on gels that 

mimicked the natural stiffness of adipose tissue significantly upregulated adipogenic markers 

(178). 

 

Effect of pre-conditioning with pro-oxidant on the differentiation potential 

of ASCs 

Stromal cells are currently being tested for their potential use in cell and gene therapy for a 

number of debilitating diseases and genetic disorders in humans. The increasing number of 

clinical trials globally and accumulating evidence demonstrates that they are promising 

candidates in the clinical setting, particularly for cardiovascular disease (179-182). The 
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intrinsic properties of ASCs could be influenced by the components of the in vivo milieu, 

resulting in low viability and differentiation capacity during tissue repair. Immense progress 

has been made in optimizing transplantation conditions; however, impediment in survival of 

the stromal cells upon transplantation is still a concern. Pre-conditioning is proposed to be a 

promising strategy to promote stromal cell survival in harsh in vivo environments (183). Pre-

conditioning is synonymous with the ability of cells to survive lethal insults due to activation 

of survival mechanisms by sub-lethal stimuli. Many researchers believe this is how stem cells 

within the body cope with changes in the microenvironment.  

 

Multiple studies have endeavored to improve both stromal/stem cell survival and 

differentiation by pre-conditioning the cells during in vitro expansion for better 

transplantation results. Li and colleagues found that preconditioning MSCs with 20 µM H2O2 

significantly protected the MSCs against apoptosis that was induced by 500 µM H2O2 (184). 

Pendergrass and colleagues preconditioned progenitor cells with 100 µM H2O2 for 2 days and 

this pre-conditioning restored cardiac function and improved neovascularization of the 

injured heart following transplantation (185). Thus, it was hypothesized that perhaps we 

could select for a sub-population within the cultured ASCs that would be more resistant to 

H2O2 and ROS by triggering upregulation of intracellular antioxidant mechanisms. Prompting 

the cells to adapt to an environment they would experience upon transplantation and 

possibly enhancing their survival and influencing their differentiation capacity. 

 

Flow cytometric analysis of the differentiation potential of ASCs at day 14 of 

adipogenic induction 

Pre-conditioning the cells with 20 µM H2O2 had no significant effect on adipogenic 

differentiation of the ASCs; however, the mean percentages of cells positive for Nile red 

fluorescence and MFIs were increased compared to conventional adipogenic induction 

medium, adipogenic induction medium – pyruvate and culturing the adipogenc-induced cells 

with 20 µM H2O2. The mean percentage of induced cells emitting simultaneous yellow-gold 

and deep red (FL2++/FL5+) fluorescence also increased with pre-treatment with 20 µM 

H2O2. The heterogeneity of the starting ASC populations for the adipogenic differentiation 

experiments rendered comparison of results between different cultures difficult. The 

heterogeneity between donor samples was particularly evident when the cultures were pre-

treated with 20 µM of H2O2 for the 24-hour period. Pevsner-Fischer et al. reviewed the 
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heterogeneity observed in MSC populations and stated that some cells displayed multipotent 

differentiation capacity, whereas others were limited in this ability (186). The variability 

observed in cultures of stromal cells may represent the repertoire of different sub-

populations that exist within the population. This was supported by a study that looked at 

the expression of genes by a single cell-derived colony of MSCs. The transcripts involved in 

different regulatory networks, such as, mesenchymal cell differentiation markers, wound 

repair and cell mobility were expressed, as well as, transcripts common to neuronal activities 

and immunity and defense markers (187). The A180313 culture appeared to be less affected 

by oxidative pre-conditioning of 20 µM H2O2, or antioxidant mechanisms were strongly 

activated in A180313 upon pre-conditioning with 20 µM H2O2, or this culture simply has a 

lesser potential to differentiate into adipocytes than the A220313 culture. 

 

Data was obtained for adipogenic induction after the 14 day period following pre-

conditioning with 100 µM H2O2 for 24 hours compared to the lack of results obtained with 

treatment of 100 µM H2O2 for the full 14 days. Pre-conditioning with 100 µM H2O2 appeared 

to protect the ASCs from lethal oxidative stress, significantly, compared to treatment with 

100 µM H2O2 throughout the induction period of 14 days. It was demonstrated by Yu et al. 

that pre-conditioning with 100 µM H2O2 for 90 minutes could noticeably protect cells against 

apoptosis and later cytotoxicity (188). Boopathy and colleagues also investigated the effect 

of preconditioning MSCs with 100 µM H2O2, but for 7 days, on cardiac differentiation and 

concluded that oxidative stress may lead to improved adult stem cell-based therapies for 

cardiac repair and regeneration. Interestingly, the same conditions of 100 µM H2O2 for 7 

days was not conducive towards adipogenesis. The ASCs that had undergone oxidative 

preconditioning with 100 µM H2O2 before being exposed to adipogenic induction medium – 

pyruvate for 14 days accumulated around the same amount of lipid as conventional 

adipogenic medium. Although pre-treatment with 100 µM H2O2 significantly increased the 

survival rate of the ASCs, pre-treatment with 100 µM H2O2 did not significantly increase lipid 

accumulation.  

 

Flow cytometric analysis of the differentiation potential of ASCs at day 21 of 

adipogenic induction  

Pre-conditioning the ASCs with 20 µM H2O2 before the addition of adipogenic differentiation 

medium for 21 days significantly decreased lipid accumulation. It was hypothesized that pre-
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conditioning with a pro-oxidant may increase the expression of antioxidants within the ASCs. 

Calzadilla and colleagues showed that the activities of the antioxidant enzymes SOD and GPx 

were increased when intracellular ROS levels were increased during differentiation of 3T3-L1 

cells (189). Perhaps protective mechanisms were activated with pre-conditioning with 20 µM 

H2O2, protecting the cells from ROS-induced increase in lipid accumulation. Pre-conditioning 

with 100 µM H2O2 followed by the addition of adipogenic differentiation medium for 21 days 

had the opposite effect and caused lipid accumulation in both the non-induced and induced 

ASCs. Perhaps the concentration of ROS was efficient enough to trigger the activation of 

signaling pathways of the adipogenic lineage. Passage numbers will need to be taken into 

account when trying to explain the differences observed. Increased number of biological 

replicates and gene expression studies may elucidate the mechanisms taking place due to 

these effects. 

 

It is clear from this study that the ability of ASCs to adapt to oxidative stress, and the nature 

of those adaptive strategies, can have a crucial impact on cell fate. It is also clear that the 

concentration of ROS and culture period play a huge role between cell death and cell fate 

and the activation of different signaling pathways. The need for larger numbers of donor 

samples is apparent, but all the in vitro work presented above is the starting point in 

determining the physiological outcome of oxidative stress on adipogenesis in vivo. 

 

Conclusion 

 

Obesity and its comorbidities, including type II diabetes, have reached alarming levels both 

locally and abroad. This has led to an increase into the investigation of the biology of 

adipose tissue. The development of effective therapeutics for obesity has been hindered by 

gaps in our understanding of all the molecular mechanisms underlying adipogenesis. A 

detailed cell model of the process of adipogenesis is needed to identify key molecular targets 

for therapeutic development. In 1964, Rodbell treated adipose tissue with collagenase and 

found that the SVF, upon centrifugation, could be released from adipose tissue fragments 

(190). The turn of the millennium arrived with the characterization of ASCs from the SVF (5). 

Much remains to be understood about ASCs from a more physiological perspective, but 

improvement in the understanding of stromal cell biology, and evaluation of WAT expansion 

and differentiation is underway. Obesity and diabetes are metabolic disorders that are 
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induced by an increase in body fat, and are associated with oxidative and inflammatory 

stress. Inflammation is associated with the generation of ROS and the accumulation of ROS 

leads to oxidative stress. Investigations into adipocyte biology have revealed that 

adipogenesis is sensitive to redox changes. The interaction between mitochondria, oxidative 

stress and the role of antioxidants in these pathways, as well as the reported changes in 

antioxidant capacity in WAT during obesity, led to the aim of this study, namely to 

investigate the effect of oxidative stress on the adipogenic differentiation potential of ASCs. 

Exogenously added ROS induce the generation of intracellular ROS. However, whether this 

phenomenon participates in the adipogenic differentiation of ASCs has remained undecided 

thus far. To address this issue, the combined effects of pro-oxidants and antioxidants on ASC 

adipogenic differentiation were examined.  

 

ASCs were induced to differentiate into adipocytes using an adipogenic-inducing cocktail with 

or without the antioxidant, pyruvate. The adipogenic-induced ASCs were treated with Trolox, 

CoQ10, H2O2 or a combination of both pro-oxidant and antioxidant for 14 and 21 days. Pre-

conditioning with the pro-oxidant for 24 hours before the adipogenic induction period of 14 

and 21 days was also examined. The effects on adipogenic differentiation were quantitatively 

assessed using flow cytometry and the emission profiles of Nile Red. It was demonstrated 

that the addition of exogenous ROS and thus intracellular ROS to adipogenic-induced ASCs 

enhanced adipose differentiation. It was also observed that H2O2 added to non-induced ASCs 

grown in medium – pyruvate caused substantial lipid accumulation. Scavengers, such as 

Trolox and CoQ10, attenuated the increase in ROS and thus a decrease in adipogenic 

differentiation was seen. Pre-conditioning with pro-oxidant could either increase or decrease 

adipogenic differentiation depending on the concentration of pro-oxidant. The study 

emphasizes the importance of redox metabolism in adipose tissue biology. Thus, in this 

context, any compounds which could reduce oxidative stress during adipogenesis are an 

interesting approach to protect overweight people from this metabolic disease of lifestyle 

and its comorbidities, mainly insulin resistance and type II diabetes. 

 

Stromal/stem cells are being investigated world-wide for use in cell-based therapies and in a 

tissue regenerative capacity due to their differentiation capabilities, supposed 

immunomodulatory effects, and homing ability. Nevertheless, major obstacles to their 

therapeutic and clinical application, such as low proliferation and survival rates upon 

transplantation and exposure to in vivo oxidative conditions, remain. Park and colleagues 
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stated: that whether ROS is harmful or beneficial is primarily a question of dosage (191). 

The results of this study indicate that this statement is true. This study demonstrated that in 

vitro conditioning with ROS mediates adipocyte differentiation. This implicates a self-

perpetuating system, which may contribute to the pathogenesis of obesity. Controlled 

generation of ROS is known to stimulate the proliferation, migration and regenerative 

potential of ASCs. However, too high concentrations of ROS result in apoptosis and cell 

death. It should be acknowledged that the improved adipogenic differentiation with oxidative 

treatment parallels the persisting uncertainties regarding the underlying redox mechanisms 

in differentiating pathways and the necessity for quantifying adipogenic and lipogenic gene 

expression by qPCR under these conditions. 

 

The present study has several limitations, which include: 

• Fresh and cryopreserved-thawed ASC samples were used and at different passages, 

due to the limited cell numbers that were obtained at each passage versus the cell 

numbers required for the different experiments.  

• The donors’ ages varied and BMI was unknown. 

• Fluorescence microscopy photographs were not taken with all the various pro-oxidant 

and antioxidant conditions. 

• More donor samples are required. 

• Quantitative gene expression would confirm adipogenic differentiation versus 

lipogenesis. 

• The ASCs in culture may behave differently from the ASCs in vivo. Cell culture also 

imposes a state of oxidative stress on cells. 

 

Contrasting results due to the heterogeneity of the population of ASCs demonstrates the 

importance of using large donor sample populations. Future studies will incorporate both 

quantitative gene expression and more donor ASC cultures. 
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Chapter 5 

 

The effect of artificial hypoxic conditioning on the viability, 

phenotype, and adipogenic differentiation of adipose-derived 

mesenchymal stem/stromal cells 

 

Introduction 

 

In the 18th century, Priestley in a lethal but clear experiment demonstrated the importance of 

molecular oxygen (O2) by placing a burning candle in a bell jar alongside an unfortunate 

mouse. This highlighted the outcome of lack of exposure to O2 (1). A state in which the level 

of O2 is reduced compared to the typical ambient level of O2 is defined as hypoxia. However, 

physiological normoxia is hypoxic according to this definition and this hypoxia is essential for 

the full development of embryos and the generation of an intact cardiovascular system (2-4). 

The ability to sense and respond to changes in O2 is essential for the survival of most 

organisms. The transcription complex called hypoxia-inducible factor (HIF) plays a pivotal 

role in this process.  

 

In the presence of normoxia, HIF-α is degraded almost as soon as it is made due to the O2-

dependent hydroxylation of specific proline residues (402 and 564) (5-7). Three homologous 

2-oxoglutarate-dependent prolyl hydroxylase domain-containing (PHD) dioxygenases PHD1, 

PHD2, and PHD3 catalyze this prolyl hydroxylation (8). Another 2-oxoglutarate-dependent 

dioxygenase (FIH-1) catalyzes the formation of a specific hydroxyasparagine (803) leading to 

decreased binding of HIF-α to the transcriptional co-activator p300 and thus affecting the 

transcriptional potency of HIF-α (9, 10). The von Hippel-Lindau protein (pVHL) recognizes 

and binds to the two specific hydroxyproline residues in HIF-α, leading to its ubiquitination 

and subsequent degradation by the 26S proteasome (5, 11). Conversely, under hypoxic 

conditions, hydroxylation does not occur, HIF-α escapes degradation, and is therefore free to 

heterodimerise with the constitutively expressed HIF-β subunit (also called Aryl hydrocarbon 

nuclear translocator, ARNT). This whole HIF complex translocates to the nucleus. The HIF 

complex binds to hypoxia response elements (HREs) that are found in numerous genes 

involved in cell growth and fate, glucose metabolism, and O2 transport and delivery (12). 
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Both the prolyl and asparaginyl hydroxylases require α-ketoglutarate (2-oxoglutarate) (9). 

The cell-permeable 2-oxoglutarate analogue dimethyloxalylglycine (DMOG) competitively 

inhibits the HIF prolyl and asparaginyl hydroxylases by competing for 2-oxoglutarate and is 

predicted to also inhibit other members of the class of 2-oxoglutarate-dependent 

dioxygenases (7, 9). Thus, DMOG can activate the HIF complex and HIF transcriptional 

cascades through stabilising HIF-α during normoxia. 

 

One of the defining characteristics of stem cells is that they produce all cells that make up 

the tissues of the body through self-renewal and differentiation. The in vivo O2 

concentrations can have a direct effect on stem cell self-renewal and differentiation. 

Schofield conceptualized the stem cell “niche” in 1978 (13). This term defines the anatomical 

position, including the cellular and acellular components, in which stem cells reside. One 

hypothesis is that stem cells reside in hypoxic niches where the physiological O2 tension is 

lower than ambient O2 tension (21% O2) and thus oxidative stress may be reduced. The 

niche is said to maintain the proliferative or multipotent capabilities of stem cells while 

differentiation down specific lineages coincides with the migration of these stem cells out of 

the niche.  

 

Niches vary in O2 tension. The adipose tissue niche consists of many cell types including 

mature adipocytes, fibroblasts, smooth muscle cells, adipose-derived stem/stromal cells 

(ASCs), endothelial cells, and pericytes. Pericytes are cells that wrap around the endothelial 

cells of capillaries. The location of ASCs within this environment is not fully understood but 

literature places the stromal cells in a perivascular location (14). In vivo measurements in 

adipose tissues have shown that O2 tensions tend to range between 2 and 8% (15, 16). The 

O2 tension within the bone marrow has been reported to range from 1 to 7% (17-19) (Figure 

5.1). 
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Figure 5.1. Oxygen tensions of stem cell anatomical niches within adipose tissue and bone 

marrow. The O2 tension within the bone marrow has been comprehensively studied, mainly in the 

context of hematopoietic stem cells (HSCs) and ranges from 1 to 7%. In vivo measurements in 

adipose tissues have demonstrated that the O2 tension ranges between 2 and 8%. Adapted from 

Mohyeldin et al. 2010. 

 

Although it appears that an O2 gradient affects the fate of specific cells (20), especially 

during embryonic development, in the context of differentiation the results are often 

conflicting. Oxygen levels may inhibit the differentiation of certain stem cells, but promote 

the differentiation of others. Numerous research groups have demonstrated these 

inconsistent results. Fehrer and colleagues demonstrated that 3% O2 promoted 

mesenchymal stromal/stem cells (MSCs) to remain in an undifferentiated state (21). 

Holzwarth et al. (2010) found that at an O2 tension of 1% there was a lack in differentiation 

potential, but increasing the O2 tension to 3% restored the osteogenic potential (22). 

D’Ippolito and colleagues experimented with O2 tensions <10% and found that osteogenic 

differentiation was undetected at 3% (23). Tsai and fellow researchers demonstrated that 

under hypoxic conditions (1-7%), an increased differentiation potential for all three 

mesenchyme lineages was observed (24). It was observed that the growth of MSCs in 

hypoxia enhanced osteogenesis in vitro and in vivo (25). Kim and colleagues state that 

hypoxia induced adipocyte differentiation (26). Wagegg and colleagues demonstrated that 

activation of HIF-1 using 100 µM of DMOG promoted osteogenesis but suppressed 

adipogenesis (27).  
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Intriguingly, analysis of the literature shows that when there is stimulation of osteogenesis, 

there is suppression of adipogenesis and vice-versa (28, 29). Hypoxia modulates the Wnt 

(wingless-type mouse mammary tumor virus integration site) signaling family. Hypoxia 

inducible factor-1α enhances Wnt/β-catenin signaling and β-catenin has an inverse 

relationship with peroxisome proliferator-activated receptor-γ (PPARγ). Thus, several 

members of the Wnt signaling family have been shown to inhibit early steps of adipogenesis 

(30). The other side of the coin is that hypoxia increases mitochondrial ROS generation at 

Complex III, which as Kim and colleagues discovered, enhances adipocyte differentiation 

(26, 31). The confusion that exists around the role that hypoxia and the stabilisation of HIF-

1α play in adipogenic differentiation, as well as a deficit in experimentation with artificial 

hypoxia in ASC adipogenic differentiation, led to the question: What is the effect of artificial 

hypoxia (DMOG) on the adipogenic differentiation potential of ASCs? This question was 

explored in the following section. 

 

Materials and methods 

 

Preparation of adipose-derived stromal cell artificial hypoxic cultures 

Human ASCs were isolated as previously described (Chapter 3). Adherent ASCs from four 

donors (A180313, A220313, A070813, and A270813) from passages four (P4F1) to seven 

(P7F1) were used to conduct the majority of the artificial hypoxia experiments. The cells 

were seeded at 5 x 103 cells/cm2 into flasks with α-MEM (Gibco®, Invitrogen Corporation, 

Carlsbad, California, USA) supplemented with 10% (v/v) fetal bovine serum (FBS; Biochrom 

AG, Berlin, Germany) and 2% (v/v) penicillin and streptomycin (Pen/Strep; Sigma-Aldrich, 

St. Louis, MO, USA) and were maintained and expanded under normoxic conditions in an 

incubator at 37°C with a humidified atmosphere of 20% O2 containing 5% CO2. The 

changing and replenishment of media were carried out every second day until the cells 

reached ± 80% confluence. Upon commencement of artificial hypoxic experiments, the ASCs 

were cultured under normoxic conditions in an incubator at 37°C with a humidified 

atmosphere of 20% O2 containing 5% CO2 with the addition of 100 µM of the PHD enzyme 

inhibitor, DMOG (1.75 mg DMOG/1 ml DMSO; both Sigma-Aldrich, St. Louis, MO, USA) to 

block O2-dependent HIF-1α degradation. The DMOG was made up immediately prior to use 

and added directly to the medium. 
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Viability of ASCs cultured with dimethyloxalylglycine (DMOG) 

Analysis of the current literature revealed that concentrations of 100 µM up to 1 mM of 

DMOG exhibited no cytotoxicity towards MSCs. However, increasing the DMOG concentration 

to 5 mM resulted in cytotoxicity (32). Liu and colleagues observed increasing expression of 

HIF-1α using 100 µM DMOG (32). Thus, for this research a concentration of 100 µM of 

DMOG was chosen. An assessment of the influence of this concentration of DMOG or vehicle 

on ASC death was performed using the viability assay, SRB, described in the previous 

chapter (Chapter 4). 

 

Multi-colour flow-cytometric analysis of immunophenotype under artificial 

hypoxic conditions 

Multi-colour flow cytometry was employed for the immunophenotypic analysis. The cell 

phenotypes from normoxic and artificial hypoxic cultures were assessed over two passages 

(±17 days). The cells were trypsinized and centrifuged for 5 minutes at 184 g. The 

supernatant was aspirated and the pellet resuspended in PBS. The cell suspension was 

incubated with Phycoerythrin-Cyanin 7-conjugated CD34 (CD34-PC7) and Krome orange-

conjugated CD45 (CD45-KO) antibodies (Both Beckman Coulter). The cell suspension was 

also incubated with fluorescein isothiocyanate-conjugated CD73 (CD73-FITC; eBioscience, 

San Diego, California, USA), Phycoerythrin-Cyanin 5.1-conjugated CD90 (CD90-PC5; 

Beckman Coulter), and phycoerythrin-conjugated CD105 (CD105-PE; Beckman Coulter) 

antibodies. The panel of 5 antibodies was incubated for 10 to 15 minutes in the dark at room 

temperature. The ASCs-antibody mixture was subsequently washed with PBS once to 

remove any unbound antibodies. The ASC-antibody mixture was then resuspended in PBS. 

Cells that were not stained with antibodies represented a negative control allowing for the 

detection of any autofluorescence from the cells. Data was obtained by flow cytometric 

analysis (Gallios; Beckman Coulter). The unstained cell events were measured within the first 

decade of single-parameter plots. A minimum of 5 000 events per flow cytometric sample 

was collected and dead cells, cellular aggregates and debris were excluded from the 

analysis. The list mode data (LMD) generated was analyzed using Kaluza® Analysis Software 

1.2 (Beckman Coulter). In order to keep the settings uniform during the experiments, the 

flow cytometer was checked before each experiment with Flow-Check™ Fluorospheres 

(Beckman Coulter) and the voltage was maintained. 
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Fibroblastoid colony-forming unit assay under artificial hypoxic conditions 

The ASCs were serially diluted and seeded onto 100 x 20 mm CELLSTAR® tissue culture 

dishes (Greiner Bio-One) in triplicate at a final density of 100 cells per dish, which is an 

average cell density of 1.72 cells/cm2 (number of cells/growth area). Clonal growth was 

carried out for 13 days of normoxic culture or artificial hypoxic culture. The colonies were 

washed twice with PBS and fixed with 4% (v/v) formaldehyde for 60 minutes. After fixation, 

colonies were washed twice again with PBS and stained with Toluidine Blue O stain (Sigma-

Aldrich) and enumerated. The colony sizes consisted of three categories: 0-25 cells, 25-50 

cells or >50 cells. 

 

In vitro adipocyte differentiation under artificial hypoxia conditions 

Adipose-derived stromal cells were seeded at a density of 5 x 103 cells/cm2 in 6-well plates 

and cultured using standard growth medium, α-MEM. At confluence, in triplicate, the 

adherent cells (in the seventh passage) were subjected to adipogenic differentiation in vitro 

under either normoxic or artificial hypoxic conditions. The cells were incubated in adipogenic 

induction medium consisting of DMEM culture medium (and for clarification only + pyruvate 

was used in this chapter) supplemented with 1 µM dexamethasone (Sigma-Aldrich), 0.5 mM 

3-iosbutyl-methylxanthine (Sigma-Aldrich), 200 µM indomethacin (Sigma-Aldrich), 10 µg/ml 

human insulin (Sigma-Aldrich), 10% (v/v) FBS and 2% (v/v) Pen/Strep for 14 and 21 days 

(33). Control medium (used for non-differentiated cells) consisted of DMEM supplemented 

with 10% (v/v) FBS and 2% (v/v) Pen/Strep. Media were replaced on the 1st and 5th days of 

culture and the cells were replenished with medium on the 3rd day of culture.  

 

Quantification of adipogenesis under artificial hypoxia conditions using 

flow cytometry 

Induced and non-induced cells were trypsinized and washed using DMEM. In order to obtain 

a quantitative measure of intracellular lipid accumulation, single cell suspensions were 

prepared and were simultaneously stained with Nile red (1 µg/ml) and DAPI (5 µg/ml) for 20 

minutes at room temperature. Fresh working solutions of DAPI (500 µg/ml) and Nile red 

(100 µg/ml) were prepared in staining buffer (100 mM Tris; pH 7.4, 150 mM NaCl, 1 mM 

CaCl2, 0.5 mM MgCl2) and protected from light. The cells were analyzed on a Gallios flow 

cytometer. Nile Red was excited with a 488 nm laser and yellow-gold fluorescence was 

detected in FL2 using a 575/30 nm BP filter and deep red fluorescence was detected in FL5 
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using a 755 nm LP filter. DAPI was excited with a 405 nm laser and fluorescent emissions 

were detected in FL9 using a 450/40 nm BP filter. The LMD collected from the experiments 

were analyzed using Kaluza analysis software. The compensation matrix was determined 

using the dedicated function of the Kaluza software. Any replicate having less than 100 

viable cells was excluded.  

 

Statistical analysis 

Kaluza statistics files were exported into Microsoft® Excel® for Mac 2011 Version 14.4.4 

(140807) for further analysis. Statistics were also performed using GraphPad PRISM 6 

Version 6.0d (GraphPad, UK). Data are represented as the mean ± standard error of the 

mean (SEM). The D’Agostino-Pearson omnibus K2 normality test was utilized to quantify how 

much a data set deviated from a Gaussian distribution. If the data followed a Gaussian 

distribution, statistical differences were calculated using the Student’s two-tailed t-test for 

comparison of two independent groups and One–way analysis of variance (One-way ANOVA) 

followed by Tukey’s post hoc test for multiple comparisons. If the data did not follow a 

Gaussian distribution then a non-parametric statistical method was followed. Statistical 

differences were calculated using the Mann-Whitney test for comparison of two independent 

groups. The Kruskal-Wallis test was utilized followed by the Dunn’s post test for multiple 

comparisons. The multiple comparison post tests indicate the significance level of a 

comparison. Differences were considered significant at p≤0.05. All of the data presented are 

the results of three technical repeats. 

 

Results 

 

Effect of dimethyloxalylglycine (DMOG) on ASC viability  

In order to investigate the effect of artificial hypoxia on the adipogenic differentiation 

potential of human ASCs, the optimal concentration of DMOG was determined. Examination 

of the current literature on DMOG revealed that there is increased expression of HIF-1α with 

100 µM, 500 µM and 1 mM DMOG concentrations. These concentrations up to 1 mM were 

non-toxic to MSCs (32). Following treatment with different concentrations of DMOG, ASC 

growth was analyzed using the SRB assay. Increased cellular growth was observed after 24 

hours. The untreated ASCs and 100 µM DMOG treated-ASC continued to increase in number 

at 96 hours. Cellular growth was significantly suppressed after 96 hours of incubation with 
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1000 µM DMOG compared to the untreated control (Figure 5.2). Cell viability was displayed 

as percentages of the viability at time point 0 hours (100%) (Figure 5.3). Treatment with 

100 µM DMOG for 24 hours resulted in a non-significant increase in cell viability due to cell 

growth to 111.50% ± 9.18% viable cells and treatment with 100 µM DMOG for 96 hours 

also resulted in a non-significant increase in cell viability due to cell growth to 139.90% ± 

9.89% viable cells. Only a concentration of 1000 µM of DMOG for 96 hours resulted in 

significant (P<0.01) decrease in viability. Treating the ASCs with DMSO vehicle had no effect 

on cell viability over the 96-hour period. The grey bars in Figure 5.3 demonstrate treatment 

with the largest volume of DMSO that was used as a vehicle for treatment of the ASCs with 

the DMOG concentrations. The concentration of 100 µM DMOG was chosen for further 

experiments. 

 

Figure 5.2. Effect of treatment with DMOG on ASC cell growth. Adipose-derived stromal cells 

were treated with the indicated concentrations of DMOG over 96 hours and assayed at the indicated 

time points. Cell growth was significantly suppressed after 96 hours of incubation with 1000 µM 

DMOG. Data represent the mean absorbance ± SEM. Data represents n = 2 biological replicates, 

repeated twice, each in triplicate. *P<0.05 as compared to the untreated control. 
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Figure 5.3. The effect of DMOG on ASC viability. Adipose-derived stromal cells were treated with 

the indicated concentrations of DMOG over 96 hours and assayed at the indicated time points. A 

concentration of 100 µM of DMOG over the 96-hour period was not toxic to the cells. Data represent 

the cell viability as a % of the viability at time point 0 hours ± SEM. Data represents n = 2 biological 

replicates, repeated twice, each in triplicate. *P<0.05 as compared to the untreated control. 

 

Viability of the ASCs while maintained in artificial hypoxic culture was investigated by uptake 

of the cell viability stain, Propidium iodide (PI) (Figure 5.4). Propidium iodide is only 

permeable to cells with compromised membrane integrity, thus non-viable cells can be 

distinguished from viable cells by the fluorescence of PI which binds to DNA in the nucleus. 

Propidium iodide fluoresces in FL3. The two-parameter plots shown below were gated on an 

“Intact cells” region (as demonstrated in Chapter 3, Figure 3.12B and D). A high 

concentration of hydrogen peroxide (H2O2; 100 µM) is not conducive to cell viability and the 

non-viable and viable regions were set using this condition (5.4A). These viable and non-

viable regions were maintained throughout the analysis. The viable cells were recognized by 

a shift in distribution to the left of the non-viable cells and thus a decrease in FL3 

fluorescence on the plot (5.4B). Criteria set by the International Federation for Adipose 
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Therapeutics and Science (IFATS) and the International Society for Cellular Therapy (ISCT) 

state that >90% cell viability criteria should be met for ASCs.  

 

An average of 93.39% ± 1.53% of the intact cells were viable under normoxic conditions 

before DMOG treatment for culture A180313. Following treatment with 100 µM DMOG 

96.83% ± 1.23% were viable over 2 passages for culture A180313. An average of 94.55% ± 

1.39% of the intact cells were viable in normoxic conditions before DMOG treatment for 

culture A220313. Following treatment with 100 µM DMOG 98.71% ± 0.71% were viable over 

2 passages for culture A220313. Finally, the viability at the beginning of the artificial hypoxic 

experiment using culture A270813 was 96.00% ± 3.26% in normoxic conditions and 94.11% 

± 0.17% following treatment with DMOG. There were no significant differences between the 

ratio of non-viable and viable ASCs with and without DMOG treatment. This indicated that 

DMOG at this concentration had no obvious cytotoxicity on ASCs.  

 

 

Figure 5.4. Viability of ASCs treated with DMOG as determined by flow cytometry 

measuring PI uptake. A high concentration of hydrogen peroxide (H2O2; 100 µM) is not conducive 

to cell viability and the non-viable and viable regions were set using this concentration of H2O2 (A). 

Cells in the left region indicated the percentage of cells that were viable. The plot in (B) indicates the 

viable and non-viable cells cultured in normoxic conditions. The plot in (C) indicates the viable and 

non-viable cells cultured with 100 µM of DMOG. Treatment with artificial hypoxia did not affect the 

viability of the cells negatively. 
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Artificial hypoxic culture maintains adipose-derived stromal cells' in vitro 

characteristics 

The effect of 100 µM of DMOG on the cells’ in vitro characteristics was further elucidated.  

 

Expansion and maintenance of adipose-derived stromal cells cultured under 

artificial hypoxia 

The three different thawed-cryopreserved ASC populations (A180313, A220313, A070813) 

were cultured comparatively for two passages under normoxia and artificial hypoxia. The 

images below were taken 3 days after seeding the second passage (Figure 5.5). Treatment 

with DMOG was initiated at time of seeding. The cells maintained plastic adherence 

throughout the passages. Visually there were no changes observed in the morphology 

between the ASCs grown in α-MEM and treated with DMOG compared to the ASCs just 

grown in α-MEM. 
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Figure 5.5. Morphology of ASCs cultured in normoxia and artificial hypoxia. The phase 

contrast microscopy photographs are representative of three different thawed-cryopreserved adherent 

ASC populations (A180313 P5, A220313 P4, A070813, P4) cultured for two passages under normoxia 

and artificial hypoxia. The images were taken 3 days after seeding the second passage. The ASCs 

were grown in standard α-MEM with 20% O2 and 5% CO2 (A, C, E), and under standard α-MEM with 

20% O2 and 5% CO2, with the addition of 100 µM DMOG (B, D, F). The cultures displayed the typical 

spindle-shaped cells. No morphological differences with the two different conditions were observed. 

Original magnification: 5x, scale bars: 100 µm.   
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Multi-colour flow-cytometric analysis of immunophenotype of adipose derived-

stromal cells cultured under artificial hypoxia 

The immunophenotype of ASCs from four donor samples was characterized by assessing for 

the cell surface expression of CD73, CD90, CD105 and the lack of expression of CD34 and 

CD45. Greater than 95% expression for CD73, CD90 and CD105 is needed and less than 2% 

of the total population may be positive for CD34 and CD45 for the cells to be considered 

ASCs (34, 35). The expression of these markers on the cells of both the normoxic and 

artificial hypoxic cultures was assessed using flow cytometry. 

 

Unstained cell suspensions were used to set gates which were maintained for the stained cell 

suspensions. Any cell population appearing to the right of the unstained cell population (in 

the second and greater decades of the four decades) of the single-parameter histogram 

plots was viewed as positively stained (Figure 5.6). The cells from the four donors cultured 

under normoxic and artificial hypoxic conditions showed very similar expression of surface 

markers. There was no significant difference in cell surface expression of the markers 

mentioned above over the two passages of culture in artificial hypoxia. The ASCs in artificial 

hypoxia expressed CD73 (98.25% ± 0.17%; average of both passages), CD90 (97.77% ± 

0.20%), and CD105 (98.05% ± 0.08%) surface markers whereas the expression of CD34 

(0.12% ± 0.06%), and CD45 (0.34% ± 0.04%) surface markers were below the limit of 2% 

(Table 5.1). The cells treated with DMOG in purple had greater than 95% expression for 

CD73, CD90 and CD105 and less than 2% expression of CD34 and CD45 (Figure 5.7). Thus, 

artificially mimicking hypoxic conditions by DMOG treatment did not alter the 

immunophenotype of the ASCs, reflecting the same ASC profile as observed under normoxic 

conditions. 
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Figure 5.6. Overlay plots for selected surface markers of adherent cells cultured in 

normoxia and artificial hypoxia in vitro. The figure displays histograms of ASCs obtained from 

flow cytometry. Representative overlay plots for selected surface markers were generated from P4F1 

to P5F1 showing positive expression for markers, CD73, CD105, CD90 and the lack of CD34 and CD45 

expression. The red histograms represent unstained normoxic cultures, the blue histograms represent 

untreated normoxic cells stained with antibody, and the purple histograms represent artificial hypoxic 

cells stained with antibody.  
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Figure 5.7. Immunophenotypic characterization of the adherent cells cultured in 

normoxia and artificial hypoxia in vitro. Immunophenotype of cells cultured under normoxic 

conditions and cells treated with 100 µM DMOG over 2 passages. Flow cytometric analysis of cultures 

A180313, A220313, A070813, and A270813 treated with 100 µM DMOG displayed an overall ASC 

phenotype. More than 95% cells expressed CD73, CD90 and CD105 (above dotted line) and less than 

2% expressed CD34 and CD45 (below the dotted line). Error bars represent SEM. n = 4. No 

significant differences between cultures and conditions. 
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Table 5.1. Phenotypic characterization of adipose-derived stromal cells cultured in 

normoxia and artificial hypoxia in vitro. 

 

Data are presented as mean ± SEM. Data represents n = 4. No significant differences between 

cultures and conditions.  

 

Fibroblastoid colony-forming unit assay 

The clonogenic potential of ASC was assessed after 13 days of expansion (Figure 5.8). The 

tissue culture dishes were seeded with 100 cells and cultured in either normoxic or artificial 

hypoxic conditions for the 13 days. The tissue culture dishes were stained with Toluidine 

Blue O to reveal the colonies. The average number of colonies resulting from 100 cells 

grown under normoxic and artificial hypoxia conditions was 55.11 ± 5.22 and 49.33 ± 1.89 

respectively. These two averages were not significantly different from one another. Inter-

culture variation was apparent. The A220313 donor culture behaved differently from 

A180313 and A270813. Culture A180313 resulted in 47.67 ± 6.57 colonies under normoxic 

conditions and 48.00 ± 3.51 colonies in artificial hypoxic conditions, while culture A220313 

resulted in 73.67 ± 2.33 colonies in normoxic conditions and 52.00 ± 4.58 colonies in 

artificial hypoxic conditions. Culture A270813 resulted in 44.00 ± 4.04 colonies in normoxic 

conditions and slightly more colonies (48.00 ± 2.00) in artificial hypoxic conditions.  

 

The heterogeneous nature of the ASC populations was noticeable upon further inspection of 

individual colonies in both normoxic and artificial hypoxic conditions. There was a broad 
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range of colony sizes, indicative of varied cell growth rates. However, there appeared to be a 

trend of numerous smaller colonies  and fewer large colonies with DMOG treatment for 13 

days. The average number of colonies formed consisting of >50 cells was significantly lower, 

3.11 ± 1.68, in artificial hypoxic conditions compared to 39.44 ± 4.71 in normoxic conditions 

(Figure 5.9). The average number of colonies formed consisting of <50 cells was 23.11 ± 

4.53 in artificial hypoxic conditions and 7.83 ± 1.10 in normoxic conditions. The number of 

colonies formed consisting of <50 cells from the 100 seeded cells for A180313 was 24.00 ± 

9.18. The number of colonies formed consisting of <50 cells from the 100 seeded cells for 

A220313 was 21.33 ± 3.38, and the number of colonies formed consisting of <50 cells from 

the 100 seeded cells for A270813 was 24.00 ± 10.61. Upon examination of the cells within 

individual colonies, both spindle-shaped and rounded flat cells existed in both conditions. A 

greater proportion of the A220313 cells treated with DMOG, however, were more rounded in 

shape. All the cultures treated with DMOG had sparsely situated cells compared to the 

colonies cultured in normoxic conditions. It was also noted that ASCs treated with DMOG 

were smaller in size compared to untreated ASCs in normoxic conditions. The frequency of 

ASCs able to form colonies should be greater than 5% (35). The ASCs treated with 100 µM 

DMOG displayed a frequency of 6.31% ± 3.40%. Both normoxic untreated ASCs and DMOG-

treated ASCs demonstrated a frequency to form colonies greater than 5%. All of the cultures 

were able to form colonies in both conditions, but great intra-culture and inter-culture 

variability was observed.  

 

      
Figure 5.8. The effect of artificial hypoxia on colony forming ability. The graph displays the 

average number of colonies obtained from 3 donor cultures (A180313, A220313, and A270813) 

carried out in triplicate following 13 days of culture in normoxia or supplemented with 100 µM DMOG. 
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The average number of colonies resulting from 100 cells per dish under normoxic conditions was 

55.11 ± 5.22. The average number of colonies resulting from 100 cells per dish under artificial 

hypoxia conditions was 49.33 ± 1.89. The averages were not significantly different.  

 

 

Figure 5.9. The effect of artificial hypoxia on colony forming ability. The size distribution of 

colonies obtained following 13 days of culture supplemented with 100 µM DMOG after seeding 100 

cells per dish. Values are from 55,11 ± 16,17 colonies per plate in normoxic conditions and 49.33 ± 

1.89 colonies per plate in artificial hypoxic conditions from three donors (A180313, A220313, and 

A270813) at passage 5 carried out in triplicate. Values are colony sizes consisting of 0-25 cells, 25-50 

cells or ≥50 cells. Compared to the normoxic conditions, DMOG supplemented cultures had more 

small colonies and fewer large colonies than cells grown under normoxia. ****P<0.0001. 

 

The effect of artificial hypoxia on adipogenic differentiation of adipose-

derived stromal cells 

ASCs were induced to differentiate into adipocytes using the adipogenic induction cocktail. 

To evaluate the effect of artificial hypoxia on adipogenesis, differentiation experiments were 

carried out under both normoxic and artificial hypoxic conditions for 14 and 21 days. Light 

microscopy revealed that the adipogenic-induced cells cultured in artificial hypoxia did not 

accumulate lipids to the same extent as adipogenic-induced cells cultured without DMOG 
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over a 21-day period (Figure 5.10). In artificial hypoxia, all induced cells accumulated a very 

little number of small lipid droplets, but in untreated adipogenic cultures there was an 

abundance of lipid droplets that varied greatly in size. The majority of lipid droplets in the 

untreated adipogenic cultures were significantly larger than those in artificial hypoxia. The 

nuclei of adipogenic-induced ASCs treated with DMOG moved to peripheral area of the cells 

while the cytoplasm became more complex 5.10B. Analysis of untreated adipogenic-induced 

ASCs revealed the typical more rounded morphology observed during adipogenic 

differentiation with numerous lipid droplets of varying sizes 5.10A. Quantitative information 

about lipid accumulation was needed and the cells were stained with Nile red and subjected 

to flow cytometric analysis. 

 

 

Figure 5.10. Effect of DMOG on the morphological changes of ASCs undergoing 

adipogenesis. The phase contrast microscopy photographs are of adipogenic-induced cells (A) and 

adipogenic-induced cells treated with 100 µM DMOG (B). Images were taken 14 days following 

adipogenic induction. Cells grown in adipogenic induction medium supplemented with 100 µM DMOG 

did not accrue lipids to the same extent as adipogenic differentiation in normoxic conditions. Very few 

tiny lipid droplets, if any, formed. The cytoplasm of the induced cells with DMOG appeared to be very 

complex compared to the induced cells in normoxic conditions. Donor sample: A220313 P7F1. Original 

magnification: 20x, scale bars: 20 µm. 
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Flow cytometric analysis of the accumulation of lipid droplets based on Nile red 

positive staining at day 14 of adipogenic induction 

At day 14 of adipogenic induction, Nile red and DAPI staining were used to quantify lipid 

accumulation flow cytometrically. The ASCs grown in DMEM served as a gating control 

(Figure 5.11). The regions were set using day 14 of adipogenic differentiation in normoxic 

conditions and these regions were kept for analysis with DMOG supplementation. These 

regions were also kept for analysis of day 21 adipogenic differentiation for the same culture. 

Only viable ASCs were used in the analysis. Dead cells or cells undergoing necrosis have 

damaged cell membranes that were more permeable to DAPI. Fluorescent emissions of DAPI 

were detected in FL9, thus if the FL9 fluorescence intensity increased, the cell membrane 

was compromised and these cells were also counted as non-viable. Cell debris and non-

viable cells, which are represented by low forward- and high side-scatter were gated out for 

analysis. 
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Figure 5.11. Strategy for flow cytometric analysis of adipogenesis. Representative two-

parameter plots of DAPI and Nile red fluorescence. Regions were set according to the yellow-gold 

fluorescence of the non-induced Nile red stained ASCs at day 14 (A). These regions were used as 

gating controls to monitor the increase in yellow-gold fluorescence emitted by the Nile red stained 

adipogenic-induced ASCs (B). The rectangular regions indicate the percentage of events/cells that had 

accumulated lipids after Nile red staining. The differentiation potential varied between donor samples 

cultured in normoxia or treated with 100 µM of DMOG as observed in the rectangular region of B 

compared to the rectangular region in D. These are the results of ASCs grown in DMEM (Non-induced; 

A), adipogenic induction medium (B), DMEM treated with 100 µM of DMOG (Non-induced; C), and 

adipogenic induction medium with 100 µM of DMOG (D). 
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Visually, it appeared that treating adipogenic-differentiating cells with DMOG inhibited 

adipogenesis. It was observed following quantification of lipid accumulation by flow 

cytometry at day 14 of adipogenic induction that the adipose cocktail supplemented with 

DMOG did not have any affect on adipogenic differentiation compared to standard 

adipogenic differentiation. The mean percentage of adipogenic induced cells cultured in 

artificial hypoxia that upon staining with Nile red were positive for an increase in FL2 

fluorescence was 11.81% ± 4.29%. This was not statistically different compared to the 

17.24% ± 3.20% of Nile red positive cells cultured in normoxic adipogenic conditions (Figure 

5.12). The following graph indicates the percentage of cells that emit yellow-gold 

fluorescence after Nile red staining after 14 days of induction. The mean fluorescence 

intensity (MFI) of the adipogenic-induced cells treated with DMOG was 1.73 ± 0.05 and the 

MFI of the adipogenic-induced cells in normoxia was 2.43 ± 0.33. These two fluorescence 

intensities were not significantly different. 

 

           

Figure 5.12. Percentage of cells that emit yellow-gold fluorescence after Nile red staining 

following 14 days of adipogenic induction. This graph indicates the percentage of cells that emit 

yellow-gold fluorescence after Nile red staining of early-passage, P7, thawed-cryopreserved ASCs at 

14 days after adipogenic induction. The box of the box whisker plot extends from the 25th percentile 

to the 75th percentile. The line situated in the middle of the box represents the median. The lower 

whisker is the smallest percentage of cells that emitted yellow-gold fluorescence and the upper 

whisker is the largest percentage of cells that emitted yellow-gold fluorescence. The addition of DMOG 
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reduced Nile red staining. n = 2. There was no significant difference between the induced conditions. 

See Table 5.2 for all significance values. 

 

Table 5.2. Statistical differences relating to Figure 5.12.  

                     

The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0,05 

**P<0,01. 

 

Flow cytometric analysis of the accumulation of lipid droplets based on lipid 

composition at day 14 of adipogenic induction 

Nile Red emits yellow-gold fluorescence when dissolved in neutral lipids, while it fluoresces in 

the deep red spectrum when dissolved in amphipathic lipids such as cell membranes. During 

pre-adipocyte maturation a larger number of amphipathic lipids are formed upon the 

merging of the lipid droplets and their increase in size. This causes a correlated increase in 

deep red fluorescence and sub-populations of increasing lipid content can be determined. 

Visually, from Figure 5.13, there appears to be a decrease in the brighter deep red sub-

populations with DMOG treatment. There was a significant (P<0.01) decrease in the 

FL2++/FL5+ sub-population that simultaneously emitted yellow-gold and deep red 

fluorescence upon DMOG treatment of adipogenic-induced cells compared to normoxic 

adipogenic-induced cells. 
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Figure 5.13. Accumulation of lipid droplets based on lipid composition. The x-axis reflected 

the increase in FL2 yellow-gold fluorescence and y-axis reflected the increase in FL5 deep red 

fluorescence emitted by cells. The increase in the simultaneous emission of deep red and yellow-gold 

fluorescence is indicative of the merging of lipid droplets and thus an accumulation of lipid content 

within the cells. Following standard adipogenic induction, the ASCs became increasingly more 

fluorescent in both FL2 and FL5 (FL2++/FL5+), as demonstrated in B. However, following adipogenic 
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induction in an artificial hypoxic environment it can be clearly seen that an increase in both FL2 and 

FL5 fluorescence (FL2++/FL5+) did not occur. 

 

Flow cytometric analysis of the accumulation of lipid droplets based on Nile red 

positive staining at day 21 of adipogenic induction 

ASCs were induced to differentiate into adipocytes under normoxic and artificial hypoxic 

conditions. After 21 days of culture in adipogenic differentiation medium with or without 

DMOG, the cells were stained with Nile red for quantification of lipid droplets. All of the non-

induced ASCs resulted in low levels of staining, showing the absence of lipid droplets. The 

cells cultured in differentiation medium in normoxic conditions were positively stained with 

Nile red, indicating that 34.48% ± 6.88% of the cells had differentiated. The cells cultured in 

adipogenic differentiation medium in artificial hypoxic conditions demonstrated a reduced 

percentage (23.91% ± 7.74%) in cells positive for Nile red compared to standard 

adipogenic-induced cells but this reduction was not significant. There were no significant 

differences in the MFI of the adipogenic-induced Nile red stained cells under either artificial 

hypoxia or normoxia. The graph below indicates the percentage of cells that emit yellow gold 

fluorescence after Nile red staining following 21 days of induction (Figure 5.14). The addition 

of 100 µM of DMOG thus had no significant effect on adipogenic differentiation of ASCs 

compared to standard adipogenic differentiation. There was yet again a significant (P<0.01) 

decrease in the FL2++/FL5+ sub-population that simultaneously emitted yellow-gold and 

deep red fluorescence upon DMOG treatment of adipogenic-induced cells compared to 

normoxic adipogenic-induced cells. 
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Figure 5.14. Percentage of cells that emit yellow-gold fluorescence after Nile red staining 

following 21 days of adipogenic induction. This graph indicates the percentage of cells that emit 

yellow-gold fluorescence after Nile red staining of early-passage, P8, P9 and P12, thawed-

cryopreserved ASCs at 21 days after adipogenic induction. n = 2. There was no significant difference 

between the induced conditions. See Table 5.3 for all significance values. 

 

Table 5.3. Statistical differences relating to Figure 5.14.  

                     

The data passed the normality test and the results of the Tukey's multiple comparisons test are 

represented in the above table. The mean difference is significant at the 0.05 level. *P<0.05; 
***P<0.001; ****P<0.0001. 
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Table 5.4. The % positive cells and MFI of non-induced and induced ASCs grown 

under normoxic and artificial hypoxic conditions that emitted yellow-gold 

fluorescence after staining with Nile red. 

 

 

Discussion 

 

Human ASCs and bone-marrow-derived MSCs can be expanded to large numbers and have 

the ability to differentiate into cells of mesenchymal origin, for example, bone, cartilage, 

adipose, and muscle (33). The mechanisms underlying the commitment of these 

stromal/stem cells to a given differentiation lineage in vivo are not very clear. However, in 

vitro, it is known that for stromal cells to undergo lineage conversion the addition of selected 

chemicals, nutrients and growth factors is needed. The in vitro adipogenic differentiation 

protocol has been well established, utilizing dexamethasone, indomethacin, 3-isobutyl-1-

methylxanthine, and insulin (36). Stem cells receive instructions from their niche. Cellular 

differentiation involves transcriptional responses due to stimulation from the environmental 

cues. Thus, it could be plausible that O2 may modulate different differentiation pathways. 

The majority of in vitro differentiation experiments take place at an O2 concentration (21%) 

that corresponds to that of ambient air. It is often over-looked that this concentration of O2 

far exceeds the physiological O2 concentrations and is as such not adapted to in vivo niche 

scenarios. In this research, it was investigated whether the responses of ASCs during 

artificial hypoxia were compatible with changes associated with adipogenesis under normoxic 

conditions.  

 

Effect of DMOG on ASC viability 

Packer and Fuehr were the first to report in 1977 that low O2 concentrations prolonged 

growth in culture of cells from a fibroblast cell line (37). What followed was attention 
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towards the role that O2 played in cell culture and the cellular responses to hypoxia. At the 

centre of O2 sensing and adaption to limited O2 in cells was the transcription factor HIF (38). 

Investigators next identified the HIF hydroxylases, PHDs, and the O2-dependent ability of 

these PHDs to posttranslationally modify HIF-α subunit (39). Current research indicates that 

a hydroxylase enzyme-ferrous iron (Fe2+) complex forms and binds to 2-oxoglutarate, which 

is followed by binding to the HIF subunit. The binding of molecular O2, or dioxygen, to this 

whole complex results in the hydroxylation of HIF and the oxidative decarboxylation of 2-

oxoglutarate to give succinate and CO2. Hydroxylation leads to the degradation of the HIF 

subunit. The increased understanding of O2 sensing led to the creation of pharmacological 

manipulation of HIF in a dish. A 2-oxoglutarate-dependent dioxygenase PHD inhibitor, DMOG 

can be utilized to mimic the reduced hydroxylase activity in hypoxia. 

 

Human ASCs with self-renewal and differentiation capabilities reside in poorly perfused 

niches and are therefore presumably hypoxic. Elvidge and colleagues revealed concordance 

in gene expression patterns induced by hypoxia and DMOG. This study underlined a similar 

mode of action for both hypoxia and DMOG and demonstrates that DMOG is an appropriate 

pharmacological manipulator of hypoxia (40). The effect of pharmacologic stabilization of 

HIF-1α with DMOG on ASC viability in vitro was investigated. Analysis of the current 

literature revealed that concentrations of 100 µM up to 1 mM of DMOG exhibited no 

cytotoxicity towards MSCs. However, increasing the DMOG concentration to 5 mM resulted in 

cytotoxicity (32). Liu and colleagues observed increasing expression of HIF-1α using 100 µM, 

500 µM and 1 mM DMOG (32). Howard et al. examined the stabilization of HIF-1α at 10 µM, 

100 µM and 1 mM concentrations of DMOG. They found that the effect of 100 µM of DMOG 

matched the effect of hypoxia the closest (41). Rey and colleagues deemed 100 µM DMOG in 

DMSO appropriate as a hypoxic mimic in bone-marrow-derived angiogenic cells (BMDACs). 

Ding and fellow researchers investigated concentrations of 200 µM, 500 µM, and 1 mM 

DMOG on cytotoxicity and found that there were no significant differences between the 

death ratio of cells with or without exposure to DMOG (42). An assessment of the influence 

of this concentration of DMOG or vehicle on ASC viability was performed using the SRB 

assay.  

 

A concentration of 100 µM of DMOG did not affect cell growth and the addition of the 

vehicle, DMSO, also did not influence cell viability. Even over two passages, 100 µM DMOG 



Chapter 5 - Artificial hypoxia 

	 246 

did not affect cell viability compared to untreated controls. The results indicated that DMOG 

at this concentration had no obvious cytotoxicity to the ASCs. Thus for this research a 

concentration of 100 µM of DMOG was chosen. Researchers have previously determined the 

influence of DMOG on ASC proliferation, by treating the cells with different concentrations of 

DMOG and measuring proliferation with cell proliferation and cytotoxicity assays such as Cell 

Counting Kit-8 (CCK-8). This kit is a colorimetric assay for the determination of cell viability 

in cell proliferation and cytotoxicity. Ding and colleagues found that ASC proliferation was 

significantly suppressed by 500 µM and 1 mM DMOG, but not by 200 µM DMOG after 48 and 

72 hours of incubation. The hypoxia-mimetic agents, desferrioxamine (DFO) and cobalt 

chloride (CoCl2), are said to inhibit umbilical cord-derived MSC proliferation by influencing the 

cell cycle (43). On the other hand, MSCs from mice cultured at 5% O2 proliferated more in 

vitro and had higher DNA values compared to MSCs cultured at 21% O2.  

 

Adipose derived-stromal cell morphology under artificial hypoxia 

The ASCs were grown in standard growth medium, α-MEM, or growth medium treated with 

100 µM of DMOG over two passages. A number of studies have contradicting results 

regarding the morphology of MSCs grown in hypoxia or with hypoxia mimetics. Mesenchymal 

stromal/stem cells and ASCs contain two main morphologically distinct cells: spindle-shaped 

cells and flattened more rounded cells as described in Chapter 3 (44). Ren and colleagues 

looked at the morphology of cells grown in 8% O2 and with the hypoxia mimetic, CoCl2 until 

70-80% confluence. Growth in 8% O2 resulted in a decrease in the spindle-shaped cells, and 

the proportion of flat rounded cells greatly increased. On the other hand, treatment with 

CoCl2 resulted in small spindle-like cells with almost complete disappearance of the flat 

rounded cells (45). Holzwarth and colleagues looked at the morphology of MSCs in both 

normoxic and hypoxic conditions over 3 weeks. One donor sample cultured in 1% O2 did not 

exhibit any distinct morphological changes compared to normoxia, but the second donor 

sample died after a week of exposure to 1% O2 (22). They have suggested that this 

outcome could be due to donor-specific genetics. The study by Zeng and colleagues, 

mentioned in the above section, used CoCl2 and DFO and assessed the effect on 

morphology. Following treatment, with both of the hypoxia mimetic agents, the spindle-like 

cells elongated and cell-to-cell contacts diminished (43). In the study presented herein both 

spindle-shaped and the flatter more round cells were observed in the cultures treated with 

100 µM of DMOG. There were no differences in morphology observed between ASCs 
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cultured in normoxia or treated with DMOG throughout the two passages. Death of a whole 

culture treated with DMOG did not occur, although donor-specific differences were observed.   

 

Multi-colour flow-cytometric analysis of immunophenotype of adipose-

derived stromal cells grown under conditions of artificial hypoxia 

The immunophenotype of ASCs is characterized by the expression of CD73 (also known as 

ecto-5'-nucleotidase), CD90 (a membrane glycoprotein, also called Thy-1), and CD105 

(Endoglin; a proliferation-associated protein) as well as the lack of expression of CD34 

(hematopoietic progenitor marker) and CD45 (hematopoietic marker). The criteria required 

for MSCs and ASCs regarding immunophenotype is ≥95% of the cells must express CD73, 

CD90, and CD105 and ≤2% of the total population may be positive for CD34 and CD45. 

 

Positive staining in normoxic conditions was established by comparison to unstained 

samples. This staining was then compared to the positive staining in artificial hypoxic 

conditions. Overlay plots for all the selected surface markers were generated. The 

percentage of cells staining positive for CD73, CD90, and CD105 surface markers was >95% 

as recommended. ASCs cultured in artificial hypoxia also lacked the expression of CD34 and 

CD45. Thus it appears that artificial hypoxia does not have an effect on the 

immunophenotype of ASCs. Figure 5.7 reveals a decrease in the number of cells expressing 

CD34 and CD45 with DMOG treatment. It is not significant in this study but previous 

research suggests that hypoxic conditions decreased the number of cells that expressed 

hematopoietic markers (46). According to Holzwarth and colleagues, 1% O2 did not alter the 

phenotype of MSCs compared to 20% O2 following 14 days of culture (22). Thus the 

consensus appears to be that artificial hypoxic conditions do not alter the classical 

CD73+CD90+CD105+CD34-CD45- ASC phenotype, but may reduce hematopoietic marker 

expression.  

 

In vivo models have shown that MSCs’ beneficial effects tend to be immunomodulatory and 

through paracrine and autocrine signaling. Transplanting MSCs into ischemic tissues, tissues 

with a lack in blood supply and thus a deficiency in oxygen, is said to enhance their tissue 

repair potential due to increased viability as well as to modulate their signaling (47). Interest 

has peaked in hypoxic research due to the finding that exposure to hypoxia, and even 

hypoxia mimetics, upregulates the expression of receptors for stromal-derived factor-1 (SDF-
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1), such as CXCR4 and CXCR7 (48, 49). These receptors are said to be involved in enhancing 

MSC migration, adhesion and survival. Ischemia is proposed to be one of the areas to greatly 

benefit from MSC tissue regenerative capacities and wound healing. Hypoxia and the SDF-1 

receptors could be an area of further research in our group. 

 

Fibroblastoid colony-forming unit assay 

Terminally differentiated cells are replaced following cell death through the proliferation of 

progenitor or stem cells. The CFU-F assay is used to define the number of progenitor cells. 

Adult stromal cells are characterized by a number of properties one of which is the ability to 

form colonies from single cells (35, 50). The plastic-adherent ASCs were plated in triplicate 

at 100 cells per dish. At 13 days, the tissue culture dishes were washed with PBS and stained 

with Toluidine Blue O for colony enumeration. Bourin and colleagues consider a group of 

>50 cells to be a colony. The frequency of ASCs able to form colonies should be greater than 

5%. Both normoxic untreated ASCs and DMOG-treated ASCs demonstrated a frequency to 

form colonies greater than 5%. 

 

Heterogeneous morphology is known to occur commonly in ASC populations. Mets and 

Verdonk used cloning experiments and microscopy to distinguish between two different cell 

types, spindle-shaped cells and what they call epithelial-like cells, which are more squamous 

in shape (51). Colter, Sekiya and Prockop noted the two cell types: spindle-shaped cells and 

large flat cells. They also identified a third morphologically distict cell in early colonies that 

were very small and round. These cells would undergo rapid self-renewal (44). The following 

year Sekiya and colleagues classified the spindle-shaped MSCs into three categories: thin 

spindle-shaped cells; wider, spindle-shaped cells; and still wider, spindle-shaped cells (52). 

ASCs plated at a standard seeding density of 5 x 103 cells/cm2 and treated with 100 µM 

DMOG for donor culture A220313 at P4F1 displayed both the spindle-shaped cells as well as 

the more squamous cells seen in normoxic conditions. Seeding the same donor culture ASCs 

(A220313 but at P3F1) at an average cell density of 1.72 cells/cm2 (100 cells) and treating 

the cells with 100 µM DMOG for 13 days, appeared to give rise to colonies consisting of a 

small number of cells that were for the majority small, more squamous-shaped and sparsely 

distributed. Previously published results suggest that these small cells have favoured 

clonogenic ability (53). The discrepancy in cell number within a colony between our results 

and the literature could be due to the difference between the use of hypoxia and artificial 
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hypoxia. Tamama et al. discovered that the hypoxia-mediated increase of MSC colony 

formation was not dependent HIF-1α, HIF-2α, and HIF-1β (54). Treatment with DMOG in 

normoxic conditions stabilizes HIF, therefore, perhaps clonogenicity is in response to HIF-

independent mechanisms. Stem cells are said to reside in low oxygen niches (16), and this 

may protect them from some degree of oxidative damage during aerobic metabolism. Ezachi 

et al. found that 3 - 5% O2 maintained pluripotency with no effect on proliferation, while 

reducing the O2 tension to 1% maintained pluripotency, but significantly reduced 

proliferation. In the context of the niche, the conservation of stemness and low telomere 

shortening of the stem cells would be ideal for maintenance of the tissue (55). 

 

Effect of artificial hypoxia on adipogenic differentiation of adipose-derived 

stromal cells 

Oxygen is a crucial regulator during embryonic development; thus, it is likely that it is an 

important regulator in other aspects of development, such as differentiation of stromal cells. 

An interesting fact is that around 1%, possibly 1.5%, of the human genome is regulated by 

hypoxia (56). Cultures grown under standard conditions (21% O2) are exposed to 

significantly higher concentrations of O2 than physiological concentrations. Interest in 

hypoxia and stem cells arose when evidence suggested that hypoxia maintained embryonic 

stem cells in an undifferentiated state but normoxic conditions caused the cells to 

spontaneously differentiate (55). Research has shown that hematopoietic stem cells (HSCs) 

remain in a quiescent state under hypoxic conditions (57). It has been suggested that 

physiologically low oxygen concentrations favour stemness over differentiation of stromal 

cells (23). 

 

Adipogenic differentiation is one of three main differentiation pathways used to characterize 

ASCs. The presence of low O2 concentrations in vivo, within adipose tissue, motivated our 

investigation into the adipogenic differentiation capacity of ASCs under artificial hypoxic and 

normoxic conditions. In order to initiate differentiation, ASCs were treated with standard 

adipogenic medium. The accumulation of intracellular lipid was detected by Nile red staining 

and flow cytometry. All of the cultures induced to undergo adipogenic differentiation in 

normoxic conditions were able to differentiate down the adipose lineage over a period of 

both 14 and 21 days. Following adipogenic induction in normoxia, the morphology of the 

ASCs undertook the typical changes observed normally with adipogenic differentiation. The 
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spindle-shaped cells became more oval and acquired small lipid droplets, which grew in both 

size and number over the differentiation period. Adipogenic differentiation was comparatively 

carried out under artificial hypoxic conditions. These cells from the same cultures, visually, 

had a limited ability to differentiate. The majority of the DMOG-treated adipogenic 

differentiated cells did not contain lipid droplets; however the cells in Figure 5.10 contained a 

few unidentified vacuoles. The cytoplasm was very complex compared to the adipogenic-

differentiated cells cultured in normoxia. 

 

Low oxygen concentrations are an important aspect of the proposed MSC niche. D’Ippolito 

and colleagues cultured MSCs in low oxygen concentrations (3% O2) as well as ambient O2 

concentration (21%). They demonstrated that this low concentration of O2 inhibited 

osteoblastic differentiation and embryonic stem cell markers were upregulated and 

maintained throughout the culture period. They propose that MSCs self-renew while situated 

in areas of low O2 concentration in the bone marrow, but tend to differentiate toward 

osteoblasts when they are located closer to blood vessels and thus exposed to higher O2 

concentrations (23). Cicione et al. demonstrated that hypoxia (1% O2) resulted in complete 

inhibition of adipogenic differentiation of MSCs. Differentiation into the other two lineages, 

bone and cartilage, was also inhibited (58). Holzwarth and colleagues also showed that the 

ability of MSCs to differentiate into adipocytes was impaired at 1% O2. At 1% O2 

osteogenesis was inhibited completely. An increase in O2 concentration to 3% restored 

osteogenesis (22). Yun and colleagues state that hypoxia (0.01% or 2%) as well as CoCl2 

and DFO inhibited the conversion of 3T3-L1 preadipocytes into adipocytes upon addition of 

adipogenic medium. This was found to be due to hypoxic-inhibition of peroxisome 

proliferator-activated receptor (PPAR)γ-2 (59). Another study found that hypoxia (1% O2) 

suppresses adipogenesis of MSCs in a HIF-1-dependent manner (27). 

 

These results suggest that low oxygen concentrations maintain stromal cells in a less 

differentiated state. However, contradictory results involving adipogenic differentiation using 

low O2 concentrations have been published. Grayson et al. found that long-term three-

dimensional (3D) cultures under hypoxic (2%) conditions increased adipogenic 

differentiation. An O2 concentration of 2% significantly increased lipid accumulation in ASCs 

compared to 20% and 5% O2 according to Kim and colleagues (26). Valorani et al. cultured 

adipogenic induced MSCs in 2% hypoxia for 3 weeks and found that adipogenic 

differentiation was inhibited, however, pre-conditioning the MSCs with 2% hypoxia for 10 
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days prior adipogenic induction resulted in an increase in adipogenesis (60). Mylotte and 

fellow researchers used 0.5% hypoxia and found that adipogenic differentiation potential 

was maintained in rat MSCs; however, Oil red O photometric quantification demonstrated 

that adipogenesis was decreased compared to normoxic controls (61). 

 

As described, there are those studies that claim hypoxia promotes adipogenic differentiation 

and others that suggest that hypoxia suppresses, but there are also studies that mention 

hypoxia has no effect on adipogenic differentiation. Tsai and colleagues reported that 

hypoxia maintained MSC tri-lineage differentiation capabilities (24). Another study 

demonstrated that hypoxia (2%) also maintained the MSCs’ differentiation abilities (62). 

Mesenchymal stromal cells were subjected to 1.5% O2 for 24 hours before adipogenic 

differentiation and following 21 days the cells maintained adipogenic differentiation (63). 

 

Regarding the adipogenesis results in this study, adipogenic differentiation took place at day 

14 and at day 21 of induction, and although it appeared that this potential was reduced 

there were no significant differences compared to normoxic induced cultures at these two 

time points. This is likely due to the number of biological replicates used. There was a 

significant decrease in the simultaneous emission of yellow-gold and deep red fluorescence 

(FL2++/FL5+), indicative of larger droplets, following Nile red staining at 14 and 21 days 

upon comparison to this sub-population in normoxic induced cells. It has been shown 

previously that the lipid droplets that form are small in size compared to the lipid droplets 

that form under normoxia (64). An observation by Fink et al. was that upon exposure to 1% 

O2 during adipogenic differentiation, the formation of the adipocyte phenotype with lipid 

droplets occurred. An interesting finding was that despite lipid accumulation, there was a 

lack in adipocyte-specific transcription patterns (64). It will be worth exploring whether the 

ASCs induced with adipogenic differentiation and treated with 100 µM DMOG display a 

similar transcription pattern. Ren et al. looked at the expression of octamer-binding 

transcription factor 4 (Oct4), a marker for undifferentiated cells. This factor was inhibited 

under 8% O2, but following adipocyte differentiation in normoxic culture or with hypoxia-

mimetic agents, CoCl2 and DFX, it was still expressed in MSCs. They explain that differing 

results in MSC differentiation may be due to differing effects between hypoxia and hypoxia-

mimetics on MSC differentiation (45). It appears that HIF-1 is an important mechanism for 

the inhibition of adipogenic differentiation by hypoxia (65). There are, however, mechanisms 
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for hypoxic gene regulation that do not require hydroxylation or are HIF-1 independent (66). 

There is still much to be discovered in the arena of adipose differentiation. 

 

The contradictory results can also possibly be explained by the type of culture used, such as 

3D design or monolayer, differences in culture conditions, such as medium used, glucose 

and serum supplementation, the method and period of adipogenic differentiation. The O2 

concentrations used, the time points evaluated, chronic or pre-conditioning with hypoxia, as 

well as the assortment of stromal cells used; the different tissues sources (bone marrow, 

adipose tissue, umbilical cord) and even the different species involved, could have an 

influence on the outcome. Perhaps different sub-populations within the ASC/MSC population, 

which are more primitive or have greater plasticity exist, and conditioning the cells with 

hypoxia or hypoxia-mimetics selects for these sub-populations differently. Finally, the 

detection method, such as histochemical staining, flow cytometric quantification or gene 

expression quantification, could also have an effect on the sensitivity of the results. 

 

Conclusion 

 

Oxygen is an effective signaling molecule that is gaining increasing recognition for its role in 

determining the fate of stem cells. Simon and Keith revealed that O2 is imperative in 

embryonic development and in regulating stem cell behavior (67). It appears from the 

literature that oxygen tensions of approximately 1% O2 maintain the earliest progenitor cells 

when culturing HSCs and increasing the oxygen tension to approximately 5% leads to 

hematopoiesis (57, 68). The stem cell niche is said to maintain the proliferative or 

multipotent capabilities of stem cells, and differentiation down specific lineages coincides 

with the migration of these stem cells out of the niche. Niches vary in O2 tension. The O2 

tension within the bone marrow has been extensively studied and ranges from 1 to 7%. In 

vivo measurements in adipose tissue have shown that the O2 tension tends to range 

between 2% and 8%. The confusion that exists about the role that hypoxia and the 

stabilization of HIF-1α play in adipogenic differentiation, as well as a deficit in 

experimentation with DMOG in ASC adipogenic differentiation, led to the question of what 

effect artificial hypoxia would have on the adipogenic differentiation potential of ASCs? The 

O2 tension that is equivalent to a known concentration of DMOG could not be found in 

literature. 
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Fatty acid metabolism requires mitochondrial respiration. It was proposed that hypoxia 

would limit fatty acid usage and the formation of any additional adipose tissue (67). High O2 

tension can be toxic, due to the transfer of electrons to O2 leading to excessive oxidative 

stress and damage to DNA, protein, and lipids. Thus it was suspected that hypoxia might 

decrease the accumulation of reactive oxygen species (ROS). It was considered that the 

decrease in oxygen and ROS that occurs with hypoxia may decrease/inhibit adipogenic 

differentiation. In light of these facts, the hypothesis that hypoxia would inhibit adipogenesis 

arose. Instead of low O2 concentrations, the hypoxia mimetic and HIF stabilizer, DMOG was 

used. Adipose derived-stromal cells were induced to differentiate into adipocytes under 

normoxic and artificial hypoxic conditions. The involvement of artificial hypoxia in ASC 

adipogenic differentiation is not well understood. 

 

The addition of DMOG, resulted in a clear trend towards the reduction in adipogenesis over 

the 14 and 21-day induction periods. Some of the experiments did not result in statistically 

significant differences. This is likely to change as the number of replicates is increased 

beyond two. Thus, it was tentatively concluded for the present study that the treatment of 

adipogenic differentiating cells with 100 µM of DMOG had no effect compared to standard 

adipogenic differentiation. A role for HIF-independent regulation of adipogenic differentiation 

is also plausible. There are several limitations to the present study. Firstly, this study only 

analyzed the effects of the hypoxia mimetic, DMOG, on ASCs. The effects of low O2 

concentration (physiological hypoxia) were not assessed. The O2 concentration equivalent to 

100 µM of DMOG is unknown. Lastly, more biological replicates are required. Future research 

needs to assess the effect of DMOG on HIF-1α stabilization using Western blotting. 

Complimentary studies on gene expression both for HIF-regulated genes and genes 

implicated in adipogenesis will need to be carried out in future studies. The conflicting results 

in the literature regarding the regulation of adipogenesis by hypoxia underscores the 

importance for future research to assess the effects of both hypoxia and artificial hypoxia on 

adipogenesis at a gene and protein level.  
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Chapter 6 

 

Overview and general conclusions 

 

Oxygen and adipose tissue; from stem cell origin, signaling, to a 

source of stress 

The stem cell niche was conceptualized in 1978 (1). It defines the anatomical position and 

the cellular and acellular components in which stem cells reside. Adipose tissue is of 

mesenchymal origin and is comprised of many cell types, including mature adipocytes, 

fibroblasts, smooth muscle cells, endothelial cells, pericytes, and adipose-derived stromal 

cells (ASCs) with a small percentage (<0.1%) of true stem cells, which are found within the 

stromal vascular fraction (SVF) (2). In 1964, Rodbell treated adipose tissue with collagenase 

and found that fat cells and the SVF, upon centrifugation, could be released from adipose 

tissue fragments (3). In 2001, Zuk and colleagues identified that the stromal cells in adipose 

tissue had self-renewal capabilities and multipotent differentiation potential (4). Since then, 

ASCs have been given a great deal of attention. Adipose tissue-derived stromal cells have 

demonstrated potential for regenerative strategies. Successful cell-based therapy is the main 

goal. Ideally we want to translate the information gained through molecular and cellular-

based research to the clinic. Knowledge of the way these stromal cells respond to their 

environment in vitro and in vivo is crucial for successful therapy. Adipose-derived stromal 

cells play important roles in physiological turnover of adipose tissue as well as hyperplasia 

during obesity. 

 

Obesity and its comorbidities, including type II diabetes, have reached alarming levels both 

locally and abroad. This has led to an increase into the investigation of the biology of 

adipose tissue. The in vitro characteristics of the ASCs were investigated. The cells displayed 

adherence to plastic under standard culture conditions. The ASCs expressed the classical 

MSC CD73+CD90+CD105+CD34-CD45- phenotype proposed by Dominici et al. The ASCs 

demonstrated colony forming ability as well as the in vitro differentiation into the osteogenic, 

adipogenic, and chondrogenic lineages (2, 5). It was noted that great intra- and inter-

variability within and between donor cultures were observed. Reiterating what many 

researchers have discovered previously, this population of stromal cells is heterogeneous in
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nature. Heterogeneity arises in part from the donor tissue location (adipose tissue depot),	
the lack of standardization in isolation and expansion methods, the health and weight of the 

donor, possibly the sex of the donor, and the underlying genetics of the donor. In order to 

minimize this heterogeneity in this study, ASCs had to adhere to the criteria set by Bourin 

and colleagues, donor tissue location was kept constant and the same isolation and 

expansion techniques were used throughout. It was important to first identify that the cells 

were in fact ASCs in order to answer the objectives of the entire study. The cell populations 

described herein presented characteristics that enabled their classification as ASCs. 

 

This dissertation focused on the in vitro effect of reactive oxygen species (ROS) and artificial 

hypoxia (dimethyloxalylglycine; DMOG) on the adipogenic differentiation capability of ASCs in 

the hope of understanding how adipogenesis is influenced during inflammation or settings 

requiring stem cell therapy. The development of effective therapeutics for obesity has been 

hindered by gaps in our understanding of all the molecular mechanisms underlying 

adipogenesis. A detailed cell model of the process of adipogenesis is needed to identify key 

molecular targets for therapeutic development. Adipose-derived stromal cells have proven to 

be an effective model. Much remains to be understood about ASCs from a physiological 

perspective, but improvement in the understanding of stromal cell biology, and evaluation of 

white adipose tissue (WAT) expansion and differentiation, is underway.  

 

Obesity and diabetes are metabolic disorders that are induced by an increase in body fat, 

and are associated with oxidative and inflammatory stress. Inflammation is associated with 

the generation of ROS and the accumulation of ROS leads to oxidative stress. Investigations 

into adipocyte biology have revealed that adipogenesis is sensitive to redox changes. Recent 

evidence indicates that ROS constitute an important cellular mechanism for signal 

transduction (6). Reactive oxygen species are thought to interact with a number of pathways 

affecting the transcription machinery required for stromal cell differentiation (7). The 

interaction between mitochondria, oxidative stress and the role of antioxidants in these 

pathways, as well as the reported changes in antioxidant capacity in WAT during obesity, led 

to the aim of this study, namely to investigate the effect of oxidative stress on the 

adipogenic differentiation potential of ASCs.  

 

Initially there was no effect noted during exposure of ASCs, cultured in α-MEM and DMEM 

with pyruvate, to high H2O2 concentrations, in the cell viability experiments. This result was 
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unexpected since high concentrations should have a detrimental effect on cell viability. Only 

once pyruvate was removed from the culture medium and treated with H2O2 did the higher 

concentrations have an observable effect on cell viability. It was determined that the H2O2 

had been eliminated by the antioxidant pyruvate in the culture medium. This is an important 

observation for stromal cell culture experimentation because ASCs are usually cultured in 

media with pyruvate. It demonstrates the importance of experimental design and knowledge 

of the components of culture media. The ROS scavenging effect of pyruvate was confirmed 

with the intracellular ROS detection assay, MitoSOXTM red. The increase in intracellular ROS 

with the addition of exogenous ROS (H2O2) was also confirmed. 

 

ASCs were induced to differentiate into adipocytes using an adipogenic-inducing cocktail with 

or without the antioxidant, pyruvate. The adipogenic-induced ASCs were treated with Trolox, 

CoQ10, H2O2 or a combination of both pro-oxidant and antioxidant for 14 and 21 days. Pre-

conditioning with the pro-oxidant for 24 hours before the adipogenic induction period of 14 

and 21 days was also examined. The effects on adipogenic differentiation were quantitatively 

assessed using flow cytometry and the emission profiles of Nile Red. It was demonstrated 

that the removal of pyruvate from the adipogenic induction medium enhanced adipogenic 

differentiation compared to the standard adipogenic induction medium. The addition of 

exogenous ROS to adipogenic-induced ASCs further increased adipose differentiation. It was 

also observed that H2O2 added to non-induced ASCs grown in medium without pyruvate 

caused substantial lipid accumulation. Scavengers, such as Trolox and CoQ10, attenuated 

the increase in ROS and thus a decrease in adipogenic differentiation was seen. Pre-

conditioning with pro-oxidant could either increase or decrease adipogenic differentiation 

depending on the concentration of pro-oxidant. The results of this study indicate that higher 

levels of ROS mediate increased adipocyte differentiation, implicating a self-perpetuating 

system which may contribute to the pathogenesis of obesity and affiliated complications.  

 

The stem cell niche is said to maintain the proliferative or multipotent capabilities of stem 

cells, and differentiation down specific lineages coincides with the migration of these stem 

cells out of the niche (8). Niches vary in O2 tension. In vivo measurements in adipose tissue 

have demonstrated that the O2 tension tends to range between 2% and 8% (9, 10). The 

confusion that exists about the role that hypoxia and the stabilization of HIF-1α may play in 

adipogenic differentiation, as well as a deficit in experimentation with artificial hypoxia in 

ASC adipogenic differentiation, led to the study on the effect of artificial hypoxia on the 
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adipogenic differentiation potential of ASCs. Oxygen-dependent HIF-1α degradation was 

blocked using the prolyl hydroxylase domain (PHD) enzyme inhibitor, DMOG. This hypoxia 

mimetic was added to ASCs that were induced to differentiate into adipocytes in response to 

adipogenic induction medium. Adipogenic differentiation was once again quantified using 

flow cytometry and the emission profiles of Nile red. It was observed that treatment of 

adipogenic-induced ASCs with DMOG had no significant effect on adipogenesis. Both studies 

revealed that flow cytometry is a powerful technique that can monitor total cell lipid content 

and in real time. This technique aided in the quantitative detection of adipogenesis and the 

cell sub-populations that made up this differentiation process.  

 

Obesity appears to be associated with multiple types of stress. Obesity and type II diabetes 

have been associated with disorders of the mitochondrial electron transport chain, oxidative 

stress, lipoperoxides and impairments in antioxidant defenses (11, 12). The transcription 

factor peroxisome proliferator-activated receptor-γ (PPARγ), which is mainly expressed in 

adipose tissue, plays an important role in mitochondrial biogenesis (13). The mitochondria 

generate most of the endogenous ROS. The production of ROS is increased by leakage of 

electrons from the electron transport chain, during inhibition of oxidative phosphorylation or 

following excessive caloric intake (14). With regard to emotional stress, activating a neural 

stress-response network induces the secretion of glucocorticoids. Glucocorticoids increase 

the desire for food, induce polydipsia and increase circulating insulin (15). This promotes 

food intake and, if not controlled, obesity. It has been suggested that hypoxic stress 

underlies dysregulation in the production of adipocytokines in obesity (16). Scientific 

evidence emphasizes the importance of investigating the relationships between these 

stresses and obesity in order for clinical translation to be realized.  

 

Park and colleagues stated that whether ROS is harmful or beneficial is primarily a question 

of dosage (17). The results of this study confirm this statement. It appears that this could 

also be the case with oxygen concentrations. The study emphasizes the importance of redox 

metabolism in adipose tissue biology. Although the work in this dissertation has focused 

predominantly on the effect of H2O2 and artificial hypoxia in determining ASC adipogenic 

differentiation, it is important to establish how all the various aspects of the ASC niche may 

interact to bring about either stemness or selection for a specific differentiation pathway. 
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Future work 

 

A greater understanding of stromal cell biology is the key to the appropriate utilization of 

ASCs for cell-based therapeutic purposes. Factors influencing stromal/stem cell fate could 

include nutrients (serum, glucose) and cytokines. Any compounds which could reduce 

adipogenesis could provide an opportunity to protect overweight people from these 

metabolic diseases of lifestyle and their comorbidities. It may be cumbersome to probe large 

sample numbers of non-induced and adipogenic induced ASCs with many different 

compounds for the discovery of possible pro- or anti-adipogenic effects. A high-throughput 

screening model has been proposed for the identification of novel pharmacotherapeutic 

compounds for the treatment of obesity. This model would incorporate semi-automated 

rapid screening of large numbers of compounds using adipogenic assays and imaging. 

Computational models such as Bayesian networks or systems biology approaches could also 

be beneficial in determining effective anti- and pro-adipogenic factors. A Bayesian network 

pictorially displays the probabilistic relationships between different variables and thus could 

help identify novel interactions/relationships between variables involved in obesity. A 

systems biology approach looks at the complexity of biological systems and instead of 

focusing on the effects of compounds on individual targets, the focus is on biomolecular 

networks as a whole. 

 

Human stromal cells are a convenient model for the study of human adipogenesis 

Contrasting results in this dissertation, due to the heterogeneity of the population of ASCs, 

demonstrates the importance of using large donor sample populations. Future studies will 

incorporate both quantitative gene expression and more donor ASC cultures. Quantitative 

gene expression would confirm adipogenic differentiation versus lipogenesis. Complimentary 

studies on gene expression both for HIF-regulated genes and genes implicated in 

adipogenesis will need to be carried out in future studies. Future research needs to assess 

the effect of DMOG on HIF-1α stabilization using Western blotting. The conflicting results in 

the literature regarding the regulation of adipogenesis by hypoxia underscores the 

importance for future research to assess the effects of both hypoxia and artificial hypoxia on 

adipogenesis at a gene and protein level. Efforts to optimize the differentiation of ASCs in 

the presence of various pharmacological compounds that impact signaling systems known to 
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be important in adipocyte differentiation and deconstructing the ASCs on genetic, epigenetic 

and molecular levels can ensure their utmost applications in clinical settings. 
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Appendix C: Media formulation comparison 

Components
Molecular 

Weight
Concentration 

(mg/L)
mM Components

Molecular 
Weight

Concentration 
(mg/L)

mM Components
Molecular 

Weight
Concentration 

(mg/L)
mM

L-Alanine 89.0 25.0 0.28089887

Glycine 75.0 50.0 0.6666667 Glycine 75.0 30.0 0.4 Glycine 75.0 30.0 0.4

L-Alanyl-L-
Glutamine

217.0 406.0 1.8709677
L-Alanyl-
Glutamine

217.0 862.0 3.9723501

L-Arginine 
hydrochloride

211.0 105.0 0.49763033
L-Arginine 
hydrochloride

211.0 84.0 0.39810428
L-Arginine 
hydrochloride

211.0 84.0 0.39810428

L-Asparagine-
H2O

132.0 50.0 0.37878788

L-Aspartic acid 133.0 30.0 0.22556391

L-Cysteine 
hydrochloride-

176.0 100.0 0.5681818

L-Cystine 240.0 24.0 0.1 L-Cystine 313.0 48.0 0.15335463 L-Cystine 2HCl 313.0 63.0 0.20127796

L-Glutamic Acid 147.0 75.0 0.5102041 L-Glutamine 146.0 584.0 4.0

L-Histidine 155.0 31.0 0.2
L-Histidine 
hydrochloride-

210.0 42.0 0.2
L-Histidine 
hydrochloride-

210.0 42.0 0.2

L-Isoleucine 131.0 52.4 0.4 L-Isoleucine 131.0 105.0 0.8015267 L-Isoleucine 131.0 105.0 0.8015267

L-Leucine 131.0 52.4 0.4 L-Leucine 131.0 105.0 0.8015267 L-Leucine 131.0 105.0 0.8015267

L-Lysine 146.0 58.0 0.39726028
L-Lysine 
hydrochloride

183.0 146.0 0.7978142
L-Lysine 
hydrochloride

183.0 146.0 0.7978142

L-Methionine 149.0 15.0 0.10067114 L-Methionine 149.0 30.0 0.20134228 L-Methionine 149.0 30.0 0.20134228

L-Phenylalanine 165.0 32.0 0.19393939 L-Phenylalanine 165.0 66.0 0.4 L-Phenylalanine 165.0 66.0 0.4

L-Proline 115.0 40.0 0.3478261

L-Serine 105.0 25.0 0.23809524 L-Serine 105.0 42.0 0.4 L-Serine 105.0 42.0 0.4

L-Threonine 119.0 48.0 0.40336135 L-Threonine 119.0 95.0 0.79831934 L-Threonine 119.0 95.0 0.79831934

L-Tryptophan 204.0 10.0 0.04901961 L-Tryptophan 204.0 16.0 0.078431375 L-Tryptophan 204.0 16.0 0.078431375

L-Tyrosine 181.0 36.0 0.19889502
L-Tyrosine 
disodium salt 

261.0 104.0 0.39846742
L-Tyrosine 
disodium salt 

261.0 104.0 0.39846742

L-Valine 117.0 46.0 0.3931624 L-Valine 117.0 94.0 0.8034188 L-Valine 117.0 94.0 0.8034188

Ascorbic Acid 176.0 50.0 0.2840909

Biotin 244.0 0.1 4.0983607E-4

Choline chloride 140.0 1.0 0.007142857 Choline chloride 140.0 4.0 0.028571429 Choline chloride 140.0 4.0 0.028571429

D-Calcium 
pantothenate

477.0 1.0 0.002096436
D-Calcium 
pantothenate

477.0 4.0 0.008385744
D-Calcium 
pantothenate

477.0 4.0 0.008385744

Folic Acid 441.0 1.0 0.0022675737 Folic Acid 441.0 4.0 0.009070295 Folic Acid 441.0 4.0 0.009070295

Niacinamide 122.0 1.0 0.008196721 Niacinamide 122.0 4.0 0.032786883 Niacinamide 122.0 4.0 0.032786883

Pyridoxal 
hydrochloride

204.0 1.0 0.004901961
Pyridoxine 
hydrochloride

206.0 4.0 0.019417476
Pyridoxine 
hydrochloride

206.0 4.0 0.019417476

Riboflavin 376.0 0.1 2.6595744E-4 Riboflavin 376.0 0.4 0.0010638298 Riboflavin 376.0 0.4 0.0010638298

Thiamine 
hydrochloride

337.0 1.0 0.002967359
Thiamine 
hydrochloride

337.0 4.0 0.011869436
Thiamine 
hydrochloride

337.0 4.0 0.011869436

Vitamin B12 1355.0 1.36 0.0010036901

i-Inositol 180.0 2.0 0.011111111 i-Inositol 180.0 7.2 0.04 i-Inositol 180.0 7.2 0.04

Calcium Chloride 
(CaCl2-2H2O)

147.0 264.0 1.7959183
Calcium Chloride 
(CaCl2) (anhyd.)

111.0 200.0 1.8018018
Calcium Chloride 
(CaCl2) (anhyd.)

111.0 200.0 1.8018018

Ferric Nitrate 
(Fe(NO3)3"9H2O

404.0 0.1 2.4752476E-4
Ferric Nitrate 
(Fe(NO3)3"9H2O

404.0 0.1 2.4752476E-4

Magnesium 
Sulfate (MgSO4-

246.0 200.0 0.8130081
Magnesium 
Sulfate (MgSO4) 

120.0 97.67 0.8139166
Magnesium 
Sulfate (MgSO4) 

120.0 97.67 0.8139166

Potassium 
Chloride (KCl)

75.0 400.0 5.3333335
Potassium 
Chloride (KCl)

75.0 400.0 5.3333335
Potassium 
Chloride (KCl)

75.0 400.0 5.3333335

Sodium 
Bicarbonate 

84.0 2200.0 26.190475
Sodium 
Bicarbonate 

84.0 3700.0 44.04762
Sodium 
Bicarbonate 

84.0 3700.0 44.04762

Sodium Chloride 
(NaCl)

58.0 6800.0 117.24138
Sodium Chloride 
(NaCl)

58.0 6400.0 110.344826
Sodium Chloride 
(NaCl)

58.0 6400.0 110.344826

Sodium 
Phosphate 

156.0 158.0 1.0128205
Sodium 
Phosphate 

138.0 125.0 0.9057971
Sodium 
Phosphate 

138.0 125.0 0.9057971

D-Glucose 
(Dextrose)

180.0 1000.0 5.5555553
D-Glucose 
(Dextrose)

180.0 4500.0 25.0
D-Glucose 
(Dextrose)

180.0 4500.0 25.0

Phenol Red 376.4 10.0 0.026567481 Phenol Red 376.4 15.0 0.039851222 Phenol Red 376.4 15.0 0.039851222

Sodium Pyruvate 110.0 110.0 1.0 Sodium Pyruvate 110.0 110.0 1.0

Lipoic Acid 206.0 0.2 9.708738E-4

DMEM – pyruvateα-MEM

Vitamins Vitamins Vitamins

Amino Acids Amino Acids Amino Acids

Inorganic Salts Inorganic Salts

DMEM + pyruvate

Inorganic Salts

Other Components Other Components Other Components
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